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ellular uptake of nanoparticles is a
prerequisite for nanomedical applications such as targeted drug delivery and subcellular imaging. Nanoparticle
uptake is generally considered to be an
active process, mediated by membrane
proteins that facilitate encapsulation of
membrane-associated nanoparticles into
an intracellular vesicle with a particular
subcellular destination,1,2 although passive
uptake may occur as well.3 A point of concern is that the required contact of the
nanoparticles with the cell membrane also
carries the risk of membrane disruption and
cytotoxic eﬀects. Indeed, lactate dehydrogenase (LDH) release from cells, a biochemical assay for plasma membrane damage,
has been observed for a wide range of
nanoparticles.4 Despite an intensive research eﬀort, it remains uncertain how
physicochemical properties such as nanoparticle size, shape, and surface chemistry
relate to the extent of membrane disruption
or to nanoparticle-induced cytotoxicity in
general. Consequently there is at present no
ﬁrm scientiﬁc basis for the safety and risk
assessment of nanomaterials.5,6
Direct comparison of nanotoxicology
studies is complicated by the considerable
variation in cell lines, suspension media, and
assay conditions and also by lack of characterization of the aggregation state and
eﬀective concentration of the nanoparticles. Systematic studies include the work
by Napierska et al., who investigated the
viability of endothelial cells in the presence
of monodisperse silica nanospheres with
seven diﬀerent diameters (ranging from 14
to 335 nm): LDH and mitochondrial activity
assays demonstrated that a reduction in
diameter leads to an increase in toxicity.7
In general, a picture is emerging that smaller
nanoparticles, with a diameter of tens of
nanometers or less, are consistently more
toxic than larger analogues, with a diameter
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ABSTRACT Direct contact of nanoparticles with the plasma membrane is essential for

biomedical applications such as intracellular drug delivery and imaging, but the eﬀect of
nanoparticle association on membrane structure and function is largely unknown. Here we employ
a sensitive electrophysiological method to assess the stability of protein-free membranes in the
presence of silica nanospheres of diﬀerent size and surface chemistry. It is shown that all the silica
nanospheres permeabilize the lipid bilayers already at femtomolar concentrations, below reported
cytotoxic values. Surprisingly, it is observed that a proportion of the nanospheres is able to
translocate over the pure-lipid bilayer. Confocal ﬂuorescence imaging of ﬂuorescent nanosphere
analogues also enables estimation of the particle density at the membrane surface; a signiﬁcant
increase in bilayer permeability is already apparent when less than 1% of the bilayer area is occupied
by silica nanospheres. It can be envisaged that higher concentrations of nanoparticles lead to an
increased surface coverage and a concomitant decrease in bilayer stability, which may contribute to
the plasma membrane damage, inferred from lactate dehydrogenase release, that is regularly
observed in nanotoxicity studies with cell cultures. This biophysical approach gives quantitative
insight into nanospherebilayer interactions and suggests that nanoparticlelipid interactions
alone can compromise the barrier function of the plasma membrane.
KEYWORDS: silica nanoparticles . lipid bilayers . membranes . electrophysiology .
nanobiophysics . nanotoxicology

of hundreds of nanometers.6 For particles of
the same size, it has also been observed that
cationic particles are more toxic than net
neutral analogues or anionic analogues,
which could reﬂect an increased aﬃnity
for association with the (negatively charged)
plasma membrane.6,8
As a complementary development, various groups have sought to gain insight into
the mechanism of nanoparticle-induced cytotoxicity, speciﬁcally membrane damage,
by employing model membrane systems
(lipid bilayers). A key feature of these is that
particle aggregation and protein adsorption, which lead to an unknown eﬀective
diameter or surface chemistry, can be
avoided because there is no requirement
to disperse the particles in cell culture
medium.911 Examples of such biophysical
approaches include the surface pressure
analysis of lipid displacement from lipid
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RESULTS AND DISCUSSION
Lipid bilayers were formed using the droplet-in-oil
methodology recently developed by Takeuchi and
Bayley.18,19 Two droplets of aqueous KCl solution were
submerged into a lipid-containing oil phase (decane),
enabling the self-assembly of a lipid monolayer at the
wateroil interface of each droplet. An exceptionally
stable bilayer can be formed when the two droplets are
subsequently brought into contact. Droplet position
and dropletdroplet contact force were precisely controlled with electrodynamic (dielectrophoresis) forces
generated using a planar microelectrode structure
developed in our group.20 As depicted in Figure 1, an
Ag|AgCl electrode was inserted into each droplet to
enable bilayer capacitance measurements and electrical bilayer recordings with single ion channel sensitivity. Bilayers were made from 1,2-dioleoyl-sn-3-phosphatidylcholine (DOPC), a synthetic lipid extensively
used for membrane permeabilization studies of membrane-degrading compounds such as bacterial toxins
and antimicrobial peptides,21 or from asolectin, a
natural lipid extract that, like mammalian plasma
membranes, includes sterols that render the membrane more rigid.22 For both lipid compositions, a
stable current of typically 5 pA with a peak-to-peak
noise of ∼6 pA was measured at an applied dc voltage
of þ100 mV (Figure 2a,d,g). The low baseline current
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monolayers by functionalized polystyrene nanospheres, atomic force microscopy imaging of defects
in supported lipid bilayers exposed to various cationic
particles, spectroscopic detection of nanotube-triggered release of an encapsulated dye from pure-lipid
vesicles, and surface charge-dependent bilayer translocation of gold nanoparticles in a coarse-grained
simulation model.1215 All these studies suggest that
nanoparticles are able to perturb the structure of
protein-free membranes.
In the present study we use electrophysiology, the
most sensitive method to evaluate membrane permeability, to measure nanoparticle-induced ion ﬂow over
lipid bilayers. It is shown that monodisperse spherical
silica nanoparticles, which are under development for
intracellular drug delivery16,17 but are known to be
cytotoxic at higher concentrations,7 degrade the barrier function of sterol-free and sterol-containing bilayers. The measured increase in membrane permeability depends on nanosphere concentration, surface
chemistry, and size. Fluorescence imaging shows that
the nanospheres are enriched at the lipidwater interface and are able to translocate across the bilayer. This
sensitive biophysical approach gives quantitative insight into the aﬃnity of the nanoparticles for the
membrane. To the best of our knowledge, this is the
ﬁrst study in which the extent of nanoparticle-induced
membrane perturbation has been correlated with the
nanoparticle density at the membrane surface.

Figure 1. Microelectrode array and schematic diagram for
electrophysiology with water-in-oil droplets. Aqueous droplets that are introduced into an oil phase containing
solubilized lipids become coated with a lipid monolayer. (a)
Two lipid-coated droplets are brought into contact by
dielectrophoretic manipulation on a 16  16 mm platinum
microelectrode array as described in ref 20. (b) Where the
two droplets are in physical contact, the oil is expelled and
an extremely stable lipid bilayer is formed. After placing
Ag|AgCl electrodes into each droplet from above, the
bilayer is voltage-clamped at þ100 mV and the bilayer
current is monitored with single ion-channel sensitivity, in
the absence and presence of nanoparticles in the trans
droplet, which mimicks the extracellular environment.

conﬁrms the formation of an electrically insulating
membrane with a gigaohm resistance. The typical
capacitance of these bilayers was ∼300 pF, which,
given a speciﬁc capacitance of 0.5 μF/cm2, is equivalent
to a lipid bilayer with a surface area of 0.06 mm2.20,23 In
the absence of nanoparticles, the interdroplet bilayers
are stable for several hours, up to ∼20 h in the case of
asolectin,20 with no changes in the bilayer current.
Nanosphere-Induced Bilayer Current. For DOPC bilayers,
when one of the two microdroplets contains ∼10 000
silica nanospheres with a nominal diameter of 500 nm
and NH3þ surface functionalization, the bilayer current rapidly reaches ∼50 pA, followed by a steady
increase to ∼100 pA over approximately three minutes, and then jumps to >300 pA (Figure 2b), at which
point the bilayer disintegrates. This implies that at this
relatively low concentration (∼8 fM; 0.62 μg/mL), these
nanospheres render the DOPC bilayer increasingly
permeable to ions and destabilize it to such an extent
that the bilayer lifetime is severely reduced. At a 1000fold higher nanoparticle concentration of ∼8 pM
(620 μg/mL), the gradually increasing bilayer current
is characterized by bursts of short (25 ms duration)
current spikes, up to ∼200250 pA, and the DOPC
bilayer collapses already after ∼90 s (Figure 2c). In
contrast, for the more rigid asolectin bilayers, the
current baseline remains constant for approximately
1530 min, which is sufficiently long for routine
electrophysiology measurements. An increase in
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Figure 2. Current measurements of voltage-clamped bilayers of DOPC and asolectin in the absence and presence of
nanoparticles. (ac) DOPC bilayer exposed to 500 nm aminated silica nanospheres: (a) 0 fM, (b) 8 fM, (c) 8 pM. (df) Asolectin
bilayer exposed to 500 nm aminated silica nanospheres: (d) 0 fM, (e) 8 fM, (f) 8 pM. (gi) Asolectin bilayer in the presence of
diﬀerent nonfunctionalized silica nanospheres with the same total surface area: (g) no nanoparticles, (h) 500 nm silica
nanospheres at 8 fM concentration, and (i) 50 nm silica nanospheres at 1 pM concentration. The droplets were approximately
2 μL of 100 mM KCl solution, with nanoparticles in the trans droplet.

asolectin bilayer current, up to ∼20 pA, and current
spikes of up to ∼35 pA (0.51.0 ms duration) are
observed at the higher nanoparticle concentration
(Figure 2e,f). For both the DOPC and asolectin lipid
bilayers, the reduced lifetime and the increase in
bilayer current clearly indicate that the aminated nanospheres have a membrane-disrupting effect. It should
also be noted that currentvoltage relationships for
asolectin bilayers in the presence of silica nanospheres
are linear between 100 and þ100 mV. Such ohmic
behavior implies the presence of pores, channel-like
structures or lipid packing defects, with a diameter that
exceeds ∼2 nm.24 To rule out the possibility that the
bilayer perturbation is induced by surfactants or other
dispersion-stabilizing molecules in the nanoparticle
stock solution, we investigated the effect of the suspending medium itself, after removal of the nanoparticles (see Methods). Even though the same amount of
DE PLANQUE ET AL.

medium was present as would have been the case for a
high nanoparticle concentration of 68 pM, the steadystate DOPC bilayer current was negligible (<5 pA for
over 30 min; data not shown), demonstrating that the
bilayer current events (e.g., Figure 2b,c) are caused by
the nanoparticles themselves. As a point of reference, it
has recently been reported that 500 nm aminated silica
particles at ∼50 μg/mL concentration decrease the
viability of cell cultures;25 our experiments show that at
concentrations 100 times below this the particles
already act as potent bilayer disruptors.
The only previous electrophysiological studies, to
our knowledge, show that also CdSe quantum dots
of 315 nm diameter cause current bursts of up to
800 pA (8 nS) in DOPC-containing bilayers and channel-like current spikes of up to 30 pA (0.6 nS) in more
rigid bilayers of diphytanoyl phosphatidylcholine.26,27
Additionally, Chen et al. recently demonstrated that
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Figure 3. Current measurements of voltage-clamped bilayers of asolectin in the presence of (a) 500 nm diameter aminated
silica nanospheres, (b) 50 nm aminated nanospheres, (c) 500 nm nonfunctionalized silica nanospheres, (d) 50 nm
nonfunctionalized nanospheres. The silica nanospheres were present at a concentration of 5 million particles per microliter
(8 pM) in 10 mM KCl. The gray traces in each panel depict the bilayer current in the absence of nanoparticles.

various cationic polymer nanoparticles (∼58 nm
diameter) gradually increase the conductance of cell
membranes, with occasional discrete current steps of
up to 0.9 ( 1.2 nA, as measured by patch-clamp
electrophysiology of living cells.28 A key diﬀerence
with these polymeric nanoparticles and quantum dots
is the larger diameter and the larger variation in
diameter of the silica nanospheres investigated here.
The larger size is likely to give rise to diﬀerent particlemembrane interaction mechanisms, while the
larger range in sizes complicates the comparison of
diﬀerent particles. Figure 2h shows that 500 nm nonfunctionalized silica particles at a concentration of
5000 particles/μL (8 fM) give rise to a similar increase
in bilayer current as the 500 nm aminated nanospheres
at this concentration (Figure 2e), whereas 50 nm nonfunctionalized nanospheres at a 100-fold higher molar
concentration (note the similar total particle surface
area of ∼46 mm2/mL (Table S1 in the Supporting
Information)) cause a substantially increased bilayer
current of ∼100 pA (Figure 2i). This observation indicates that it is more meaningful to compare the
eﬀect of nanospheres of diﬀerent size at the same
molar concentration than at the same total surface
area.
Effect of Nanosphere Size and Surface Charge on Bilayer
Permeability. To investigate whether the size and/or the
surface chemistry of the silica nanospheres modulates
the interactions with the bilayer, we measured the
bilayer current in the presence of a small set of silica
nanospheres that differ in nominal diameter (50 or
DE PLANQUE ET AL.

500 nm) and surface chemistry (plain or amine-functionalized silica). The nanospheres were diluted in
10 mM KCl to reduce any salt screening effects that
could lead to particle clustering.29 Figure 3 shows the
effect of the different nanoparticles at picomolar concentration: the bilayer current for all the nanospheres is
substantially higher, often exceeding 20 pA, than for
the bilayer in the absence of nanoparticles. Except for
the 500 nm diameter nonfunctionalized silica nanospheres, all the particles also induce current spikes
(14 ms duration) and/or current steps (>20 ms duration), with a frequency of ∼110 events per second.
Interestingly, these current transitions frequently occur
with a relatively well-defined amplitude, as highlighted
in Figure 4 by applying a 50 Hz low-pass filter. Interestingly, similar “ion channel-like” modulation of the
bilayer current has also been observed for cytotoxic βamyloid oligomers,30,31 which may suggest that silica
nanospheres and nanoscale amyloid aggregates interact with lipid bilayers through a related mechanism.
As judged from the maximum intensity of the
bilayer current and the peak-to-peak baseline current
(Figure 3), the bilayer-disrupting eﬀect of the silica
nanospheres is most pronounced for the 500 nm
aminated particles, whereas the 500 nm particles with
a nonfunctionalized silica surface have the smallest
eﬀect. However, the 50 nm nonfunctionalized silica
nanospheres appear more disruptive than the aminated analogues of the same diameter. Our electrophysiology data thus imply that neither the size nor the
surface chemistry of these nanospheres dominates the
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Figure 4. Expanded view of asolectin bilayer current trace and histogram of current distribution for the following silica
nanospheres: (a) no nanoparticles, (b) 50 nm nonfunctionalized particles, (c) 500 nm nonfunctionalized particles, (d) 50 nm
aminated particles, (e) 500 nm aminated particles. The nanosphere concentration is 8.3 pM in 10 mM KCl. A 50 Hz low-pass
ﬁlter (red traces) was applied to emphasize the well-deﬁned amplitude of the current steps in the unﬁltered data (black
traces). The histograms are for current traces with a duration of 60 s (50 Hz low-pass ﬁltered data are shown in red).

interaction with the overall negatively charged asolectin bilayer. Experiments with bilayers with various
charge densities and with a larger set of nanoparticles
could give insight into the apparent interplay of size
and surface chemistry eﬀects. In other studies with
silica nanospheres in aqueous buﬀer solution rather
than cell culture medium, 50 nm aminated silica nanospheres were found to cause the formation of
∼100 nm holes in mica-supported phosphatidylcholine bilayers at nanomolar particle concentration.13
Very recently, nonfunctionalized silica nanospheres
with diameters of 37, 142, and 263 nm have been
shown to induce 50% lysis of isolated red blood cells
at concentrations respectively of 18 μg/mL (515 pM),
94 μg/mL (47 pM), and 307 μg/mL (25 pM).32 Our
investigation of asolectin bilayers, the sterol content
of which is comparable to the red blood cell membrane,22 demonstrates that 50 and 500 nm diameter
silica nanospheres already cause a signiﬁcant increase
DE PLANQUE ET AL.

in bilayer current at a concentration of 8 pM, highlighting the sensitivity of electrophysiological characterization of membrane permeability.
Localization of Nanospheres at the Membrane Surface. The
nanoparticle distribution inside the droplets can be
visualized with optical microscopy, which enables
the number of particles at the membrane surface to
be estimated. Aqueous droplets without or with fluorescently labeled nanoparticles were submerged in
decane, and the center of the droplets was imaged
by confocal fluorescence microscopy. Figure 5 shows
that fluorescent nanospheres (500 nm diameter,
aminated) cause an increase in fluorescence intensity
at the droplet perimeter, but only when asolectin lipids
were present in the oil phase, indicating that these
nanoparticles have a tendency to associate with the
lipids. From the fluorescence intensity profile we estimate that ∼5% of the nanospheres is located at the
droplet surface, giving a coverage of ∼7  104
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particles/mm2, which for a 0.06 mm2 bilayer (see
above) would imply that the bilayer currents shown
in Figures 3 and 4 are caused by ∼4  103 particles. As a
point of reference, Cho et al. reported association of
∼100 cationic gold nanoparticles (18 nm diameter)
with the membrane surface of a single cancer cell after
one hour of incubation at 27 pM nanoparticle concentration; assuming a cell diameter of 20 μm, this equates
to ∼1  105 particles/mm2.3 For the silica nanospheres,
the estimated nanoparticle density, which represents
2% coverage of the bilayer area in the case of the
500 nm particles and just 0.02% in the case of the 50 nm
nanospheres, suggests that the observed increase in
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Figure 5. Visualization of the nanosphere distribution in a
water-in-oil droplet. Confocal ﬂuorescence images of a droplet of (a) 500 nm diameter ﬂuorescently labeled aminated
silica nanospheres in pure decane, (b) 10 mM KCl solution in
decane with asolectin lipids, (c) nanospheres (58 pM in
10 mM KCl) in decane/asolectin with ﬂuorescence intensity
proﬁle from boxed area. Asolectin has some ﬂuorescent
components that have the same false color in panel c as the
ﬂuorescent nanospheres. The nanospheres are homogeneously
distributed throughout the droplet when it is immersed in
pure decane but accumulate at the dropletdecane interface
when asolectin lipids are present. Left-side panels are
ﬂuorescence images, and right-side panels are transmitted
light images. Frames are 1200  1200 μm.

bilayer current is a collective effect resulting from the
bilayer interactions of a large number of particles.
However, the single channel-like current transitions
(Figure 4) are likely to be caused by individual particles.
Calculations of the mean free path of the particles in
three dimensions (see Supporting Information) indicate that at a particle concentration of 8 pM fewer than
10 nanospheres diffuse into a 0.06 mm2 lipid bilayer
area every second (Figure S1 and Table S2). Since this is
consistent with the observed frequency of the channel-like current transitions, it seems likely that the
current spikes and steps are a result of nanoparticlebilayer collisions.
Bilayer Translocation. To assess whether lipid association of the nanospheres leads to translocation across
the interdroplet bilayer, we investigated the originally
empty cis droplet (Figure 1b) by optical microscopy.
Two 2 μL aqueous droplets were brought together, one
with and one without fluorescently labeled aminated
nanospheres of 500 nm diameter. The bilayer current
was recorded, and then the two droplets were separated, pipetted onto glass slides, and dried out. A series
of fluorescence and brightfield microscopy images was
taken, covering the entire area of the dried-out cis
droplet. It was found that a small fraction of the
particles, ∼0.010.05% of the total number of nanoparticles used in these experiments, was present in the
cis droplet and had thus translocated across the bilayer
from the trans droplet. This is a significant amount
because 0.17% is the theoretical maximum percentage
of translocated particles when it is assumed that,
during a 30 min measurement, diffusion into the
bilayer leads to immediate translocation (Table S3).
Since the protein-free membrane employed in this
study cannot facilitate active transport, the observed
nanosphere translocation was solely a result of passive
transport.1 A mechanism of passive uptake of silica
nanoparticles has recently been identified by Le Bihan
et al., who showed by cryo-TEM that 100 nm diameter
nonfunctionalized silica nanospheres become associated with the surface of DOPC vesicles, induce bilayer
invagination, and end up as bilayer-coated nanospheres inside the vesicle.33 Passive uptake of nanomaterials has also been observed for gold nanoparticles3 and may occur in parallel with active uptake
processes,1 which are readily identified by fluorescence
microscopy because of the enrichment of fluorescently
labeled particles in endosomal vesicles.
CONCLUSION
Our electrophysiology and ﬂuorescence study
shows that silica nanospheres adsorb to pure-lipid
membranes and compromise their structural integrity
already at a membrane surface coverage as low as
approximately 0.02%. To the best of our knowledge,
this is the ﬁrst time that measurements of the
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transient lipid packing defects41,42 that are manifested
in electrical recordings as an increase in the average
bilayer current at picomolar to femtomolar nanoparticle
concentrations. It can be envisaged that higher concentrations lead to an increased membrane surface coverage and more severe membrane disruption, as observed
in topography imaging of supported lipid bilayers and
hemoglobin leakage assays of isolated red blood
cells.13,32 Loss of plasma membrane integrity as assessed
by the LDH assay for cells exposed to (silica) nanoparticles4,7 may thus to some extent be a direct consequence of nanoparticle association with the membrane.
Biophysical approaches such as the droplet-based bilayer system complement traditional cell culture studies
on the molecular basis of nanotoxic eﬀects and may
facilitate high-throughput prescreening of membranedisruptive nanoparticles.

METHODS

rate of 10 kHz, typically at þ100 mV. Unless otherwise noted,
unfiltered data are presented. For nanoparticle experiments,
one droplet (trans) contained nanoparticles at the desired
concentration, while the other droplet (cis) was pure salt solution. Depicted traces, recorded between 5 and 20 min after the
droplets had been brought into contact with each other, are
representative data for at least three independent measurements. As a control experiment to test for the absence of
surfactants in the nanoparticle stock solution, 0.5 mL of the
stock solution of 500 nm aminated particles (50 mg/mL) was
centrifuged to separate the particles from the suspending
medium (deionized water). Of the clear supernatant fraction,
120 μL was added to 1 mL of a 100 mM KCl solution in a Delrin
bilayer cup with a 150 μm diameter aperture (CD13A-150,
Warner Instruments, Holliston, MA) with a decane-suspended
bilayer of DOPC, and the bilayer current was recorded for over
30 min at þ100 mV using Ag|AgCl electrodes connected to the
ID562 amplifier.
Microscopy. Confocal fluorescence images of the central
plane of a droplet were taken with a Zeiss LSM5 Exciter
microscope using a 543 nm laser for the nanoparticle-containing samples and a 488 nm laser for the asolectin/decane control
sample. Nanoparticles were used at a higher concentration,
58 pM in 10 mM KCl, to facilitate imaging. Fluorescence intensity
profiles were generated by ImageJ software.

Nanoparticles. Silica nanospheres with nominal diameters of
50 and 500 nm were obtained from G. Kisker GbR (Steinfurt,
Germany), either with a plain silica surface or with an aminefunctionalized surface. Analogues with a covalently bound dye,
with excitation and emission maxima at 569 and 585 nm,
respectively, were also from Kisker. The particles were diluted
from 25 to 50 mg/mL stock solutions (nanoparticles in surfactant-free (personal communication from manufacturer) deionized water) in 10 or 100 mM KCl. The nanospheres are insoluble
in decane.
Nanoparticle Characterization. The hydrodynamic radius of the
silica nanospheres was verified with a Zetasizer Nano ZS
dynamic light scattering system with a 633 nm laser (Malvern
Instruments, Malvern, United Kingdom). Nanosphere dispersions in 10 mM KCl were measured with a 173° backscatter
angle in polystyrene cuvettes at 25 °C. Measurements consisted
of multiple runs with a total duration of 6070 s. Data were
analyzed by cumulants analysis using Malvern software version
6.01. The polydispersity index of all the particles was below 0.1.
The hydrodynamic diameter of the two different nonfunctionalized silica nanospheres was 61 and 462 nm (nominally 50
and 500 nm), and the diameter of the two different aminated
silica nanospheres was 61 and 490 nm (nominally 50 and
500 nm).
Droplet Dielectrophoresis. A planar microelectrode array (see
Figure 1) was used to move two aqueous droplets together for
the reproducible formation of interdroplet lipid bilayers. The 16
 16 mm array consists of pairs of individually addressable, thinfilm, platinum electrodes, patterned using standard photolithographic techniques on a glass substrate. The electrodes were
coated with a 0.7 μm insulating layer of the photoresist SU8 to
prevent electrochemical reactions. A plastic reservoir was
bonded to the surface of the device to contain the lipiddecane
solution, and the electrodes were connected to an ac frequency
generator and amplifier. By applying a low-frequency electric
field between selected microelectrodes, droplets (initially positioned by pipetting) can be moved together by electrodynamic
forces, as described in ref 20.
Electrophysiology. Ag|AgCl electrodes were connected to a
high-sensitivity ID562 amplifier (Industrial Developments Bangor, Bangor, United Kingdom) and placed in each aqueous
droplet (2 μL) to enable capacitance measurements and electrical recordings of the interdroplet lipid bilayer. The cis electrode is voltage-controlled, and the trans electrode is held at
virtual ground. The bilayer current was recorded at a sampling
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membrane permeability have been correlated with the
number of membrane-associated nanoparticles. Interestingly, Granick and co-workers demonstrated that
20 nm aminated and carboxylated polystyrene nanospheres modulate the physical state of phosphatidylcholine bilayers, inducing localized gel-to-ﬂuid or ﬂuidto-gel phase transitions,34,35 implying strong interactions of negatively and positively charged nanospheres with a net uncharged membrane. In the case
of the silica nanospheres investigated in the present
study, we hypothesize that the tight lipid association
typically reported for bilayer-coated silica particles3639
causes localized phase changes in the DOPC and asolectin bilayers, analogous to the curvature-dependent
shift in the phase transition temperature of silica
nanosphere-supported phosphatidylcholine bilayers.40
These localized phase variations could give rise to
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