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7 ABSTRACT: DNA nanotechnology excels at rationally designing bottom-up
8  structures that can functionally replicate naturally occurring proteins. Here we
9 describe the design and generation of a stable DNA-based nanopore that
10  structurally mimics the amphiphilic nature of protein pores and inserts into
11 bilayers to support a steady transmembrane flow of ions. The pore carries an
12 outer hydrophobic belt comprised of small chemical alkyl groups which mask
13 the negatively charged oligonucleotide backbone. This modification overcomes
14 the otherwise inherent energetic mismatch to the hydrophobic environment of
15 the membrane. By merging the fields of nanopores and DNA nanotechnology,
16  we expect that the small membrane-spanning DNA pore will help open up the
17 design of entirely new molecular devices for a broad range of applications
18 including sensing, electric circuits, catalysis, and research into nanofluidics and

19  controlled transmembrane transport.
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21 phosphorothioate

2 D NA nanotechnology excels at rationally designing
23 bottom-q/p structures of sophisticated architecture and
24 functionality'~” that often mimic naturally occurring proteins.
25 DNA origami can reglicate the function of molecular
26 motors,® ™' antibodies,"*** and multienzyme complexes,M’15
27 but the large class of bilayer-spanning pores and ion channels is
28 conspicuously missing.

29 Membrane-spanning nanopores are widespread in nature and
30 facilitate the essential transport of water-soluble molecules
31 across bilayers.' Replicating this key property with engineered
32 or de novo pores is scientifically intriguning and additionally
33 leads to ?owerful biomedical research tools and biosensor
34 elements'’ ™’ as demonstrated by a variety of rationally
35 designed nanopores composed of protein, peptide, or
36 polymers.**~*® DNA has also been used to generate synthetic
37 nanofunnels, but these were threaded into hydrophilic solid-
38 state pores.41 Very recently, a membrane-spanning DNA
39 origami pore has been published.*”* It features aromatic
40 membrane anchors and a membrane-piercing nanobarrel with
41 native, negatively charged phosphodiester backbone groups
42 which disrupt the local lipid bilayer structure. Another strategy
43 for membrane insertion is to mimic membrane proteins that
44 feature an outer hydrophobic surface. Following this route, the
45 aim toward membrane-inserting DNA nanobarrels is to
46 overcome the unfavorable energetic interaction between the
47 hydrophobic environment of the membrane and the hydro-
48 philic, negatively charged phosphate groups in the outer pore
49 wall.

so  Here we enlist targeted chemical modification of nucleic
st acids™™* to generate a DNA nanopore that carries a charge-
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neutral and hydrophobic, externally facing belt to overcome the sz
energetic barrier toward bilayer insertion. The chemically s3
modified pores are structurally stable and support the s4
transmembrane flow of water as established with a range of ss
analytical techniques. We expect that the simple design of our s6
membrane-spanning DNA pores will help to open up the s7
design of entirely new molecular devices for a broad range of ss
applications including sensing, electric circuits, catalysis, and so
research into nanofluidics and controlled transmembrane 6o
transport. 61
Results and Discussion. The structure of the DNA ¢
nanopore is schematically illustrated in Figure 1. A hollow 63 fi
DNA barrel with an outer width of 5.5 nm and a height of 64
approximately 15 nm is formed by six duplexes that enclose a 2 ss
nm wide central channel (Figure 1A, Supporting Information 66
Figure S-1). The nanobarrel architecture thus follows the 67
principle structural layout of hexagonal arrayed DNA ¢
duplexes.***” Reflecting the pore’s rational design using scaffold 69
and staple-strands,>*° the duplexes are connected either via two 70
antiparallel cross overs in the middle of the origami or an 71
internal antiparallel crossover and two single crossovers at the 72
terminal ends (Figure 1B). The unique and defining character- 73
istic of the barrel is the 2.2 nm long outer hydrophobic ring 74
(Figure 1A, magenta) which matches the thickness of the lipid 7s
bilayer>! (Supporting Information Figure S-2). Unlike conven- 76
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Figure 1. Schematic representation of a DNA nanopore composed of six interconnected duplexes represented as cylinders. (A) On the external face,
the barrel features a membrane-spanning hydrophobic belt (magenta) where conventional phosphates of the DNA backbone are substituted by
charge-neutral phosphorothioate-ethyl groups (inset). For reasons of clarity, only one stereoisomer of the ethane-PPT group is drawn. (B) Map of
the DNA nanostructure with six duplexes (numbered) being formed by six vertical scaffold strands (blue) and eight colored staple strands which run

horizontally in conventional honeycomb fashion.
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Figure 2. Generation of ethyl-phosphorothioate DNA. (A) Reaction scheme for the modification of PPT-DNA with iodo-ethane. (B, C) HPLC
traces determine the extent of modification for a DNA strand carrying a single phosphorothioate group under reaction conditions (B) 10 equiv of
iodo-ethane, 55 °C, 1.5 h, and (C) 20 equiv of iodo-ethane, 65 °C, 1.5 h. Panel B shows the trace of the product mixture with unreacted (black) and
ethyl-modified phosphorothioate DNA (purple), while C displays the traces of starting material (black) and product mixture (purple). The elution
times of the peaks in B and C differ due to the use of two different elution gradients. The extent of modification was confirmed in two additional

independent experiments (not shown).

77 tional DNA, the hydrophobic belt features charge-masked alkyl-
78 phosphorothioates (PPT) with an ethyl moiety attached to the
79 thiol group (Figure 1A, inset), thereby annulling the typical
80 negative charge of a phosphate anion. A total of 72 PPT groups
81 (12 per each duplex) makes up the hydrophobic belt.

82 The synthesis of the DNA barrel started with the chemical
83 modification of commercially available PPT-containing DNA
84 oligonucleotides to generate charge-capped ethyl-PPT moieties
8s (for sequences see Supporting Information, Table S-1). The
86 DNA strands were subjected to a modification protocol in
87 which ethyl iodide reacts with the thiol group via nucleophilic
g8 substitution to yield the ethyl-protected PPT (Figure 2A).%
89 The chemical modification achieved a yield of 70% or 100% as
90 determined by high-performance liquic chromatography
91 (HPLC; Figure 2B and C), depending on the reaction
92 conditions (see legend to Figure 2). The more challenging
93 complete modification was also attained for DNA barrel strands
o4 with S and 18 PPT groups (Supporting Information, Figure S-

—_

4). Furthermore, the chemical change of the ethyl modification 95
was successfully confirmed by mass spectrometry (Supporting 96
Information, Figure S-5). We note that, in the subsequent 97
experiments, barrels formed from 70% or 100% modified PPT- os
DNA strands had the same biophysical characteristics except 99
that the latter were of S °C lower thermal stability as 100
determined by UV-melting profiles (Supporting Information, 101
Figure S-6). In the following, we show data of the 70% barrels. 102
The barrel was assembled by heating and cooling an 103
equimolar mixture of all component strands which includes 104
six ethyl-PPT modified scaffold strands and eight staple strands 10s
(Figure 1B; Supporting Information, Table S-1 and Figure S-3). 106
The purity and size of the assembly product were assessed by 107
size exclusion chromatography (SEC) and found to result in a 108
major chromatographic peak corresponding to a 70% yield of 109
formation (Figure 3, blue line; data for 70% modification). In 1103
agreement with a hollow DNA barrel, the peak’s apparent MW 111
of 500 kDa—obtained by comparison with molecularly 112

dx.doi.org/10.1021/nl304147f | Nano Lett. XXXX, XXX, XXX—XXX
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Figure 3. Nanobarrels are formed at high yield and specificity. Size
exclusion chromatographic analysis of assembly products from a
complete set of DNA strands (blue line), minus two scaffold strands
(green), minus four scaffold strands (black line), and the reinjected
major peak at 8.15 mL of the completed assembly (red). The assembly
mixtures contained 0.5 nmol of DNA each and were run in 1.85 M
KCl, 50 mM Tris pH 8.0 at 8 °C.

compact protein standards—is much higher than the origami’s
actual mass of 156 kDa. The formation of the rationally
designed structure was also supported by control experiments

116 where DNA mixtures missing two or four staple strands yielded

distinctly smaller complexes (Figure 3, green and black lines).

The chromatographically purified major peak of the
complete DNA barrel (Figure 3, red line) was used for the
ensuing characterization of the barrel. For example, UV melting
profiles established that the assembly process was cooperative
as inferred from the presence of a single as opposed to multiple
melting transitions (Supporting Information, Figure S-6).
Similarly, gel electrophoresis established that the PPT-barrel
is stable and migrates as a single sharp band (Supporting
Information, Figure S-7), whereas modification with ethyl-
iodide decreased the stability, but this is also observed for other
DNA nanostructures due to the destabilizing effect of the low-
ionic-strength gel electrophoresis buffer.>

The monomeric nature and the dimensions of the DNA
nanopore were confirmed by dynamic light scattering (DLS)>*
and atomic force microscopy (AFM). A single major DLS peak
in combination with the absence of additional higher-order
signals (Figure 4A, blue line) implies that only a monomeric
species but no aggregates of multiple barrels had formed. The

1 10 100
Hydrodyn. radius / nm

Figure 4. Nanobarrels are monomeric and of the expected dimensions.
(A) Dynamic light scattering traces of ethane-PPT-modified DNA
origami at pH 8.0 (blue line) and pH 5.0 (red line) featuring a single
peak at 4.4 + 0.1 nm. The average and standard deviation was derived
by averaging nine traces acquired using two independently prepared
samples. The sample concentration was 0.25 uM. (B) AFM
micrograph of individual DNA-nanobarrels adsorbed at a concen-
tration of 5 nM on mica. The images were taken from a larger AFM
micrograph (Supporting Information, Figure S-8). (C) AFM micro-
graph of arrays of tubes with end-to-end-stacked DNA barrels obtained
when adsorbing DNA barrels at a concentration of 100 nM onto mica
(see also Supporting Information, Figure S-10). The inset shows a
magnified view and a schematic drawing of end-to-end arranged DNA
nanobarrels. Scale bar, 100 nm.

peak’s radius at 44 + 0.1 nm is in good agreement to the
calculated value of 4.8 nm;>>*° the slight difference in size is
within the accuracy of DLS measurements for other DNA
nanostructures.’®>” Direct visualization via AFM (Figure 4B,C)
confirmed that nanobarrels of the expected dimensions had
formed. Isolated nanopores adsorbed on atomically flat mica
(Figure 4B; Supporting Information, Figure S-8) had a hei§ht
of 2.2 + 0.3 nm as expected for a cantilever-compressed**>>>?
hollow nanostructure. Furthermore, the apparent length
(fwhm) of 21.3 + 4.0 nm and width of 10.3 + 1.9 nm (n =
40) was, after tip deconvolution,®° in excellent agreement with
the theoretical dimensions of 15 and 5.5 nm (Supporting
Information, Figure S-9). The AFM images (Supporting
Information, Figure S-8) and particularly those obtained for
A higher DNA barrel concentration of 0.1 yM displayed
individual or arrays of elongated tubes which had a width
identical to the isolated barrels (Figure 4C; Supporting
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Information, Figure S-10). These tubes represent chains of 153

end-to-end arranged DNA barrels which are stabilized by blunt-
end stacking, as observed for other DNA origami structures.’
We stress that the weakly connected tubes only form at the
energetically stabilizing substrate interfaces. In solution, barrels
at comparable or higher concentration are monomeric as
shown above by DLS and SEC.

Using single channel current analysis, we probed whether the
DNA-nanopores can insert into lipid bilayers and support a
stable ionic current. Barrel insertion was achieved by forming a
lipid bilayer composed of diphytanoyl-phosphatidylcholine,
adding the pore solution to the surrounding electrolyte (1 M
KCl, S0 mM Tris, pH 5.0), and applying an alternating voltage.
The energetic barrier for channel insertion was also reduced by
the hydrophobic belt composed of ethyl-modified PPT groups,
as nonmodified PPT barrels did not insert, and by neutralizing
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168

with the buffer any residual, negatively charged thiol groups of 169

the phosphorothioate groups (pK, of 5.3—6)°" that had not
been modified with the ethyl group. The pH of the buffer did
not change the structure of the DNA barrel as demonstrated by
DLS (Figure 4A, red line). Channel insertion was also achieved
at neutral pH for DNA barrels with 100%-modified PPT
groups, but the data reported here are for 70% PPT barrels
acquired at pH 5.0. After membrane insertion, application of a
potential of +100 mV (the side of DNA nanopore addition was
grounded) generated a constant flow of ionic current through a
single pore (Figure SA; for two consecutive pore insertions see
Supporting Information, Figure S-11). As expected for
potential-induced current, the signal was zero at 0 mV (Figure
SB) and negative at —100 mV (Figure SC). The unitary
conductance recorded for several DNA nanopores showed a
distribution (Figure SD) with an average of 395 + 97 pS at 100
mV (n = 19, excluding the two outlying values in the 80 pA
bin) which is within the range observed for nanoscale channels.
Calculating the theoretical conductance based on the known
pore geometry16 yielded a higher value of 1320 pS, but this is
misleading as the theory’s basic assumption, that is, the
constant mobility of electrolyte ions, is no longer valid for ionic
transport in a confined space of our and other nanoscale pores
with high aspect ratios.”> As shown in Figure SD, the
conductance histogram shows some variation from the
maximum, implying slightly different pore conformations.
However, gating was rarely observed which is usually an
indicator of switching between structural states in membrane
channels. It is also noted that channels did not pop out of the
bilayer membrane under moderate voltages, while higher
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Figure S. Nanopores are structurally stable in lipid bilayer membranes and support a constant transmembrane current. (A—C) Single channel
current trace of a DNA-nanopore in 1 M KCl, 50 mM Tris, pH 5.0 at +100 mV (A), 0 mV (B), and —100 mV (C) relative to the side of the
membrane to which the DNA solution was added. The + and — signs indicate the polarity of the potential. The red arrows in the schematic drawings
illustrate the flow of K* ions through the pore. The traces were filtered at 10 kHz and sampled at 50 kHz. (D) Histogram of pore currents. (E) IV
curve of DNA nanopores. The average and standard deviation were derived from five independent recordings from the 40 pA bin from histogram

from part D. (F) Power spectrum of the trace in part A.

voltages up to 200 mV caused in several recordings either
irreversible channel closure or the expulsion of pore from the
membrane (data not shown).

The conductance properties of the DNA nanopores were
further investigated to infer information about the structural
integrity of the pore. Current recordings are a powerful tool to
uncover subtle conformational changes which would be difficult
to detect with other single-molecule methods such as AFM or
electron microscopy. We first examined the dependence of the
nanopores’ conductance on the applied potential. The current—
voltage curve exhibited a linear, ohmic behavior (Figure SE)
which strongly supports the expected pores’ symmetric
cylindrical shape.” Additional analysis of conductance as a
function of recorded signal frequency yielded a power spectrum
(Figure SD). Power spectra can uncover fast conformational
changes of subunits or domains in ion channels®**° but also
alternating ionization states of pore wall residues®® which is
however not applicable in this context due to the low pK, of the
DNA’s phosphate groups. The power spectrum (Figure SF) for
the representative DNA nanopore trace of Figure SA has a very
low noise level. The favorable behavior and the absence of a
strong 1/f noise is comparable to stable protein pores that do
not fluctuate. The conductance data support the notion that
DNA nanopores maintain their structural stability within the
lipid bilayer.

In summary, the generation of a lipid bilayer-spanning DNA
origami nanopore is highly relevant in DNA nanotechnology.
DNA nanotechnology is in the powerful position to construct a
very large variety of nanoscale architectures when compared to
the more limited options of other assembly systems composed
of peptides or proteins.”” Despite the tremendous success, up
until this report all DNA structures were designed to be soluble

in water or to bind onto solid substrate surfaces but not to
insert into hydrophobic lipid bilayers.> This has deprived the
field of the scientifically and biotechnologically important
ability to facilitate and control transmembrane transport. With
the blueprint for lipid bilayer-spanning DNA origami from this
and the recently published paper,’” DNA nanotechnology can
expand into the realm of membrane channels and pores to
replicate or transcend the function of biological templates and
overcome the limitations of other building materials such as
proteins, peptides, and organic polymers which are difficult to
assemble into a stable scaffold from scratch. We expect that the
new nanopore design will be utilized for next-level DNA
nanostructures such as artificial pores with tunable voltage-
gating or ion-selective permeation properties, and, possibly, a
DNA machine to actively transport matter across a membrane,
thereby taking advantage of existing DNA-based molecular
motors.* "' Building next-generation higher-order nanodevices
can utilize our DNA-based membrane pore which is structurally
compatible with the honeycomb design of other DNA origami,
as illustrated in Supporting Information, Figure S-12.8

The new technology for charge-neutralized DNA nanopores
combines our research interests in targeted chemical
modification of nucleic acids acids**”** and nanopore
engineering.">’°~”> Importantly, the new technology can also
be readily adopted by others. The chemical modification
procedure is simple and relies on commercially available DNA
oligonucleotides. Optional solid-phase DNA synthesis could
also be employed to achieve the generation of charge-masked
DNA backbone. As an additional advantage, DNA strands with
chemical moieties such as thiol groups are accessible and may
assist in the fabrication of, for example. biosensor elements
carrying covalently attached ligands for analyte binding.

dx.doi.org/10.1021/nl304147f | Nano Lett. XXXX, XXX, XXX—XXX
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In conclusion, our novel design of DNA nanopores
synergistically merges the highly productive areas of DNA
nanotechnology and nanopores and helps open up exciting
research avenues into nanoscale devices for sensing, catalysis,
electronics, and research on nanofluidics.

B ASSOCIATED CONTENT

© Supporting Information

Methodological details about the design of the nanopore,
alkylation of phosphorothioate-DNA, assembly, and analysis via
size exclusion chromatography, UV—vis spectroscopy, dynamic
light scattering, atomic force microscopy, gel electrophoresis,
and nanopore recordings, as well as additional results on the
chemical modification of PPT-DNA with iodo-ethane, melting
point analysis of the DNA-nanobarrel, gel electrophoretic
migration, AFM analysis, nanopore insertions, and an addi-
tional nanopore structure. This material is available free of
charge via the Internet at http://pubs.acs.org.
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