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Osteoarthritis is characterized by degradation of the articular lining in the joints and
surgical measures, such as microfracture, result in mechanically dissimilar repair tissue.
An alternative repair strategy utilizes tissue engineering to generate tissue in vitro using a combination of cells, substrates, and bio-chemical/-mechanical cues. Ultrasound
has been explored as a means of applying mechanical stimulation onto the tissue and,
more recently, acoustofluidics has exploited the potential of levitating cells within a fluid
channel to allow 3-dimensional culture in the absence of a physical scaffold. The purpose of this research is to identify the biophysical relevance of the acoustic trap on the
cells during tissue culture. A layered resonator assembly was designed to culture cell
aggregates in static fluid conditions. Pellet co-culture of human articular chondrocytes
and skeletal stem cells was accomplished to identify an optimal chondrogenic population
to use within the acoustofluidic bioreactor. The acoustic field interactions with the cells
and streaming interactions with the fluid were visualized through high-speed imaging
and quantified through particle tracking and analysed by finite element modelling. The
acoustic field was manipulated by modifying the driving frequency range (sweep) and
cycle speed through the sweep (sweep repetition rate). The long-term effects of modulating the acoustic field was determined through 21 day tissue culture with chondrocytes
and quantification of the matrix composition using histology.
The results from this thesis demonstrated more robust cartilage formation from human articular chondrocytes relative to skeletal stem cell pellets, therefore, long-term
tissue culture experiments involved chondrocytes as the cell source of interest. The
chondrocyte-acoustic interactions were quantified by mathematical modelling based on
the experimental results at day 0. The fluid shear stress on the cells was found to
oscillate and the stress amplitude varied in relation to the sweep repetition rate and
frequency sweep. Following this, long-term bioreactor culture with the chondrocytes
was performed at low and high stress conditions. The resulting histology demonstrated
more robust cartilage development when the cells are supplied with a higher oscillatory
shear and further modification of the culture environment to include parathyroid related
hormone resulted in engineered cartilage structurally and mechanically similar to native
cartilage. The conclusion from this thesis is that the acoustic field is a tunable system
with biomechanical relevance that, combined with relevant biochemical factors, allows
for the culture and development of hyaline-like cartilage and potentially other cell types.
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Chapter 1

Introduction
1.1

Background and Relevance

Articular cartilage is an avascular, alymphatic, and aneural tissue that covers the ends
of bones and enables smooth joint movement by acting as a low friction shock absorber
[1, 2]. Cartilage consists of chondrocytes, which are sparsely distributed throughout
the tissue, but nonetheless important in maintaining the extracellular matrix (ECM)
and mechanical properties of the tissue [3]. As a result of the avascular nature of the
tissue, the articular lining has a limited self-repair capacity. As such, defects within
the articular lining can lead to changes in the cartilage structure and ultimately
osteoarthritis (OA), a disease characterized by deterioration of the articular lining of
the joints. Present surgical treatment options—such as microfracture, mosaioplasty,
and variants of autologous chondrocyte implantation (ACI)—involve further damage
the articular lining to harvest cells and tissue to re-implant into the major defect
site(s). As the biological material would be harvested from less damaged, or non-load
bearing regions of the tissue lining, the repair tissue would be either less well formed or
mechanically dissimilar to the surrounding tissue. As a result, the structural stability
will be compromised, leading to degradation of the repair tissue and further damage
and thinning of the native articular lining. The limited sustainability of present
treatment options motivates the exploration of other, more robust treatment options.
For this reason, researchers have investigated the potential of generating cartilaginous
tissue in vitro for eventual implantation via the field of tissue engineering.
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Tissue engineering aims to repair, maintain, or enhance native, host tissue [4, 5].
These goals are accomplished through the in vitro culture of cells, supported by the
application of appropriate growth factors, scaffolds, and bioreactor system to generate
a tissue structure for the eventual implantation into patients. To date, several groups
have shown promising results in developing various tissue structures, such as bone
[6, 7] and cartilage [6, 8]. In the case of cartilage engineering, literature has shown that
it is possible to generate the tissue from a variety of modalities—from deposition
printers [9, 10] to micro-scale bioreactors [11] and stackable cell sheets [12, 13].
In an effort to generate robust cartilage, recent work reports tissue culture which
subject the cells to various physicochemical influences [14, 15]. Most notably,
hydrostatic, cell stretching, and other forces have been used to activate
mechanotransduction pathways and promote chondrogenesis in the cells [16, 17]. It has
been reported that dynamic stimulation (e.g. cyclic shear or dynamic compression) of
the cells results in generation of more robust cartilage, compared to stimulating cells
with static forces [16]. Dynamic and cyclic stimulation has generally been exerted
through cell stretching on flexible membranes or manipulation of the pressure within
the culture system.
In recent years, cell manipulation through acoustic fields has been discussed in the field
of bio-acoustofluidics using ultrasonic standing wave fields (USWFs). USWFs, or
acoustic traps, have been shown to have potential to alter the cellular or substrate
structure [18–21] through either surface or bulk acoustic wave (SAW and BAW,
respectively) configuration in a microfluidic system. Literature has shown a number of
trap configurations for both SAW and BAW-based traps for cell manipulation, and on
BAW-based systems for vascular and cartilage tissue development [21, 22], and
preliminary findings in engineering functional hepatocyte and neuronal aggregates
within scaffold-based and scaffold-free methodologies [23, 24].
A recent advancement in bioacoustofluidics has been the continuous perfusion-based
culture of chondrocytes within an acoustofluidic bioreactor [22]. This study discusses
the potential of acoustic forces to trap and levitate chondrocytes to from a
3-dimensional cluster, which is viable and capable of secreting relevant matrix proteins
to create a functional cartilage construct following 21 days of active culture. Another
study has also expressed how acoustic force modulation can mechanically deform cells
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[25], thus, suggesting that the acoustic standing wave field may be mechanically
relevant for a biological system.

1.2

Objectives and Aims

Given that the acoustic forces within the culture environment are mechanical forces
that may influence chondrogenesis, the primary aim of this thesis is to characterize and
understand how manipulation of the acousto-mechanical environment can affect the
cells and resulting tissue. To address this aim, the specific objectives of the study are:

1. Identification of an optimal cell source from a population of human primary
chondrocytes and STRO-1 selected skeletal stem cells, which is capable of
generating robust cartilage. This would be accomplished using pellet culture, a
well established technique for developing cartilage tissue models.
2. Design and application of an acoustofluidic bioreactor for high-throughput and
reproducible tissue engineering using the acoustic field as the only source of
biomechanical stimulation and media exchange.
3. Parametric analysis of the biomechanical forces exerted onto the cells and fluid
motion within the trap as a result of streaming. Determination of these forces
will be accomplished by particle tracking algorithms to obtain spatially-averaged
displacement vector fields, which will then be introduced into a computational
model to assess the stress and flow magnitude within the fluid layer of the trap.
4. Parametric analysis of modulating acoustic forces on the cells and histological
assessment of the resulting tissue and matrix composition.

1.3

Research Contributions

This thesis provides novel contributions in the following areas:

1. Analysis of co-culture performance of human chondrocyte and STRO-1+ skeletal
stem cells.
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2. System characterization by image analysis and computational modelling of the
acoustic environment to provide mechanical stimulation onto cells during culture.
3. Biological quantification by histology and nano-indentation of the biomechanical
role of the acoustic environment on cartilage engineering.

Additionally, the following papers are in preparation (projected publication in 2017)
from the work developed in this thesis:

1. Jonnalagadda, U. S.; Messaoudi, W.; Cook, R. B.; Oreffo, R. O.; Hill, M. & Tare,
R. S. Acoustically modulated mechanical stimulation bioreactor for the growth of
tissue-engineered cartilage Nature Communications, 2017
2. Jonnalagadda, U. S.; Oreffo, R. O.; Hill, M. & Tare, R. S. Bioacoustofluidics for
Tissue Engineering and Biological Function Lab on a Chip, 2017

The following publications have also been contributed to and the methods within to
further the current thesis work:

1. Zmijan, R.; Jonnalagadda, U. S.; Carugo, D.; Kochi, Y.; Lemm, E.; Packham,
G.; Hill, M. & Glynne-Jones, P. High throughput imaging cytometer with
acoustic focusing RSC Advances, 2015, 5, 83206-83216
2. Li, S.; Glynne-Jones, P.; Andriotis, O. G.; Ching, K. Y.; Jonnalagadda, U. S.;
Oreffo, R. O.; Hill, M. & Tare, R. S. Application of an acoustofluidic perfusion
bioreactor for cartilage tissue engineering Lab on a Chip, Royal Society of
Chemistry, 2014

1.4

Layout of Thesis

Chapter 2 summarizes the background literature of the thesis, specifically, the clinical
relevance of the research and how ultrasound is currently being implemented for
bioengineering, including mechanotransductive pathways. The results from this thesis
have been partitioned into three chapters; Chapter 3 discusses the use of stem cells and
chondrocytes to find an optimal cell population for robust cartilage generation.
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Chapter 4 details the thought process involved in designing the final acoustofluidic
bioreactor system and Chapter 5 discusses the mechanical and biological findings from
the bioreactor culture. Finally, Chapter 6 summarizes the conclusions from the results
chapters and potential future work that can be accomplished from this thesis work.

Chapter 2

Literature Review
2.1

Overview

This literature review is divided into four main sections: the first section provides an
overview of hyaline cartilage physiology and how thinning of the articular lining may
lead to osteoarthritis. In the second section, cartilage tissue engineering methods have
been summarized. The third section details physical acoustic theory and phenomena,
including their biological relevance. Additionally, this section discusses how acoustics
has been implemented for bioengineering and tissue engineering. The final section
provides a brief discussion of the cell sources presently used for cartilage engineering
and chondrogenesis.
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Articular Cartilage Physiology and Structure

The primary function of cartilage is to provide structural and mechanical support. The
tissue is generally characterized as an avascular, alymphatic, and aneural structure and
the matrix composition further classifies the tissue as elastic cartilage, fibro-cartilage,
fibro-elastic and hyaline cartilage [1, 2, 26]. Articular cartilage is a specialised type of
hyaline cartilage that functions as a low-friction surface to allow for smooth
articulation. Articular cartilage is also organized into distinct regions where the
cellular morphology and the matrix composition differ from the surface to the deep
layer (Figure 2.1). Cartilage consists of chondrocytes, which are sparsely distributed
throughout the tissue, but nonetheless important in maintaining the extracellular
matrix (ECM) and mechanical properties of the tissue [3]. The matrix of articular
cartilage comprises of a network of collagen and proteoglycans. The collagen network
consists of types II, VI, IX, X, and XI. Collagen type II comprises most of the cartilage
structure and contributes to its tensile strength. Collagen Type IX and XI regulate
fibril size, network cross-linking, and interaction with proteoglycans [3, 27]. Aggrecan
is the main proteoglycan found in articular cartilage, which consists of a protein core
with negatively charged chondroitin sulfate and keratin sulfate glycosaminoglycan
(GAG) chains branching out from the core [27]. The polar charge of the GAG chains
allows aggrecan to trap water molecules within the matrix, which can assist in
translating the compressive load from the surface to the deeper regions of the tissue.
Both the collagen network and proteoglycan concentration vary between the surface
and deep layer that affects mechanical loading and also changes how the cells react to
applied loads [27].
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Figure 2.1: (A) Histochemical staining of articular cartilage with high magnification
images of the (B) superficial layer and (C) deep layer. Scale bars are (A) 500 µm and
(B, C) 100 µm.

The superficial layer of the tissue contributes to approximately 10%–20% of the total
thickness of articular cartilage [27]. Because the articular surface interacts with other
surfaces in the joint, the collagen fibrils are oriented parallel to the surface in order to
withstand the shear and tensile loading [27]. Additionally, the cells within this zone
are flat and clustered together. They secrete lubricin, a proteoglycan which functions
in lubricating the surface [26–28]. Towards the middle layer (20%-70% of the total
thickness), the cells are more randomly distributed and spherical in structure. The
collagen network is typically randomly organized and overall serves to transition to the
deep layer, where the fibrils are oriented perpendicularly to the subchondral bone
[27, 28]. Collagen type X is also found in the deeper matrix, which is indicative of
hypertrophic cartilage. As such, cells in this layer are also larger and organized into
columns [28].
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2.3

Osteoarthritis

Given that articular cartilage is avascular in nature, the tissue’s self-repair capacity
following injury is limited. As such, defects within the articular lining can lead to
changes in the cartilage structure and ultimately osteoarthritis (OA), a disease
characterized by deterioration of the articular lining of the joints, typically in older
patients.
Due to the ageing process, chondrocytes may experience decreased anabolism and the
tissue will begin to accumulate advanced glycation end products [28]. The end result
of these cellular and tissue-level changes is increased stress and enhanced collagen
cross-linking with ageing, which alters the tissue mechanics and composition. The
altered tissue structure generates lesions along the tissue, which further cause damage
to the tissue (Figure 2.2). These lesions are categorized as microfractures and chondral
defects, the severity of which is classified using various scaling systems, such as the
Outerbridge Classification System [14]. For this system, grade 0 (Figure 2.3A) is
considered normal cartilage structure while grade I defects exhibit swelling and
softening of the articular cartilage [14]. Grades II–IV (Figure 2.3B–C) refers to
chondral defects of increasing size and depth with Grade IV (Figure 2.3D) referring to
lesions penetrating the subchondral bone [14].

Figure 2.2: Comparison of (A) normal articular cartilage and (B) osteoarthritic cartilage in femoral heads. OA cartilage is thinner to non-existent in some regions, thus
exposing the underlying subchondral bone (arrows), relative to normal cartilage.
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Figure 2.3: Outerbridge classification system chondral defects. (A) Grade 0 to indicate normal cartilage. (B) Grade II defects are classified as chondral lesions 1.5cm
in diameter. (C) Grade III defects are chondral lesions greater than 1.5cm in diameter. (D) Grade IV refers to lesions penetrating the subchondral bone (osteochondral
defects).

In the case of Grade II (Figure 2.3B), or partial thickness defects, the damage remains
within the cartilage and given the avascular nature of the tissue, self-repair is limited.
In contrast, full-thickness defects (Grade III, Figure 2.3C) penetrate the underlying
bone, thereby allowing access to vasculature and bone-marrow derived stem cells to
initiate self-repair. The resulting scar tissue is, unfortunately, mechanically inferior to
hyaline cartilage. In either case, the tissue structure is further affected and the
cartilage degrades over time. As the cartilage structure degrades, patients exhibit
stiffer articulation and joint pain. Other than age, OA can manifest through trauma to
the articular surface as a result of direct injuries to the tissue (e.g. fracture or excess
loading) or induced by surgery (iatrogenic injuries) [29].
It has been reported that specific signalling pathways and biomechanical factors
promote OA onset and propagation [29, 30]. Specifically, changes to loads and
moments along the joint surface initiate cartilage degradation and propagation of OA
in the hip, knee and foot/ankle [29]. The articular surface is categorized into the load
bearing and non-load bearing regions, the latter of which is thinner and less
mechanically resistant to contact loads. It is important, therefore, to understand how
loading changes along articular cartilage influences the bearing and non-load bearing
regions during OA propagation.
For healthy patients undergoing a walking cycle, the femur simultaneously rotates and
translates over the articular surface of the tibia and most of the loads are absorbed by
the lateral facet of the tibia. In contrast, OA patients experience increased femoral
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rotation relative to the translational motion of the condyle along the tibial plateau
[29]. This change in movement alters loading in the joint from the lateral facet to the
medial facet of the tibia. As the loading patterns along the articular surface shifts to
the non-load bearing tissue, the tissue undergoes fibrillation of the collagen network
and the force changes also alter cell signalling. The combined matrix and pathway
changes ultimately result in degradation of the cartilage and further loading changes as
OA progresses [29]. The reason for this change is typically a result of failure of the
anterior cruciate ligament (ACL), which stabilizes the knee during flexion/extension
[29]. It should be noted that both ACL injury as well as reconstruction of the ligament
can alter the kinematics within the knee as the original stability cannot be fully
restored [29]. Adduction or specifically, the resulting load distribution across the tibial
plateau during gait has been reported to be correlated with OA progression. Increased
loading along the medial side of the tibia, due to vargus deformity (bow-legged) or
malalignment, has been associated with OA progression and can serve as a marker for
disease onset [29].

2.3.1

Current Treatments

Given that the defects within damaged cartilage do not heal spontaneously, certain
surgical repair strategies, such as microfracture, involve further damaging the joint in
order to reach the underlying subchondral bone to promote self-repair[31, 32].
Unfortunately, this strategy can lead to formation of scar tissue in the defect site,
which is mechanically dissimilar from normal cartilage. Subsequently, this can further
intensify degeneration of the cartilage and create full thickness defects [2]. Repair of
articular cartilage through the use of autologous transplantation techniques, such as
mosaioplasty and autologous cell implantation, is possible; however, the implanted
cartilage is typically harvested from non-load bearing sources within the patient [31].
As a result, the implanted tissue may be mechanically compromised and, due to the
nature of autologous transplants, the possibility of donor site morbidity is introduced,
which can further exacerbate the patient’s condition [27].
Autologous cell implantation (ACI) is a well established treatment for articular
cartilage lesions [33]. The procedure involves obtaining a biopsy from non-load bearing
cartilage to harvest the chondrocytes and expand in culture. A secondary procedure is
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then undertaken to clean the defect site and a periosteal flap from the tibia is sutured
over the defect before injecting the cells into the site [31]. While this treatment does
provide pain relief to the patient [31] and the repair tissue has been shown to degrade
at a slower rate than joints treated with mosaioplasty [34], successful candidates for
ACI are typically young, athletic patients with little to no history of joint damage [33].
Additionally, the periosteal flap used to cover the cell suspension has been reported to
cause complications during surgery due in part to its osteogenic nature and because its
extraction increases surgery time and can induce donor site morbidity [35]. This has
led to the use of porcine derived collagen type I/III membranes (collagen membrane
ACI, CACI) as alternatives to the periosteum and other biodegradable scaffolds to
seed chondrocytes into prior to implantation (matrix-induced ACI, MACI). CACI
outcomes have been reported to be comparable to classical ACI, albeit with few
incidences of hypertrophy, and MACI’s lack of reliance on host tissue material and
sutures improves procedure timing [35]. Osteochondral transfer surgeries are
procedures used to treat larger, deeper defects [31]. Autologous grafts are harvested by
removing plugs of osteochondral tissue from the patient’s non-load bearing cartilage
tissue and transplanted into full-thickness defect. Allogenic grafts from cadavers has
also been used, but with varying degrees of success [31].
The limited sustainability of present treatment options incentivizes the exploration of
other, more robust treatment options. For this reason, researchers have investigated
the potential of generating cartilaginous tissue in vitro for eventual implantation via
the field of tissue engineering.

2.4

Current Approaches for Tissue Engineering

Tissue engineering aims to repair, maintain, or enhance native, host tissue [4, 5].
These goals are accomplished through the in vitro culture of cells, supported by the
application of appropriate growth factors, scaffolds, and bioreactor systems to generate
a tissue structure for the eventual implantation into patients. To date, several groups
have shown promising results in developing various tissue structures, such as bone
[6, 7] and cartilage [6, 8]. In the case of cartilage engineering, literature has shown that
it is possible to generate the tissue from a variety of modalities—from deposition
printers [9, 10] to micro-scale bioreactors [11] and stackable cell sheets [12, 13].
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Development of a repair construct can be accomplished either with or without the aid
of scaffolds. Strategies utilizing scaffolds offer a support structure for cells to adhere
and assemble tissue upon. The cells are either encapsulated into the scaffold or seeded
onto the surface and eventually penetrate throughout the structure. The scaffolds
themselves can be developed from a multitude of materials, from natural and synthetic
polymers [36, 37] to ceramics [38, 39]. Additionally, these scaffolds can be
manufactured as composite or biphasic compounds [2, 6, 40, 41] for the purposes of
developing tissue with multiple cell types. In contrast, scaffold-free modalities, require
the cells to develop their own structure and matrix during development [42]. While
this also occurs in biomaterial-based strategies, the existing material, ideally, needs to
be degraded in order to provide space for the extracellular matrix. As a result, there is
an increased possibility that the scaffold-based construct will be mechanically
compromised upon implantation, illicit an immunogenic response due to the
consequence of material choice or differ biologically to scaffold-free constructs.
Scaffold-free engineering approaches are also compromised by the lack of structural
support for the cells, low throughput/long production times, and technical challenges in
defining the tissue structure [42–46]. A general list of the currently applied scaffolding
and scaffold-free approaches are summarized in Table 2.1 and Table 2.2, respectively.

Chapter 2 Literature Review

Tissue Engineering Approaches

Description

Pros

Cons

Non-contact printing

—Robust fabrication of

—Injection volumes

technique which

complex structures.

dependent on numerous

patterns ink droplets

—Thermal printer

factors for thermal

onto a substrate to

heads are easily

systems, including

generate tissue.

modifiable for biological

nozzle size and heating

Droplets of “bio-ink”

application and

of the printer head.

are generated from the

maintain a high degree

—Cell density must be

printer head using

of cell viability.

kept low enough to

thermal,

—Bioink is generally

prevent nozzle clogging.

electromagnetic, and

water-based and cell

piezoelectric approaches

density is more easily

Laser/Light−

Utilization of lasers to

quantifiable.
—Suitable for top-down

Precision and versatility

Based

heat a surface and

and bottom-up

varies with set up and

[10, 48]

deposit cells onto a

printing.

printing concept.

patterns.
Scaffolds provide a

—Biocompatible

—Some polymers can

three-dimensional (3D)

—Collagen, hyaluronan,

induce an adverse

structure for developing

and fibrin reported to

biological response.

tissue. Proteins and

promote chondrogenesis

—Mechanical

polysaccharides

of both chondrocytes

properties are not as

naturally developed in

and stem cells.

easily tunable.

alginate.
Artificially generated

—Easily manipulative

—Limited

scaffolds consisting of

mechanical properties.

biocompatibility.

polymers containing

—PEG scaffolds

—Tend to require

varying structure and

enhance stem cell

grafting of certain

densities based on

differentiation to

peptides to promote

fabrication technique.

chondrocytes.

cell adhesion.

[9, 47, 48]

InkJet [48]

Bioprinting
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surface for 2D or 3D

N atural

organisms, such as silk,

[49–51]

Hydrogels/Scaffolds

[52]

type I collagen, and

Synthetic
[52]

Table 2.1: List of scaffolding approaches known to have been used for cartilage tissue
engineering, detailing the benefits and limitations of each strategy.
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Tissue
Engineering

Description

Pros

Cons

References

Approaches
Scaffold-Free

Promote development of

Immunogenic

Reliance on cells

[44, 45,

tissue structure and function

response

and environment

52, 53]

to better integrate with

minimized

to provide

native tissue.
Cell Sheets

Microfluidic

structure

Generation of monolayer

—Sheets can be

—Durability of

[12, 13,

sheets that can be stacked or

stacked or rolled to

sheet dependent

48, 54,

rolled in order to form the

form 3D structure.

on cell adhesion.

55]

desired tissue. These sheets

—With other

— More complex

are created by growing cells

technologies, can

sheets require

to confluency on a

generate sheets

intermediate steps

thermo-responsive polymer.

containing

to better localize

multiple cell types.

cells.

Employ lithographic

—Formation of

—Developed tissue

[47, 56–

procedures commonly used

small tissue

may not be

58]

in the electronics industry.

structures can be

suitable for

Applications range from

useful for high

implantation due

micro-contact printing to

throughput

to scale.

tissue generation in

analysis of disease

microfluidic channels.

or function.

Table 2.2: List of scaffold-free and microfluidic approaches known to have been used
for cartilage tissue engineering, detailing the benefits and limitations of each strategy.

2.4.1

Biomicrofluidics for Tissue Development

To compliment scaffold-based methodologies, bioprinting technologies, such as
laser-based and ink-jet [8, 59] provide the ability to generate 3D structures more
representative to the native tissue. Lastly, microfluidic devices have been applied to
understanding biological phenomena over the years and several groups have explored
the use of BioMEMS to generate tissues within these microfluidic devices [5, 60].
The development of precise structures is desired in tissue engineering as to better
mimic the complex architectures and vascular networks found in native tissue. Present
techniques, such as electrospinning and solvent casting, permit the assembly of
microstuctures. Unfortunately, the porosity and size within micro-scaffolds by these
techniques are process-driven and can be difficult to reproducibly control [61]. The
advent of micro-fabrication modalities, such as photolithography and micro-moulding,
allow for the development of biomimetic structures to improve and direct cell
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behaviour. A recent review discusses micro-scale assembly of structures for tissue
engineering [62], so this review will briefly summarize specific findings to create both
functional and biomimetic tissue structures.
A limiting factor in fabricating large scale tissue and organ structures is replication of
the native tissue micro-architecture, such as the lack of an integrated
micro-vasculature to provide necessary nutrients to the composing cells. To this end,
researchers have attempted to fabricate micro-capillary networks within microdevices
for clinical use. Literature has shown that it is possible to generate functional vascular
tissue by introducing human umbilical vascular endothelial cells (HUVECs) into
microchannels generated within hydrogels. The channels are generated by either
polymerizing hydrogels around sacrificial networks [63] or micromoulds [64]. These
modalities to generate functional vasculature can allow for the further study and
development of models for disease and tissue generation, but may provide limited
functionality for improving organ engineering.
To develop a more biomimetic vascular network in vitro, Chan et al. has shown that it
is possible to introduce HUVECs into channels, where they were encouraged to sprout
and generate micro-capillary networks following two weeks of culture [65]. Chan et al.
and more recent work by the group state that the developed vascular beds mimic native
vascular architecture and is capable of remodelling based on the hydrogel composition
[65, 66]. While it has been shown that this methodology can behave like native
vasculature, the group has repeatedly reported that finding an appropriate maturation
time to ensure that functional tissue for clinical purposes is still elusive [65, 66].
It should be appreciated that development of a physiologically relevant tissue structure
would require a complex strategy, combining multiple biofabrication and culture
methods. The fluid mechanics within a microfluidic system, for example, may not stay
constant as the system scales up from a micrometre scale to millimetre or higher
scales. Thus, it may not be entirely possible to develop larger tissue constructs using
only a fluidic approach. To address this issue, micro-bioreactors have been utilized in
an attempt to express specific chemical and physical phenomena (e.g. chemical
gradients and mechanical stimulation) on a smaller scale. One such methodology is the
application of ultrasound (US) and exploiting the biophysical interactions between the
cells and acoustic energy.
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Acoustic Phenomena and their Influence in Biological
Systems

Existing research has shed some insight into the biological effects of acoustic energy
interaction with cells and tissue and the application of phenomena like sonoporation
and acoustic streaming in biology [67, 68]. In addition to streaming, therapeutic
ultrasound has also been reported to affect tissue in response to alterations to the
radiation forces, and strain gradients [69]. This section will briefly discuss certain
acoustic phenomena and their effect on cells and the cellular environment.

2.5.1

Acoustic Radiation Forces

For acoustofluidics, acoustic radiation forces are generated from the pressure gradient
within the USWF and can be further defined as primary and secondary radiation
forces. Primary radiation forces interact axially with suspended particles to direct
them towards either the high pressure regions (pressure antinodes) or low pressure
regions (pressure nodes) [70]. As particlescome into focus within a pressure region,
such as the pressure node, the particles will encounter secondary radiation forces, or
Bjerknes forces, which influence interparticle interactions (either particle attraction or
repulsion) [71]. The aim of this section will be to provide a theoretical overview behind
how radiation forces interact with particles entering the standing wave field.
The theory of acoustic radiation force generation, its correlation to scattering theory,
and the full theoretical derivations are described in detail by Bruus [72]. To
summarize, for an standing acoustic wave interacting with a particle in an inviscid,
compressible fluid, the particle will scatter the incoming acoustic energy. The acoustic
energy on the particle, with a radius a at some height z, is then defined as the
interaction between the incoming and scattering wave. The following equations use
subscript p to denote the particle density/compressibility/etc and subscript f to
denote the corresponding properties of the fluid.
U

rad




f1
f2
=
cos(kz) −
sin(kz)
3
2
3

×πβf a pac

2

(2.1)
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βp
βf
2(ρ̃ − 1)
f2 =
2ρ̃ − 1
ρp
ρ̃ =
ρf
f1 = 1 −

(2.2a)
(2.2b)
(2.2c)

Where f1 refers to monopole scattering coefficient due to the presence of a particle and
f2 is the dipole coefficient related to the translational motion of the particle. The
acoustic pressure is pac , wave number k = 2 πλ , where λ is the wavelength and β is
compressibility, which is related to the speed of sound by β =

1
.
ρc2

The dipole

coefficient is determined through the density ratio between the fluid and particle.
The radiation forces applied onto a particle in an inviscid fluid is given as the gradient
of an acoustic potential energy (U rad ) at some position z.
Frad = − 5 U rad = −

∂ rad
U
∂z

(2.3)

The radiation force is then found by differentiating the acoustic energy potential:
Frad = 4πkEac a3 Φ(β, ρ) sin(2kx)
Eac =

Φ(β, ρ) =

pac 2
4ρf c2

ρp + 23 (ρp − ρf )
2ρp + ρf
βp
−
3βf

(2.4)
(2.5)

(2.6)

Eac refers to the acoustic energy density and Φ(β, ρ) is the acoustic contrast factor.
The relationship between the particle’s compressibility and density relative to that of
the fluid (Equation 2.6) will affect how the acoustic radiation forces act on the particles
and whether they will drive the particles towards a minimal potential zone (pressure
nodes) or high potential zones (pressure antinodes) [21, 73–75]. Particles directed to
either the pressure node or antinode will further encounter lateral energy variations
and inter-particle forces, namely Bjerknes forces (FB ), which increase as inter-particle
distance decreases (d, centre-to-centre) promoting clustering. The Bjerknes force on
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particles (of similar radius a) at the pressure node, where the field has a velocity of υ
have been described by Weiser et al. and Crum [71, 76] can be written as:

6

FB = −2πa ρf υ

2



(ρp − ρf )2
3ρf d4


(2.7)

In the context of cells, which are denser and less compressible than the surrounding
fluid (culture medium), they tend to travel towards the pressure nodes [75]. The cells
then aggregate within minutes [18, 77] to form sheets at the nodes and eventually
interact with sheets from other nodes [73]. The formation of these aggregates is due to
lateral acoustic energy variations at the nodes and inter-particle forces (Bjerknes
forces, FB ) pulling cells and other particles to a nucleation cluster [70, 78, 79], which
are then able to pull more cells in close proximity in order to increase the size of the
aggregate. Furthermore, these aggregates also reduce interstitial voids over time as the
cells form tighter junctions.

2.5.2

Acoustic Streaming

As the acoustic wave oscillates through a fluid, the energy from the pressure wave is
attenuated, resulting in a displacement of the fluid molecules within the wave field
space. This localized fluid displacement results in a change to the fluid flow and is a
phenomenon referred to as acoustic streaming [80]. Streaming can be classified by how
the particles move in relation to the surrounding space and boundaries, in which the
commonly discussed forms are boundary streaming and Eckart streaming. These
streaming forces occur normal to the transducer face; however, recently literature has
observed the presence of streaming forces parallel to the transducer and discussed in
more detail by Lei et. al [81].
Eckart streaming occurs as a result of acoustic energy absorption within the bulk of
the fluid, resulting in attenuation of the acoustic pressure amplitude with distance
from the transducer. This results in a fluid jet within the acoustic beam in the
direction of the wave [80, 82]. It should be noted that for Eckart streaming to be
significantly observed, the fluid chamber length must match or be greater than the
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acoustic attenuation length (e.g. 8.2 mm in water at 50 MHz) and is inversely
proportional to the square of the driving frequency [83].
Boundary streaming is generated through the dissipation of acoustic energy on the
boundary between the fluid layer and a solid layer [80]. Boundary streaming can
further be categorized as inner boundary (Schlichting) and outer boundary (Rayleigh)
streaming, discussed in more detail by Wiklund et. al [80]. Schlichting streaming refers
to acoustic energy absorption into the boundary layer at the solid-fluid interface, in the
case of ultrasound travelling through water, this is on the order of 1 µm [80]. Rayleigh
streaming is found near the boundary layer of solid surfaces in acoustic trapping
devices [67, 80] and is particularly important for half-wave systems as it places a
functional minimum limit on the size of particles which can be influenced by the
primary radiation forces. Work by Spengler et. al [84] observed the lateral motion of
particles 1–25 µm in size within a half-wave system driven at 3 MHz and generating
500 kPa for the acoustic pressure amplitude. The group’s results have showed that the
streaming forces were overcome with particles 10 µm, or larger, resulting in aggregates
[84].
Further studies showed that radiation forces dominated over streaming forces on
smaller particles through a reduction in chamber size and changing the nodal
configuration [85, 86]. Streaming forces can be exploited to induce particle mixing and
separation [87, 88], and a specific type of acoustic streaming, micro-streaming, can
result from cavitation of micro-bubbles [80, 89, 90]. To this extent, acoustic streaming
can be influential in inducing local media flow around levitating cell aggregates and
potentially promote better cell-biochemical/cell-biomechanical interactions [91]. It
should be appreciated that the fluid stress generated by acoustic streaming velocities is
generally smaller than those stresses induced by acoustic radiation or other forces, but
higher flow velocities can result in membrane rupture and cell lysis [91]. Depending on
the application of acoustic streaming forces considered, such as cell lysis for nucleic
acid extraction or cell maintenance in levitation, appropriate control is necessary
within an acoustic system to ensure the appropriate bio-effect.

2.5.3

Thermal Effects

Similarly streaming, the thermal effects of ultrasound are driven by acoustic energy
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absorption by the surrounding environment, primarily discussed in the context of
ultrasonic attenuation by tissue [92]. The temperature rise in the tissue environment is
dependent on a number of factors, including the absorption coefficient of the tissue and
the ultrasound exposure parameters and configurations [92]. To better elucidate the
effects of heating hermal effects for standing waves have been modelled in relation to
acoustic streaming [93, 94] and extensively researched experimentally for therapeutic
US [95]. In general, heat generation would occur from electromechanical losses from
the piezoelectric transducer and adhesive elements (e.g. epoxy or other coupling
materials) between the transducer and rest of the system. Thermal conduction would
then occur from the transducer across to the fluid to cells and tissue [91]. While cells
and tissue intrinsically contain protective mechanisms, such as heat shock proteins, to
tolerate higher operating temperatures, prolonged exposure to temperatures higher or
lower than 37 ◦C±1 ◦C may lead to reduced cell activity, cell cycle arrest, or death [91].
Active cooling mechanisms, such as fans and Peltier circuits can be used to reduce heat
transfer to the cells, but feedback loops and general maintenance is still necessary to
ensure a physiologically relevant temperature is maintained to ensure optimal cell
viability and activity.

2.5.4

Cavitation and Sonoporation

Cavitation describes the interaction between a gas bubble and the radiation forces
within the acoustic field, resulting in oscillation of the bubble. The primary radiation
forces result in the attraction or repulsion of microbubbles at the pressure node or
antinode. The secondary, or Bjerknes forces refer to the interaction between bubbles
[76, 96]. The radiation force interaction with the bubble will change as the bubble
displacements; for example, as the secondary force attracts two bubbles, the walls of
the bubbles move against each other, leading to a phase shift in the interaction force
and oscillation of the bubbles [96]. This oscillation influences the secondary Bjerknes
forces, where the magnitude of attraction or repulsion is dependent on the resonant
length of the bubbles in relation to the radial distance between bubbles [96].
The cavitation of bubbles in an acoustic field is classified as either stable or inertial
cavitation. Both types of cavitation have been shown to enhance drug delivery with
functional differences in application as reviewed by Lentacker et. al [97]. Stable

Chapter 2 Literature Review

25

cavitation occurs when bubbles oscillate over several acoustic cycles about their
equilibrium radius and generally at low acoustic intensities [91, 98]. Stable cavitation
has been applied to enhance micro-mixing and drug delivery to cells and reversible
permeabilizationn of membranes, such as the blood-brain barrier [99]. Additionally,
this type of cavitation can result in changes to local streaming and may further disrupt
cell aggregation proximal to the air bubble [91]. Despite this, stable cavitation would
inflict minimal change to the cells within an acoustic field.
In contrast, inertial cavitation refers to bubbles expanding and contracting as a result
of the fluctuations in the acoustic pressure at higher intensities, eventually resulting in
their collapse. Bubble oscillation as a result of inertial cavitation occurs along smaller
time scales (approximately 10 µs) than stable cavitation and the violent collapse of the
bubbles would result in localized high pressures and high velocity fluid jets [91]. This
type of cavitation is also commonly exploited with therapeutic US. Inertial cavitation
has been used to improve drug delivery into deeper tissue, enhance tissue heating and
chemical transport of larger molecules into cells via sonoporation [91, 97, 100, 101].
Inertial cavitation of bubbles and their subsequent collapse would result in a localized
jetting force. The utilization of this force near the cell membrane has been shown to
generate transient holes into the cell, termed sonoporation [80, 97, 102]. The exact
mechanism by which sonoporation occurs is still under research as it is unclear whether
this occurs through micro-streaming or inertial cavitation [80]. Nevertheless,
sonoporation has applications in material transport into cells, such as for gene therapy
and transfection [68, 97, 103, 104].
In summary, literature has expressed a number of ways, where acoustic phenomena
have been exploited to pursue a biological problem. It should be appreciated, however,
that many of the mechanical and thermal forces generated by ultrasound can be both
beneficial and detrimental to cells and tissue. As such, it is necessary to control and
regulate the acoustic environment both in terms of the force magnitude and activity
time to exploit the desired bioeffect from acoustic interactions. Given that many of the
aforementioned acoustic phenomena have been discussed in the context of microfluidic
systems and tissue, acoustic interaction with biological systems generally occurs within
the ultrasonic spectrum.
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2.6

Ultrasonic Technologies for Biomedical Applications

Ultrasound refers to sound waves with a frequency 0.02 MHz or higher [105], with a
range of 3-10 MHz used in the clinical setting for imaging and therapy [106]. In the
1950s, it was realized that US could be used to visualize tissue structure when a
detector picked up reflected wave patterns that were transmitted by organ boundaries.
By the 1960s, US was commonly used in the clinic as a non-invasive, diagnostic imaging
tool [67, 107–109]. Since then, improvements to the technology have not only provided
enhanced imaging of the material from surface topology down to the molecular level
[110, 111], but also the ability to quantify the material properties of tissues and the
state of tissue degeneration [111–114]. Another imaging modality brought on by US is
elasticity imaging, or elastography, which allows for visualization and quantification of
the material properties of soft tissue [115] via strain and shear wave imaging.
For tissue generation, US has predominantly been used in two ways:

1. Low-intensity ultrasound (LIUS) to stimulate cells.
2. Ultrasonic standing wave fields (USWFs) to generate acoustic traps for spatial
manipulation of cells and proteins.

2.7

Therapeutic Ultrasound

Therapeutic US has been widely used to repair tissue over the decades, whereas USWF
use for tissue development is emerging. Despite this, cell and tissue-level interaction
with these technologies is still ongoing. This section will discuss how acoustic forces
can interact with the physical environment as well as explaining the theory behind
therapeutic US and USWFs and their application to regenerate vasculature, bone,
cartilage and nerves. These areas have received considerable research interest and wide
methodologies to apply US both in vivo and in vitro. This section will also discuss
some of the physical theory behind US function as well as the mechanotransductive
effects US has on stimulating cell growth and differentiation. In the case of bone and
cartilage regeneration, this has been reported to occur through integrin signalling to
the focal adhesion kinase (FAK), extracellular signal-regulated kinase (ERK), and
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phosphoinositide 3-kinase (PI3K) pathways, in addition to numerous other pathways
[116]. These mechanisms will be discussed in more detail in the relevant sections, but
it should be noted that US promotes cell activity through a variety of signalling
pathways and work is still required to fully understand how US induces differentiation
of various cell types.
Therapeutic US has seen use by clinicians for its thermal and non-thermal effects to
the physical environment surrounding cells [89, 108]. The two methods of therapeutic
US application are high intensity US and LIUS. The distinguishing characteristic
between these two modalities is that LIUS refers to acoustic stimulation of tissue to
promote repair, whereas high-intensity US results in high energy absorption by tissue
to induce heating [105, 117]. Commonly, high intensity US is also focused to apply
acoustic stimulation to a small site as high intensity focused US (HIFU). This modality
has been reported to readily ”‘micro-machine”’ tissue through tearing or cutting of the
tissue using inertial cavitation, localized heating, and streaming of fluids [117]. While
LIUS has been reported to also result in temperature changes, these changes are minor
in comparison to HIFU exposure. As a result, the physical effects LIUS exposure on
tissue are predominantly non-thermal [69]. The non-thermal effects of LIUS are
discussed in detail by Padilla et al. on the tissue level down to the molecular level, but
it is speculated that LIUS generates oscillating strain tensors to apply cyclical loads
onto the cell membranes as a means of mechanostimulation [69]. To translate the
mechanical forces to cell signals, multiple mechanosensitive factors have been identified
including integrins, ion channels, and intermediate filaments [118–122].
LIUS stimulation of tissue is typically accomplished through the use of either an
unfocused transducer or array to generate a focused US beam. The acoustic energy
output from the transducer is reported as the spatially and temporally averaged
intensity (ISAT A ). It should be noted that this is an indirect measure of the ultrasonic
intensity and realistically less than the spatial and temporal averaged acoustic
intensity [123]. As mentioned before, the distinction between LIUS and HIFU is how
much acoustic energy interacts with tissue. To this end, LIUS treatments apply US in
an intensity range from 0.125 Wcm−2 to 3 Wcm−2 , while HIUS treatments apply at
least 5 Wcm−2 [124]. The effects of LIUS stimulation of tissue have been investigated
with daily exposure times ranging from 1µs–20 minutes [69, 125]. The modalities of
LIUS exposure commonly used are either pulsed bursts of LIUS (LIPUS) or continuous
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stimulation over the exposure period. This wide variation in parameters is partly the
result of cells from different tissue types reacting differently to the applied pressures,
but also to induce certain phenomena in the local environment, which will be discussed
later. Ultrasonic stimulation of tissue is complex and previous literature has shown a
variety of bio-effects based on tissue/cell interaction with acoustic waves. The lack of a
standardized set of experimental parameters (e.g. exposure duration, exposure
intensity, frequency) has led to conflicting results both in vivo and in vitro, ultimately
limits the interpretation of results [69, 126]. To this end, recent literature has stressed
the importance of reporting US exposure settings and the boundary geometry of
experimental rigs [69, 127].

2.7.1
2.7.1.1

Implementation of Therapeutic Ultrasound for Tissue Repair
Neural Tissue Regeneration and Mechanotransduction

Attempts to stimulate neural repair have been explored using low-intensity focused US
(LIFUS) or LIUS [128–130]. There is evidence that LIFUS can be used to influence
neuromodulation in the nervous tissue, thereby stimulating repair [129, 130]. The
exact mechanism by which this occurs is unclear. However, one possible theory is that
neuromodulation as a result of LIUS occurs as the sodium and calcium channels are
physically stretched as a result of mechanical forces [121, 125]. Specifically, it was
found that short pulses (as low as 0.5 msec [125, 131]) increased the amplitude and
frequency of action potentials [125] and long pulses of LIUS inhibited depolarization.
Additionally, as longer pulses can keep the gates in an activated state for a prolonged
period of time, this can inhibit the generation of more action potentials until the
membrane is brought back to its resting potential (refractory period). Tsui et al. [121]
also noted that conduction speed eventually plateaued and decreased with longer
pulsing. A side effect of longer pulses is the heat propagation, so it is possible that
depolarization of the neurons is inhibited as a result of heating and deactivation of the
ion channels, thereby preventing their function [121]. US manipulation of action
potentials has proven to be therapeutic for a variety of central nervous system
disorders, including epilepsy and Parkinson’s disease [125].
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For the peripheral nervous system, work was undertaken to investigate the effects of
LIUS to direct neural differentiation and proliferation as a potential treatment for
injury [128, 129, 132]. While the biological mechanisms behind this process are still
unknown, the authors [129] also showed that US stimulation of injured rat sciatic
nerve fibres induced axonal extension, relative to natural nervous repair by the body
within 4 weeks post-trauma. Specifically, the study illustrated that LIUS exposure
around the defect site resulted in the production of neural growth factor (NGF), which
would promote neural proliferation and further axonal regeneration. Furthermore,
histological assessment of the myelin sheaths for both the US and control groups
indicated that the US-treated samples exhibited more regenerated myelin. This is
important as myelin sheath repair facilitates axonal growth, thereby accelerating nerve
regeneration [129]. Finally, the group also noted that growth slowed down as the fibres
extended past the defect site and further away from the treatment point. Given these
observations, it could be implied that US treatment might have reduced the inhibitory
nature of the immediate repair environment, thereby allowing regeneration of the nerve
through production of NGF. It remains to be demonstrated if this effect is the result of
certain factors physically being moved by the ultrasound or if the acoustic energy
might have damaged or denatured the inflammatory proteins in the area. Park et al.
[132] had noted success in repairing damaged nerves via nerve guidance channels
supplemented with LIPUS. The group suggested the improved repair might have been
attributed to the guidance channel filtering inhibitory factors from the environment
while US promoted Schwann cell propagation, thereby assisting in nerve repair. These
findings combined with Chen et al. [129] suggest that nerve exposure to LIUS
promotes regeneration of Schwann cells in conjunction with secondary effects of
mechanical transduction in the environment.

2.7.2
2.7.2.1

Skeletal Tissue Regeneration and Mechanotransduction
Bone Remodelling

Utilization of LIUS for fracture and non-union healing has been well established
[7, 133] and forms the basis for much of the expansion of US therapy into other tissue
types [129]. The type of US stimulation for bone repair is typically LIPUS and the
majority of treatment involves an acoustic intensity of 30 mW/cm2 (ISAT A ) for 20
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minutes a day with a pulse repetition frequency of 1 kHz (200 µs of acoustic exposure,
800 µs off) [69].
LIPUS has been shown to promote expression of osteogenic genes, such as runt-related
transcription factor 2 (Runx2 ), osteopontin (Opn), and osteocalcin (Ocn) [134, 135].
The mechanism behind the application of LIPUS for fracture repair is still under
investigation and the potential to augment endochondral ossification remains the focus
of study [136, 137]. Previous work has indicated that US exposure can mechanically
stimulate chondrocytes to undergo hypertrophy and produce aggrecan and other
matrix proteins [137]. Chondrocyte hypertrophy is important in the temporal process
of endochondral ossification and Tang et al. demonstrated that LIPUS stimulation of
osteocytes promoted cyclooxygenase 2 (COX-2) expression following a 20 minute
treatment [120]. This increase in gene expression was found to be directly related to
enhanced mineralization of tissue; however, the mechanotransduction pathway leading
to COX-2 up-regulation has not been fully elucidated [116]. Other studies suggest
LIUS can enhance repair in both long [116] and flat bones [134] indicating not only
promotion of endochondral, but also intramembranous ossification. It has also been
shown that LIPUS stimulation of osteoblasts promotes activation of either the
ERK/mitogen-activated protein kinase (MAPK) or PI3K/Protein kinase B (Akt)
pathways to promote osteogenesis [69, 120, 138]. This further indicates the role of US
in promoting differentiation of cells and mineralization of the matrix, rather than
proliferation [134, 135].
One of the main reasons why the mechanisms by which LIPUS promotes bone
regeneration are still unclear is due to a lack of standardization within the field
(summarized by [69]). In particular, experimental rigs may show the application of US
in ways that may not take potential acoustic phenomena into account; such as
streaming, standing wave production, and variations in the spatial acoustic intensity
[69, 139]. Fung et al. [139] recently described the effect of near field versus far field
LIPUS stimulation of bone tissue using a 2.2 cm diameter transducer driven at 1.5
MHz. The group noted that acoustic intensity extrema were prevalent in the near field
(0–30 mm from transducer) with less destructive interference and wave complexity in
the mid and far-field (60 mm and 120 mm away from transducer) [139]. It was shown
that while the LIPUS treatment enhanced callus formation over the sham model,
far-field stimulation of the tissue expressed augmented mineralization and bone volume
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formation relative to the near-field. Additionally, it was found that mid-field
stimulation of the fracture site enhanced chondrocyte hypertrophy and endochondral
ossification, ultimately creating woven bone at a faster rate relative to the sham model
[139]. This difference has been noted to be a result of the presence of extrema at the
near-field, which may result in lower and less consistent energy densities interacting
with the cells [139, 140]. Furthermore, this report indicates the necessity of careful
analysis of the acoustic forces applied onto the tissue and potential bio-effects.
Fracture healing involves recruitment and differentiation of both osteoblasts as well as
mesenchymal stem cells (MSCs) to the repair site. It has been suggested that LIUS
promotes MSC recruitment via the Stromal cell-derived factor 1/C-X-C chemokine
receptor type 4 (SDF-1/CXCR4) signalling pathway, which mediates MSC migration
to an injury site [141]. Recently, Kusuyama et al. have shown that LIPUS stimulates
MSC and progenitor cell differentiation down the osteogenic lineage [142]. Specifically,
it was shown that LIPUS stimulation limited transcription of genes related to
adipogenesis, such as fatty acid binding protein 4 (FABP4) and peroxisome
proliferator-activated receptor gamma 2 (PPARγ2) even in the presence of induction
medium. RUNX2 and osteocalcin, genes for osteogenesis, were reported to be
enhanced by LIPUS stimulation [142]. It should be appreciated that this gene
expression change was observed in a mouse MSC cell line (ST2) and mouse
preosteoblast line (3T3-L1). To further elucidate the method by which LIPUS
stimulation enhanced osteogenesis, the group looked into the phosphorylation levels of
several proteins related to cell proliferation and differentiation (e.g. ERK 1/2 and
rho-associated, coiled-coil-containing protein kinase, or ROCK) and as well as
cell-specific markers downstream of ERK activation, such as Cot/Tpl2. It was found
that LIPUS promoted activation of ROCK1 and correlate its activation to ERK
phosphorylation and activation of Cot/Tpl2 [142].

2.7.2.2

Cartilage Development

LIUS have been used to direct cells into a chondrogenic lineage and promote
cartilaginous matrix deposition to generate cartilage in vivo and in vitro
[77, 89, 106, 109, 143–147]. Utilization of LIUS for cartilage tissue formation has
yielded conflicting results for cell proliferation and matrix development as a result of
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differing culture conditions (cell source, 2D vs 3D, etc.) [106, 146, 147]. A consistent
detail about this methodology, however, is that LIUS promotes expression of SRY (sex
determining region Y)-box 9 (Sox9), collagen type II, and other chondrogenic markers
[77, 89, 143, 145, 146], which results in the formation of tissue that is comparable, if
not marginally better, than producing cartilage via pellet culture [143, 147]. It should
also be noted that cultures supplemented with transforming growth factor beta
(TGF-β) and LIUS displayed more robust hyaline structure and stronger staining for
cartilage matrix proteins (e.g. aggrecan) [143, 146]. With regard to in vivo studies of
cartilage formation, it was reported that LIUS stimulation of cartilage explants
promoted deposition of cartilage matrix proteins, such as aggrecan and type II
collagen, but chondrocyte proliferation in 3D cultures and explants was unaffected
[109]. Further to this, a recent study in humans showed that moderately and mildly
afflicted osteoarthritic patients who have undergone LIUS treatment received minimal
change in their tissue [88]. Scaffolds seeded with mesenchymal stem cells (MSCs) that
have undergone LIUS stimulation to generate cartilage tissue have shown
comparatively better integration and quality compared to TGF-β [144] and hyaluronic
acid stimulated samples [148].

2.7.2.3

Investigation of Mechanical Role of Therapeutic Ultrasound in
Bone and Cartilage Remodelling

A variation of LIUS stimulation for in vitro study involves a transducer transmitting
acoustic waves throughout a chamber [122, 145, 149], referred to as low-intensity
diffuse US (LIDUS) [150]. Functionally, this modality is similar to conventional LIUS,
but designed to have the acoustic waves radiated throughout the sample chamber.
This diffusive stimulation pattern has been shown to alter the morphology on
chondrocytes in 2D monolayer as well as 3D culture to better assume a mesenchymal
structure [122, 147, 149, 151]. In both cases, it was found that the mechanical effects of
the US pulses affected the cell morphology and assisted in the chondrocytes better
assuming a mesenchymal morphology onto the substrate. Due to the random
stimulation pattern of the acoustic waves, however, it cannot be definitely stated
whether this change in morphology was the result of the diffuse interference pattern or
US exposure as a whole. Recent literature has shown that LIUS stimulates
chondrocytes to proliferate and differentiate through the ERK/MAPK and PI3K/Akt
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pathways [119, 147]. It has been reported that LIPUS stimulation of cells induces a
frequency dependent expression of early response genes, c-Myc, c-Jun, and c-Fos, with
the highest expression at 5 MHz compared to 2 MHz and 8 MHz [147]. Continuous,
rather than pulsed, application of LIUS has also been reported to express higher
phosphorylation of proteins associated with the ERK/MAPK pathway [152].
While the ERK/MAPK pathway is considered to be a general signalling pathway to
promote cell proliferation, Takeuchi et al. have reported on the possibility of LIUS
stimulating chondrocytes through the integrin/PI3K/Akt pathway [119]. This
signalling pathway plays a role in chondrocyte growth, differentiation, and matrix
remodelling. Recently, Cheng et al. [118] further investigated this pathway’s role in
cartilage repair and observed that LIPUS-stimulated rabbit chondrocytes expressed
higher phosphorylation levels of FAK, PI3K and other proteins involved with the
PI3K/Akt pathway relative to their normal and osteoarthritic (OA) control groups.
Furthermore, higher levels of collagen type-II and aggrecan were observed in
LIPUS-stimulated cells, relative to the control OA chondrocytes, while matrix
metalloproteinase (i.e. MMP-1 and MMP-13) expression was reduced [118]. This
would suggest that LIPUS activation of the integrin/PI3k/Akt pathway promotes
chondrogenesis and rescue matrix degeneration in OA samples. The present work on
elucidating the mechanotransductive effect of LIUS on chondrocytes is promising and
shows that the interaction is not through a single signalling pathway, but rather the
interaction is multifaceted and the mechanical forces affect the cells through
intermediate filaments and multiple transcription pathways [116].

2.8

Bioacoustofluidics

Acoustic manipulation of cells is advantageous due to its biocompatibility and
label-free nature [153]. For example, acoustofluidics utilize acoustic pressure waves in a
fluidic system to manipulate cells. This has been used in microfluidics as surface
acoustic wave fields (SAWs) [154–157] or bulk acoustic wave fields (BAWs) [158–161].
While cell patterning onto substrates is possible with acoustofluidics, either through
the use of single or multiple planar transducers organized in an array [162–164],
SAW-based patterning has also been shown to generate a variety of patterns (1D and
2D) in both flowing and stagnant fluids [155, 157]. Literature has further expressed
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integration of acoustic elements into other modalities, such as 3D printers [165] and
force spectrometers [166] to improve the overall performance of the system to generate
the desired output, while maintaining a level of simplicity in the design.

2.8.1
2.8.1.1

Ultrasonic Standing Wave Fields
Surface Acoustic Waves

The application of surface acoustic waves (SAWs) for acoustofluidics is recent, relative
to bulk acoustic waves (BAWs) [155], however, the methodology allows for greater
precision and versatility when utilizing higher excitation frequencies to generate a trap
(10–1,000 MHz) [167]. Additionally, SAWs do not rely on chambers consisting of
acoustically resonant materials—allowing the use of common microfluidic materials,
such as poly(dimethylsiloxane) (PDMS), which is acoustically dampened—and
potentially easier integration on-chip to existing fluidic components [155]. Typically, a
SAW device consists of at least one interdigitated transducer (IDT). IDTs comprise of
interweaving metallic strips extending from electrode rails directly deposited onto a
piezoelectric surface. As a signal is driven to the transducer, an electrical field is
established, which is translated to the surface to propagate mechanical stress.
A variety of methods exist to generate SAWs and theory for which is covered
extensively by Gedge and Hill [168], with Yeo and Friend recently covering their
biological use [167]. This review will therefore summarize surface acoustic wave field
generation and their biological application in the context of bioacoustofluidics. A
single IDT generates a travelling wave, commonly a Rayleigh wave for microfluidic
applications [155]. The characteristics of the generated wave can be altered by
manipulating the physical properties of the IDT, specifically through modulation of
the number of metallic strips, their interstitial spacing, or overlapping length [155].
Alterations to the IDT’s physical dimensions or structure can result in the formation
of waves varying spatially (e.g. focused IDTs) or by operating frequency, in the case of
chirped or slanted finger IDTs. Additionally, the pairing of identical IDTs allows the
formation of standing waves. This pairing allows for the formation of one and two
dimensional wave fields, permitting the study of more complex biological solutions and
patterning.
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SAW-based Acoustic Separation and Patterning

The manipulation of cells with SAW devices is still in the initial phases, but allows for
fine patterning of individual cells and sets of cells to facilitate understanding of
localized interactions in 3D space [169]. In addition to patterning, cell enrichment using
SAW-based devices has garnered interest. It has been reported that standing SAWs
can be used to focus particles in flow and Chen et al. recently furthered this concept to
better concentration cell samples during continuous flow [170]. The group designed a
chip with two parallel IDTs positioned perpendicular to the microchannel, thereby
generating a one-dimensional wave field also perpendicular to the flow. Activation of
the trap allowed enrichment and saturation of the nodes within 10 minutes at 7
µL/min and a recovery efficiency of 93% (105 cells/mL concentration) [170].

Similarly to SAW-based enrichment methods, cell separation devices also utilize
standing wave fields generated by parallel transducers. Through this method, pressure
nodes form parallel to the flow, but limited by low separation efficiency and sensitivity
(i.e. little to no separation between particles of similar sizes). To this end, recent
literature has attempted to improve acoustic separation by altering node placement
relative to the flow. Ding et al., for example, attempted improved size separation by
positioning two parallel transducers at a 30°angle (θ) to a microchannel [153]. Sheath
flow focused the particles towards the centre of the channel and the acoustic radiation
forces direct larger particles (10 µm beads) while smaller particles (2 µm beads)
experience little movement. Fractionation within their system was optimized at a tilt
angle of θ=15 deg and an operating power of 45 dBm (25 dBm equates to 2 W/cm2 )
and further tuning of the recovery/purity fraction of cells could be tuned by adjusting
the fluid flow towards or away from the collection duct [153]. The present application
of SAW-based technologies for cell manipulation is promising and further iterations
potentially expanding biological applications.
The application of surface acoustic waves is not limited to cell capture and filtration,
but can be utilized to further cell penetration into a porous scaffold [154]. Bok et al.
reported that SAW-based streaming translated forces into the scaffold pores, causing
capillary bursting and an overall pressure drop within the scaffold. This pressure
gradient was reported to promote cell penetration into the scaffold without adversely
affecting the cell viability [154]. Additionally, Ahmed et al. reported on the
exploitation of microbubbles within a SAW device to induce a rotation on single cells
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and whole organisms (C. elegans) [171]. The relevance of this approach is that present
literature has expressed the potential of using rotational behaviour as an indicator of
cell morphology for diagnostics [172].

2.8.1.2

Bulk Acoustic Waves

There are a variety of methods to generate an acoustic field within a fluidic system, as
reviewed by Lenshof et al. [159] and in a comprehensive review by Friend and Yeo
[173]. For this review, USWFs will be discussed in the context of layered resonators
[158]. In this type of system, acoustic waves are transmitted from the transducer at its
resonance frequency where the pressure waves are transmitted through the carrier
layer (i.e. the channel wall adjacent to the transducer) and reflected off of the reflector
layer, or opposite wall. This reflected wave is in phase with the transmitted wave,
creating a standing wave field within the fluid layer. The standing wave field generates
a pressure gradient where acoustic radiation forces trap particles within the fluid layer.
It should also be appreciated that the number of nodes and their positions can be
configured by manipulating the thickness or material of the different layers and the
frequency of the US wave relative to the system’s acoustic resonance [158]. The
alterations to the layers can change the driving frequency and voltage applied to create
the trap, therefore, care is needed to ensure that physical changes to the system do not
greatly alter the trap configuration. Additionally, the positioning of pressure nodes can
not only be altered vertically, but also laterally through the use of transducer arrays
[163, 174]. Lateral manipulation of particles was accomplished by specifically
activating individual elements within the transducer array in order to re-localize
aggregates or to generate multiple focus points within a pressure node [174].
The most used configurations are referred to as: half wave, quarter wave, and thin
reflector [158]. Half wave devices refer to when the fluid layer thickness is equal to half
the wavelength of sound through the fluid, which results in the presence of a pressure
node within the fluid layer, away from the channel walls. Quarter wave devices bring
particles towards the reflector layer [158]. The quarter wave configuration is sensitive
to changes in the thickness of the system’s reflector layer due to balancing the total
resonance tuning throughout the device and the resonance of the fluid layer [158].
Lateral variation in the system can also vary the node’s location between the fluid
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layer and reflector, thereby leading to non-uniform localization of particles onto the
surface. A thin reflector configuration is considered to be an alternative to quarter
wave systems in that it also brings particles towards the reflector/fluid interface [158];
however, in contrast to the quarter wave configuration, the thin reflector configuration
is rather insensitive to the layer thickness. The main caveat with this configuration is
that the reflector, fluid and carrier layers are all thin compared to the wavelength (e.g.
0.1λ) [158]. These configurations can all serve different biological and non-biological
applications [78, 158, 175] and further show the versatility of acoustic traps.
It is widely accepted that USWFs can selectively manipulate cells and proteins within
the wave field [19–21, 67, 73, 158, 176]. Furthermore, when compared to other
trapping methods, such as optical and dielectrophoresis, ultrasonic trapping is a
relatively inexpensive technique [18]. Acoustic traps typically do not require any
modification of the cells or fluid medium, in contrast to dielectrophoretic traps, which
require the cells to have a different conductivity from the medium [75, 177]. USWF
traps are also capable of trapping individual to tens of thousands of cells
[18, 74, 75, 176]; which allows for more scalable development of tissue. Edwards et al.
[77] noted that while the cell aggregates are levitating in space, assuming a spheroidal
morphology, the actin fibres near the membrane orient themselves similarly to
confluent cells in 2-D monolayer cultures. This patterning feature is important as it
provides some insight into intracellular interactions in 3D aggregates, which could be
useful in creating and understanding tissues, such as epithelial linings. Additionally,
this interaction can also suggest a type of minimum structure which could be useful
when creating more complex patterns of cells [23].

2.8.2

Biophysical Investigation

Atomic force microscopy (AFM) has proven to be a valuable resource in quantifying
biophysical interactions. Unfortunately, AFM and other methodologies that permit
investigation of single molecule interactions are generally complex, limiting their
general use outside of specialized labs, and low throughput [166]. To address these
limitations, single molecule imaging techniques have focused on smaller scale,
microfluidic systems, using mechanical forces such as centrifugal forces [178] to assess
molecular interactions. More recently, Sitters et al. [166] integrated an acoustofluidic
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method to an existing flow cell to manipulate DNA-tethered microparticles to study
the intermolecular tension within DNA. Due to the planar nature of acoustic trapping
within the bulk space, the group was able to perform high-throughput imaging of
polystyrene beads as they were pushed towards the pressure node. The
time-dependent force on the particles as a result of the acoustic force and DNA strand
tension was determined using image analysis [166]. The group noted that their
acoustic force spectroscopy system allowed for a wide range of force application on the
samples and the simplified implementation into microfluidic systems, relative to other
contemporary techniques, would allow for more widespread application in
non-specialized labs [166]. In addition to nano-force investigations, Mishra et al. has
demonstrated the potential of USWFs as a means of mechanically deforming single
cells [25]. The study investigated the degree of erythrocyte compression in a range of
acoustic pressure amplitudes (i.e. 12.9 – 978kPa) and observed significant changes to
the aspect ratio of the cells with increasing acoustic output. Overall, the study
exhibited how acoustic fields can physically deform cells, potentially affecting their
differentiation potential and internal mechanisms [25].

2.8.3

Probing for Biological Function

Acoustic traps have been shown to be useful in their ability to generate small-scale
tissue models to understand cell-cell interactions and elucidating biological responses
on a more dynamic time scale. USWFs have been used to levitate neural cells to study
cell-cell and cell-environment interactions [162, 179, 180]. These studies offer valuable
insight into how cells react in such close proximity to one another and how the acoustic
waves may influence the individual cells and the cell aggregates as a whole. Bazou et
al. [180] indicated that cells influenced by the USWF still remain viable and localize
f-actin over time. Additionally, levitation of the cells using USWFs appears to have
resulted in relatively little influence on the differentiation potential of the cells. The
study reported that cell-cell junctions formed within 30 minutes of aggregation and the
cells are positive for a neuron specific adhesion molecule (NCAM) [179, 180].
Furthermore, an additional study by the group has shown that pluripotent gene
expression by embryonic stem cells is retained as the cells are levitated [74]. These
findings suggest that levitation of cells and formation of aggregates using USWFs
neither influences cell viability nor their lineage.
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Literature has shown that natural killer (NK) cells, a class of lymphocytes in the
vascular supply, are capable of recognizing aberrant cells and are important in the
body’s immune response against tumour cells. Given the complexity and response time
of the body’s immune system to incoming threats, many of the present techniques are
limited in their ability to precisely control single cell interactions. Christakou et al.
devised a multi-well transverse resonator system [181] to investigate the NK cell
interaction and response to immortalized hymphoblastoid cells [182]. Ultrasonic
levitation and aggregation of NK cells with tumour cells revealed clustering of
immune-specific ligands at the interface between the two cells. This behaviour was
maintained over the experimental time period with no cell death, further enforcing
that cell behaviour is not dramatically affected by the acoustic forces maintaining its
levitation and aggregation [182]. This system was further expanded in a more recent
study, whereby a tumour cell spheroid was generated to study the NK cell response to
a more 3-dimensional mass of cells [183]. The study performed a parametric analysis to
observe NK cell communication and destruction of tumour aggregates at different
population ratios (e.g. time to destroy tumour growths with NK cells at a population
mix of 1:10 versus 1:40) [183].
In developing cartilage, mesenchymal cells in the extending limb bud would deposit
extracellular matrix, condense into a tight structure, and eventually differentiate into
chondrocytes. During this process, multiple transcription factors, cell adhesion
proteins, and ECM components are expressed and regulated to permit normal
development and maturation of the tissue [77]. To better understand how
mesenchymal cells interact with one another in forming condensations, Bazou et al.
investigated the role of gap junctions and how the cytoskeletal structure changes in the
development of pre-cartilage [184]. The group found that the cytoskeleton, specifically,
f-actin co-localized with gap junction proteins over time and produced a mechanically
stronger (i.e. less fragmented aggregate upon removal from their device). A different
study by Edwards et al. observed Sox9 expression in levitating chick wing bud cells
compared against condensation culture and monolayer [77]. The cells were stained for
Sox9 following their respective treatments and it was reported that both the
condensations and aggregates expressed Sox9 in the cell nucleus, while this expression
was lost in monolayer. It is important to note that the Sox9 expression was rescued
with treatment of cytochalasin D (CytD), but not through levitation [77].
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With regards to bulk acoustic wave-based cell separation/enrichment, recent research
has focused on multi-stage channel designs to more easily separate the target
phenotype from the rest of the material [185, 186]. The rational to the more complex
designs is a result of the force exerted onto the cell proportional to its size, thus
increasing the complexity of processing a direct sample from a patient given that many
cells are relatively similar in size.
To address this limitation, Augustsson et al. has recently shown the potential of
iso-acoustic cell focusing in an inhomogeneous fluid [187]. The principle of iso-acoustic
focusing is that there exists a medium condition for which the acoustic contrast
between the cell and fluid, and therefore the primary radiation force, is zero [187]. Cell
separation using this principle was induced by creating a concentration gradient of
iodixanol in saline (10% at the channel boundaries, 30% at the channel centre). Due to
the fluid density variance within the bulk of the fluid, the group observed effective
separation of individual cell types based on their characteristic compressibility and
density relative to the inhomogeneous fluid. This system was further characterized by
computational modelling by Karlsen et al., who expressed how the acoustic energy
density changes within the bulk of a inhomogeneous fluid [188]. The study suggests
that acoustic streaming is suppressed within the bulk of an inhomogeneous fluid and
stabilization of the fluid density gradient is accomplished through the acoustic force
density.

2.8.4

Ultrasound Enhanced Tissue Engineering

In the context of tissue engineering, applied scaffolding and scaffold-free approaches
are summarized in Table 2.1 and Table 2.2, respectively. To compliment scaffold-based
methodologies, bioprinting technologies, such as laser-based and ink-jet [8, 59] provide
the ability to generate 3D structures more representative to the native tissue. While
LIUS has been deeply researched in its potential to provide mechanical stimulation to
promote tissue growth and repair, acoustic trapping has primarily been applied to
pattern cells along the pressure node. There is some evidence, however, that USWFs
may either alter the material structure or directly have an effect on the cells
themselves, as evident in the vascular networks generated by Garvin et al. [20]. The
Dual group has recently published on both theoretical and experimental studies on the
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effect of acoustic radiation forces on the disk-shaped particles [189, 190], unfortunately,
present literature lacks in-depth findings on the biological response of cells (i.e. changes
to the cell or cell-cell interactions) exposed to these forces within an acoustic trap.
As mentioned before, studies on USWFs for tissue generation are few. Recently, our
group has been the first to show the potential to develop cartilaginous tissue through
cell levitation in perfusion culture for a period of 21 days [22]. A million cells were
introduced into a glass capillary and trapped in a half-wave configuration using a PZT
transducer adhered to the capillary wall. The cells organized into a planar sheet in 3D
space following their introduction into the trap. A range of frequencies (frequency
sweep) was driven into the devices to account for changes in the resonant frequency
due to heating of the transducer [22]. At a sweep repetition rate of 50 Hz, lateral
translation of the cell sheet was observed and coupled with the shear forces from fluid
flow to provide mechanical stimulation to the aggregate during development.
Histological analysis of the generated tissue exhibited minimal expression of type I and
type X collagen, negative markers for hyaline cartilage, and compressive testing of the
tissue was found to be comparable to native articular cartilage. This would suggest
that the generated cartilage is analogous to hyaline cartilage both mechanically and in
terms of the matrix composition [22]. Additionally, implantation of the fabricated
tissue onto an ex vivo model showed ready fusion of the tissue to the native cartilage
and no alterations to the construct structure was noted. While improvements to the
tissue development and understanding of the forces applied on the cells is needed, this
study exhibits the potential of using acoustic trapping for scaffold-free cartilage
generation.
Whereas Li et al. discussed the potential of acoustofluidics for scaffold-free tissue
engineering, Garvin et al. [19–21, 73], and more recently Bouyer et al. [24], utilized an
acoustofluidic bioreactor transmitting a pressure wave through a hydrogel solution to
orient cells prior to polymerization of the hydrogel. Garvin et al. present this concept
as a means of developing vasculature using human umbilical vein endothelial cells
(HUVECs) suspended in a collagen hydrogel, while Bouyer et al. followed up with this
concept to develop a layered neural network from neuro-progenitor cells within a fibrin
gel. The primary distinction between this and the work described by Bazou et al. is
that the studies in the latter group continuously expose cells to a USWF, whereas
Garvin et al. exploited the acoustic trap temporarily to pattern the cells into sheets as
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the hydrogel polymerized. The benefit of this approach is that the cells can be rapidly
assembled in 3D space, shortening the culture duration to generate a 3D architecture
mimicking the native tissue [24]. It should be appreciated, however, that the acoustic
forces may affect both the cells and the hydrogel architecture during the patterning
phase.
To characterize the influence USWFs imposed on the cells within a scaffold, Garvin et
al. and Comeau et al. tested various operating frequencies, acoustic pressures, and
temporal average intensities [20, 21, 191]. Additionally, the efficacy of this approach
was compared to a sham model, where the hydrogel was allowed to polymerize in the
absence of US exposure [19–21, 73]. Alterations in the acoustic frequency varied cell
sheet spacing and formation, but otherwise did not affect patterning or network
formation. In contrast, it was shown that the temporal average intensity and acoustic
pressure amplitude of the USWF influenced initial patterning of the cells within the
hydrogel. Specifically, the intensity of the wave field more highly defined a minimum
threshold to promote patterning and higher intensities generated thicker sheets at the
pressure nodes [21]. The cell aggregate density influenced vascular network formation
following polymerization of the hydrogel. Loosely aggregated sheets were found to
form highly interconnecting vascular networks, whereas the more densely packed sheets
formed capillary-like sprouts between sheets [21]. In the sham cultured group,
HUVECs were observed to be randomly distributed in the gel and only formed tips
and extensions ten days into culture [73]. It should be noted that the cross-sectional
area of these extension, for both USWF and sham exposed samples, were
predominantly characteristic of microvasculature. Interestingly, Garvin et al. noted
that the vascular network was better influenced by the cell density in the sheets rather
than the USWF parameters [20].
Ultrasound has offered significant usage as both a diagnostic and therapeutic tool.
This review presents some of the applications of US for tissue engineering and
regenerative medicine both in vivo and in vitro. With both low-intensity and acoustic
trap approaches, ultrasound has provided alternatives to studying and generating
tissue in the absence of scaffold materials or complicated processing steps.
Furthermore, it has been shown that US has a variety of bioeffects ranging from
exposure distance [139] and spatial patterning [18–21, 23, 73, 74, 77, 179, 180, 184] to
membrane permeabilization [68]. In the case of LIUS, it has been shown that tissue
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growth solely stimulated with US provides an equivalent, if not better effect, than
growth and differentiation factors used for tissue generation [132, 143, 146]. This
would suggest that US-induced differentiation of cells could be a more cost-effective
alternative to media containing growth factors. Unfortunately, much of the existing
LIUS literature provides conflicting information on tissue interaction with therapeutic
ultrasound. The present acoustofluidics literature also suffers from a lack of biological
data, though the physics and potential of USWFs is present and well characterized. As
such, in the absence of a clear correlation between acoustic force interaction with cells
and signalling pathways, caution remains key prior to application of many of these
techniques to the patient and clinical setting. The next few years offer significant scope
for translation and application in an ever increasing ageing population.

2.9

Current Cell Sources for Cartilage Engineering

For cartilage tissue engineering, the ideal cell source is one that can be easily isolated,
expanded, and capable of synthesizing cartilage-specific matrix components [192, 193].
Several sources have been investigated in literature [193]; however, this review will
focus on articular chondrocytes and stem cells.

2.9.1

Stem Cells

Stem cells are cells capable of prolonged or unlimited self-renewal under controlled
conditions, and have the capacity to differentiate into a variety of specialised cell types
[194]. The two classes of stem cells are pluripotent stem cells and somatic (adult) stem
cells, both of which will be discussed in the context of cartilage generation.

2.9.1.1

Pluripotent Stem Cells

Pluripotent stem cells (PSCs) are stem cells capable of differentiating into tissue from
any of the three germ layers and can self-replicate indefinitely [195, 196]. Cell
populations capable of this plasticity are embryonic stem cells (ESCs) and induced
pluripotent stem cells (iPSCs). ESCs are derived from the inner cell mass of a
blastocyst, which impedes the use of these cells due to strict regulation and ethical
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concerns [197]. It is well established that ESCs can form cartilage when the cells are
transplanted in nude mice [196, 198], unfortunately in vitro protocols have limited
efficiency where cell colonies are heterogeneous with a limited number of functional
cells created [199]. Initial reports regarding in vitro ESC chondrogenesis utilized an
embryoid body (EB) culture system [200], where free-floating cell aggregates
differentiate at random into lineages of all three germ layers. Following this, either the
whole body or single cells from the EBs are used for subsequent differentiation steps
[196]. While it was shown that cells within EB displayed various stages of
chondrogenesis, it is difficult to dissect the differentiation mechanisms using single
cells, and control the size and number of EBs [196]. While further work with this cell
population generated methods to induce chondrogenesis using different combinations of
growth factors, differentiated cell states, and co-culture conditions, further
optimization of these culture conditions is still required to maximize ECS
differentiation into chondrocytes [196].
In part due to ethical concerns associated with the use of ESC, induced-pluripotent
stem cells (iPSCs) have garnered interest due to their high differentiation capacity and
the ability to generate them from adult cells reprogrammed to express ESC markers,
such as OCT4 and NANOG [195–197]. These cells were generated using viral vectors;
however, improved protocols has led to increased safety, efficiency, reduced
tumourgenic potential via protein transduction facilitated by small-molecules
[113, 197]. The differentiation capabilities of iPSCs are comparable to ESCs and
because iPSCs can be generated from the patient’s own cells, the risk of disease
transmission, immunogenic rejection, and infection is greatly reduced [197]. Similar to
ESCs, iPSC chondrogenesis has been reported using EB culture [195, 196, 201]. Other
methodologies for generating chondrogenic cells from iPSCs involve co-culture of the
cells with differentiated chondrocytes, which has shown promising results, albeit with
low efficacy [195], as well as deriving mesenchymal stem-like cells from PSCs to bypass
some of the limitations of MSC culture [195]. Additionally, biomaterial-based culture
systems are also used to create skeletal tissue in vitro, unfortunately, much of this
research is directed more towards disease modelling and not as well established as
methods for cardiovascular and neuronal differentiation [202]. One last procedure to
differentiating PSCs is referred to as directed differentiation where the stem cells are
grown in feeder-free culture with conditioned medium to induce chondrogenesis. This

Chapter 2 Literature Review

45

procedure was reported to effectively differentiate both ESCs and iPSCs into
chondrocytes; however, cell death was noted in some cases and the overall procedure is
complicated and requires numerous growth factors [195]. Ultimately, while iPSCs show
significant potential for use in in vitro cartilage repair studies, their use in the clinic
will still take several years before becoming a reality [197], however, significant
progress has been made on the use multipotent and unipotent cells for cartilage repair,
which is discussed below.

2.9.1.2

Adult Stem Cells

Adult stem cells are an undifferentiated multipotent cell population found within
differentiated tissue. The cells are capable of self-renewal and can give rise to all
mature cell types of its originating tissue. Mesenchymal stem cells are a subclass of
adult stem cells with the potential to differentiate into cells found in connective tissue,
such as fat, bone marrow, muscle, periosteum, and synovium [196]. The use of MSCs
from bone marrow to adipose tissue for cartilage tissue engineering has been
extensively researched [196, 197], but the term is non-specific and refers a progenitor of
a wide range of connective tissues (mesenchyme) [194, 203, 204]. The term “skeletal
stem cells” (SSCs) was therefore introduced to denote MSCs derived from the bone
marrow stroma [205].
SSCs are an attractive prospect for tissue repair because the cells lack immunogenicity
despite their limited growth potential in vitro [194]. Friedenstein et al. first reported
tissue culture plastic-adherent cells isolated from the non-haematopoetic fraction of
bone marrow aspirates as being clonogenic fibroblast-like precursor cells (colony
forming unit-fibroblastic/CFU-F) [206]. In addition, this progenitor cell population is
characterized by the ability of clonal cell populations to generate chondrocytes,
osteoblasts, smooth muscle cells, among others [204, 207]. Muraglia et al. [208]
suggests that these tissue culture plastic (TCP)-adherent cells are highly
heterogeneous. It was reported that one third of 185 clones were capable of tripotency
(the clonal populations exhibited adipo-, osteo-, and chondrogenesis), while the
remaining clones only exhibited a differentiation potential into the osteo-chondral
lineage. Given this, it would be incorrect to refer to these cells as SSCs solely on the
basis of TCP-adherence [207]. While the identity of a single, characteristic biomarker
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for skeletal stem cells is still unknown, a number of molecules have been categorically
defined in their expression within SSCs (Table 2.3 and more comprehensively in [194])
as well as practical concerns regarding stem-ness potential and isolation fraction [209].

Biomarker

Expressed

Not

Details

Expressed
STRO-1 antigen

X

Cell-surface trypsin-resistant antigen expressed by
CFU-F, Antibody: STRO-1

Tissue nonspecific

X

Cell-surface glycoprotein associated with osteoblast
lineage cells, Antibody: STRO-3

alkaline
phosphatase
(TNSALP)
CD63

X

Cell-surface antigen; Synonyms: Melanoma-associated
antigen ME491, Tetraspanin 30, Lysosomal-associated
membrane protein 3, Antibody: HOP26

CD105

X

Cell-surface antigen; Synonym: Endoglin/SH2

CD73

X

Cell-surface antigen; Synonym: SH3/4

CD71

X

Cell-surface antigen; Synonym: Transferrin receptor

ICAM-1

X

Cell-adhesion molecule; Intercellular cell-adhesion

CD29

X

molecule-1
Cell-adhesion molecule; Synonym: β1 subunit of the

protein 1 (TfR1)

integrin family
CD31

X

Cell-adhesion molecule; Synonym: Platelet/endothelial

CD56

X

Cell-adhesion molecule; Synonym: Neural

CD18

X

Cell-adhesion molecule; Synonyms: Leukocyte

cell-adhesion molecule-1 (PECAM-1)

cell-adhesion molecule-1 (NCAM-1)

cell-adhesion molecule, integrin β2 (LCAMB),
Lymphocyte function associated antigen-1 (LAD,
LFA-1)

Table 2.3: List of cell surface and adhesion molecules known to either be expressed
or not expressed in skeletal stem cells.

STRO-1 has historically referred to the antibody [194, 204] binding to a cell-surface
marker, referred to as trypsin resistant antigen 1 [210]. This marker has been used to
selected for a population of bone marrow mononuclear cells (BMMCs) that is enriched
in SSCs [194, 204, 210, 211]. For the purposes of this thesis, STRO-1 will refer to the
antigen and cells selected for STRO-1 expression will be referred to as STRO-1+ cells.
STRO-1+ cells selected from BMMCs and CD146+/CD45- stromal cells from the
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perivascular spaces in bone marrow [212] have been reported to generate bone and
stroma. The use of STRO-1+ SSCs has been focused on regenerating bone [194, 204],
but their use for cartilage repair is not extensively known. Few published studies have
shown that it is possible to generate cartilaginous tissue using SSCs [194, 213];
however, the chondrogenic potential of the cells is variable and fibrocartilage formation
has been noted in the culture [211, 214]. Further optimization of strategies is needed
to limit fibrocartilage formation and uniform cartilage formation.

2.9.2

Chondrocytes

As cells natively found in articular cartilage, chondrocytes are the obvious cell type of
choice for cartilage tissue engineering. Chondrocytes sense mechanical loads
experienced by the tissue through integrins, syndecans, and ion channels [215]. Within
the cartilage matrix, chondrocytes also exist in a low oxygen environment, ranging
from 10% O2 at the tissue surface to 1% in the deep zones. The environmental changes
in relation to the depth are further seen in the matrix and gene expression by the
chondrocytes, where superficial zone chondrocytes are noted to more highly express
lubricin and deeper zone chondrocytes express Runx2 [28].
Isolation of chondrocytes from human tissue is accomplished via enzymatic digestion
and can be easily cultured in vitro [216]. Unfortunately, despite the potential of the
cells to produce the necessary matrix proteins to regenerate cartilage, the cells have a
tendency to de-differentiate in vitro, thus losing their chondrocyte phenotype [216].
Cultivation of chondrocytes with certain growth factors, such as transforming growth
factor beta 3 (TGF-β3), high cell densities, and in 3D cultures have been shown to
preserve the phenotype in vitro [3, 216]. Additionally, hypoxic culture conditions was
shown to maintain their phenotype as the cells up-regulate genes associated with
chondrogenesis [28]. The cells also exhibit a low proliferation rate in monolayer, which
further limits their application [217].
The further development of cartilaginous tissue would require an optimized cell source,
whereby the tissue structure is the best representation of native, healthy tissue. The
presented cell sources all have certain advantages and limitations and further
optimization would be required to ensure robust and consistent cartilage generation.
Adult stem cells provide the most potential due to their accessibility and plasticity to

48

Chapter 2 Literature Review

differentiate into multiple cell types. One of the primary limitations with this cell
source is identifying the specific sub-population with the highest chondrogenic
potential. Further research is needed to validate the selection of highly chondrogenic
stem cells, whether it be the tissue source (e.g. adipose tissue, bone marrow, etc) or
sorting criteria. Some literature suggests co-culture of stem cells with chondrocytes to
promote interaction of the stem cells with differentiated cells and more direction
towards a chondrogenic lineage; unfortunately, there exists conflicting reports
regarding the success of this approach in generating robust cartilage [218–221].

Chapter 3

Co-culture of Skeletal Stem Cells
and Articular Chondrocytes For
Robust Cartilage Development
3.1

Introduction

Due to the limited self-repair capacity of articular cartilage, surgical restorative
techniques, such as autologous cell implantation (ACI), have been used to treat and
repair articular cartilage lesions [33]. This technique, however, is associated with a
number of limitations related to the long term sustainability of the tissue, namely
donor site morbidity, insufficient or limited cell population from the harvested tissue
and subsequent de-differentiation of the harvested chondrocytes during monolayer
expansion. Maintenance of the chondrocytes and the chondrocyte phenotype in vitro
has been investigated through cell culture with certain growth factors, such as
transforming growth factor beta 3 (TGF-β3), as well as using high seeding densities in
both 2D and in 3D culture [3, 216]. Additionally, hypoxic culture (2–5%) has been
shown to maintain the phenotype as the chondrocytes up-regulated genes associated
with chondrogenesis, such as aggrecan, and Col2a [28, 222]. Unfortunately, as the
quality of the excised cartilage and, therefore, resulting tissue can be variable between
patients, present literature has presented the potential of alternative cell sources and
treatments for cartilage generation in vitro.
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Stem cells present in the bone marrow have also garnered interest for cartilage repair
due to their capacity for self renewal and differentiation into multiple lineages in
response to appropriate signals [206]. Traditionally, these cells are selected for plastic
adherence from bone marrow mononuclear cells (BMMNCs) [206, 207]. Bone marrow
derived stem cells display tri-potency to differentiate into osteoblasts, adipocytes, and
chondrocytes in vitro [209]. Bone marrow cultures established solely on the basis of
plastic adherence have been shown to contain both multipotent skeletal stem cells
(SSCs) and differentiated progenitor cells [223]. To enrich the BMMNC population for
SSCs, cell surface markers expressed by the stem cell population have been proposed
as a selection tool, reviewed recently by Lv et al [209]. Selection markers proposed for
SSCs are categorized as either sole markers—specific markers for selecting SSCs—or
stem-ness markers, which enrich for sub-populations of tripotent stem cells [209]. The
identity of a sole, characteristic biomarker that specifically recognizes SSCs remains
unknown, however, it has been reported that SSCs express CD105, CD73, and CD90,
while lacking expression cell-surface markers indicative of haematopoietic cells, such as
NCAM, CD31, CD40, and CD18 [194, 204, 209]. A more comprehensive list of markers
both expressed and lacking in skeletal stem cells is summarized in Tare et al. [194].
A number of markers have been suggested for stem cell selection, including STRO-1,
CD271, stage-specific embryonic antigen-4 (SSEA-4), and CD146 [209]. STRO-1, or
trypsin resistant antigen 1 [210, 224], is expressed by a sub-population of BMMNCs
enriched in SSCs [194, 204, 207]. The use of STRO-1+ SSCs has been focused on
regenerating bone [194, 204], but their use for cartilage repair is not extensively known.
Few published studies have shown that it is possible to generate cartilaginous tissue
using SSCs [194, 213]; however, the chondrogenic potential of the cells is variable and
fibrocartilage formation has been noted in the culture [211, 214]. Previously, our group
compared the chondrogenic potential of human articular chondrocytes to STRO-1+
skeletal stem cells in 21 day 3D pellet cultures and membrane scaffolds from Alvatex
[225]. In both culture conditions, STRO-1+ cells displayed a tendency to undergo
hypertrophy and were unable to generate robust hyaline-like cartilage.
To circumvent the hypertrophic tendencies of MSCs/SSCs, literature has shown the
potential of co-culture to enhance cell-cell interactions and potentially improve
functional tissue formation [226, 227]. For cartilage engineering, co-culture of stem
cells with chondrocytes has been suggested to improve functional cartilage
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development [219, 220]. Previous reports have demonstrated that the development of
constructs from a co-culture of MSCs and articular chondrocytes reduces the
expression of hypertrophic markers and result in better mechanical properties
compared to structures generated from a MSC only population [220]. Fischer et al
suggest that the human articular chondrocytes (HACs) release factors into the
environment, which direct MSC differentiation into chondrocytes and the formation of
stable tissue [228]. These findings, however, have been reported using cells seeded onto
biodegradable scaffolds, varying co-culture ratios, or dissimilar sources of stem cells to
chondrocytes [218–221].
In this chapter, I examine the cartilage constructs assembled between STRO-1 selected
SSCs and HACs in pellet culture, a scaffold-free cartilage model system used to study
chondrogenesis with minimal external influences. To better quantify the interactions
between the chondrocytes and stem cells, both cell populations were harvested from
the same osteoarthritic patients to better understand the chondrogenic potential of
equal and biased co-cultures in the culture system. The findings from this chapter will
be used to identify an effective chondrogenic cell population for use within the
acoustofluidic bioreactor, wherein the cells will be subjected to various mechanical
stimulation regimes to determine the biomechanical relevance of the acoustically
derived stimulation on cell differentiation.

3.2

Materials and Methods

All chemicals were purchased from Sigma-Aldrich UK and Invitrogen UK, unless
stated otherwise. Human femoral head samples and bone marrow samples were
obtained from 3 haematologically normal OA patients (female, ages: 59-85) following
routine total hip replacement. Only tissue that would have been discarded was used in
this study with approval of the Southampton and South West Hampshire Research
Ethics Committee (194/99/1 & 210/01).

3.2.1

Isolation of STRO-1+ Skeletal Stem Cells

The SSC-enriched STRO-1+ cell population was isolated by magnetically activated cell
separation (MACS) as described previously [229].
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Cells were extracted from bone marrow aspirates through agitation in α-MEM.
Following this, the cell suspension was washed three times to remove fat deposits by
centrifuging the cell suspension for five minutes at 300*g. The supernatant was
discarded and the pellet was re-suspended in α-MEM and filtered through a 70 µm
sieve to remove bone fragments. The resulting cell suspension was then layered
carefully over Lymphoprep (Axis-Shield Diagnostic, Dundee, UK, 1114547) and
centrifuged to remove red blood cells by graded sedimentation for 45 minutes at 800*g.
To prevent disruption of the interface and cells (buffy coat) between the Lymphoprep
and α-MEM, the centrifuge was set to the lowest deceleration setting. Bone marrow
mononuclear cells (BMMNCs) collected from the buffy coat at the interface were
treated with MACS blocking buffer—1% FBS, 0.2% bovine serum albumin (BSA), 2%
AB serum human in α-MEM—for thirty minutes at 4°C. The cells were then washed in
MACS buffer (2 mM EDTA and 5% BSA in PBS) three times for five minutes at
300*g prior to incubation with the mouse monoclonal STRO-1 antibody (undiluted
supernatant harvested from the STRO-1 hybridoma in-house) for one hour at 4°C. The
cells were then washed in MACS buffer three times for five minutes at 300*g prior to
incubation with Rat anti-mouse IgM antibody conjugated to microbeads (1:5 dilution,
Milltenyi Biotec 130-047-301) for one hour at 4°C. The cells were then washed in
MACS buffer three times for five minutes at 300*g and then introduced into a MACS
LS column (Milltenyi Biotec 130-042-401) to fractionate the STRO-1+ cells from the
STRO-1- population. The column was washed three times with MACS buffer to purify
the STRO-1+ fraction before removal from the magnetic field and seeding of purified
suspension into cell culture flask (300,000 cells/cm2 , seeding density).
STRO-1+ cells were cultured to confluence in monolayer cultures in basal medium
(α-MEM supplemented with 10% (v/v) fetal bovine serum, FBS, 100 unit/ml penicillin
and 100 µg/ml streptomycin) in humidified atmosphere at 37°C, 5% CO2 and 21% O2 .

3.2.2

Isolation of Human Articular Chondrocytes

HACs were isolated by sequential enzymatic digestion of deep-layer articular cartilage
pieces dissected from the non-load-bearing region of the femoral heads [230]. Pieces of
deep-layer cartilage were dissected from the heads and digested in 500 µg/mL
trypsin-EDTA for 30 minutes at 37°C and 5% CO2 . Following the incubation, the
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tissue fragments are washed in PBS then incubated in 1 mg/mL hyaluronidase for 15
minutes at 37°C and 5% CO2 ,. The fragments were washed in PBS to remove excess
hyaluronidase and then incubated in 10 mg/mL collagenase B (Roche Diagnostics
11088807001) overnight at 37°C on a rotating mixer at 1200 rpm. The resulting
solution was filtered through a 70 µm sieve to remove undigested tissue, before diluting
the suspension in α-MEM. The cells were centrifuged for ten minutes at 400*g, after
which the pellet was re-suspended in complete medium and the cells were seeded onto
a cell culture flask (150,000 cells/cm2 ).
Isolated chondrocytes were cultured to confluence in monolayer cultures in α-MEM
supplemented with 10% (v/v) FBS, 100 unit/mL penicillin, 100 unit/mL streptomycin,
and 100 µM ascorbate 2-phosphate (A2P). Cultures were maintained in humidified
atmosphere at 37°C, 5% CO2 , and 21% O2 .

3.2.3

ATDC5 Cell Culture

Immortalized murine chondrocytes (ATDC5, Lonza) were used to validate cell viability
and tissue formation within the bioreactor. These cells were maintained in Dulbecco’s
modified eagle medium (DMEM, Lonza) with 5% FBS, 1x insulin-transferrin-selenium
(ITS, 100x stock solution, 13146), and 100 unit/ml penicillin and 100 unit/ml
streptomycin in humidified atmosphere at 37°C, 5% CO2 and 21% O2 .

3.2.4

Pellet Culture

Pellet cultures were performed in accordance with a previously published protocol
[204].
Monolayer cultured HACs and STRO-1+ SSCs were harvested at confluence and
suspended in serum-free chondrogenic media at a final concentration of 300,000
cells/mL. 1 mL of the cell suspension was added to a 25 mL polycarbonate universal
tube and centrifuged for 5 minutes at 400*g. The resulting cell pellet was cultured in
normoxic conditions (37°C, 5% CO2 and 21% O2 ) wit media changed every 2 days over
a 21-day culture period. For co-culture experiments, HACs and STRO-1+ SSCs were
combined in ratios of 1:2 HAC/STRO-1+, 2:1 HAC/STRO-1+, and 1:1
HAC/STRO-1+ to generate a pellet of 300,000 cells for each condition. At the end of
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the culture period, pellets were fixed overnight in 4% para-formaldehyde (PFA, P6148)
at 4°C.
Chondrogenic media consisted of α-MEM supplemented with transforming growth
factor-beta (10 ng/mL, TGF-β3, Peprotech 100-36E), 1x ITS (10µg/ml insulin,
5.5µg/ml transferrin and 5ng/ml selenium premix), dexamethasone (10 nM, D4902),
and L-ascorbate-2-phosphate (100µM, A2P, A8960).

3.2.5

Cell Labelling with Membrane Probes

Cell distribution in co-culture pellets was visualized using green (PKH67) and red
(PKH26) fluorescent membrane probes. Membrane probes were part of a kit (MINI67,
MINI26) including a diluting solution (diluent C). Standardization of dye/probe
concentrations and labelling of the cells was accomplished using the manufacturer’s
instructions. Following trypsinization, cells were washed with serum-free medium. The
cell density was then determined and a maximum concentration of 1x107 cells/mL was
re-suspended in 250 µL of diluent C. The stock dye solution was prepared by adding 1
µL of the PKH67 dye to 249 µL of diluent C to give a final concentration of 4 µM. A

stock PKH26 dye solution was prepared by adding 1 µL to 249 µL of diluent C to give
a final concentration of 4 µM. This solution was added to the cell suspension (final,
working concentration of dye in suspension is 2 µM) and incubated at room
temperature for 5 minutes. The reaction was stopped using 500 µL of FBS and the
labelled cells were washed once in 10% FBS in α-MEM prior to use in co-culture.
Additional concentrations were used to assess cell uptake of the fluorescent probes
(Table 3.2).
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Dye Volume

Diluent C

Working

Final

(µL)

Volume (µL)

Concentration

Concentration

(µM)

(µM)

0.5

249.5

2

1

1

249

4

2

2

248

8

4

4

246

16

8

8

242

32

16

10

240

40

20

12

238

48

24

Table 3.2: Table of tested membrane probe concentrations. Manufacturer’s suggested
working concentration was 4 µM diluted to 2 µM when labelling cells. Efficacy of
additional working concentrations were explored by multiples of 2.

3.2.6

Staining Preparation and Procedures

For immunofluorescence chemistry and histological staining, all steps were carried out
at room temperature, unless stated otherwise.

3.2.6.1

Immunofluorescent staining of STRO-1 selected SSCs

Isolated STRO-1+ cells were cultured onto sterile cover-slips for 13 days prior chemical
fixation in 4% PFA for 20 minutes. The cells were washed in PBS twice to remove
excess PFA and incubated in permeabilization buffer (0.1% Triton-X and 1% BSA in
PBS) for 5 minutes. The permeabilization buffer through incubating in a wash buffer
(0.5% Tween-20 in PBS) for minutes, repeated three times. The cells were then
introduced to a blocking buffer (1% BSA in PBS) for five minutes prior to incubation
with mouse monoclonal STRO-1 antibody (undiluted supernatant harvested from the
STRO-1 hybridoma in-house) for one hour. The unbound antibodies were removed
with the wash buffer and cells were then incubated with the secondary antibody (1:50
dilution, AlexaFluor488 anti-mouse) for one hour with agitation. The excess, unbound
antibodies were washed from the cover-slip and the cells were counter-stained with
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DAPI nuclear stain (1:200 dilution) for 5 minutes before mounting onto a glass slide
for imaging.

3.2.6.2

Cryo-Embedding and Sectioning

Tissue samples labelled with membrane probe underwent cryo-embedding as to
preserve fluorescence activity. Fixed samples were washed in PBS before overnight
incubation in 30% sucrose in PBS at 4°C. The samples were then washed in OCT
embedding matrix (CellPath KMA-0100-00A) to remove excess sucrose, following
which they were immersed in cryo-moulds containing OCT. The moulds were placed in
a solution of isopropanol and dry ice to freeze. The frozen moulds were stored at -80°C
until ready to section. Sequential sections were cut 10 µm thick on the
cryotome—maintained at -20°C—and mounted on glass slides for confocal imaging.
For histological and immunohistochemical staining, cryo-sections were thawed to room
temperature and washed in PBS to remove OCT.

3.2.6.3

Paraffin Embedding and Sectioning

Fixed samples were washed in PBS before processing through graded ethanol
(50%–100%), followed by clearing with Histoclear (National Diagnostics HS-200). The
tissue samples were then embedded in paraffin wax (Fisher 8002-74-2). Sequential
sections were cut 7 µm thick on the microtome and mounted on glass slides.
For histological and immunohistochemical staining, paraffin sections were de-waxed
and re-hydrated through Histoclear wash, followed by graded ethanol (100%–50%).

3.2.6.4

Alcian Blue/Sirius Red (A/S) Staining

Alcian Blue stained the proteoglycan-rich cartilage matrix, while Sirius Red stained
the collagen-rich matrix.
Sections were de-waxed and re-hydrated as described previously, then stained for the
nuclei with Weigert’s Haematoxylin [231] for ten minutes. Excess haematoxylin was
removed through a ten minute wash in distilled water, followed by three dips in
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acid/alcohol (0.5% (v/v) concentrated HCl in 50% (v/v) methanol). The sections were
then washed in distilled water for five minutes before immersion in Alcian Blue 8GX (5
mg/ml in 1% (v/v) glacial acetic acid) for ten minutes. The excess staining solution
was washed off in distilled water for one minute and the slides were introduced into
molybdophosphotidic acid (3 mg/mL in distilled water) for twenty minutes. Following
this, the slides were washed and left in Sirius Red F3B (10 mg/ml in saturated picric
acid) for one hour. The slides were washed in water for one minute, then dehydrated
through graded ethanol (50%–100%) and Histoclear. Glass cover-slips were mounted
with DPX and allowed to dry for at least two hours.

3.2.6.5

Immunohistochemistry Staining

After de-paraffinization and re-hydration, sections were quenched of endogenous
peroxidase activity with 3% (v/v) H2 O2 for five minutes at room temperature and
blocking with 10 mg/ml BSA in PBS for five minutes at 4°C. Sections were incubated
with relevant primary antiserum at 4°C overnight. This was followed by three five
minute washes in wash buffer (0.5% Tween 20 in PBS). Slides were then incubated for
one hour with the appropriate biotinylated secondary antibody (dilution 1:100),
washed three times for five minutes and then incubated for thirty minutes with
ExtrAvidin-Peroxidase (dilution 1:50). Visualization of the immune complex involved
the avidin-biotin method linked to peroxidase and AEC (3-amino-9-ethylcarbazole),
resulting in a reddish brown reaction product following ten minute exposure with 30%
peroxide. Negative controls (omission of the primary antisera) were included in all
immunohistochemical procedures. No staining was observed in all negative control
sections. All sections were counter-stained with Alcian Blue 8GX. Glass cover-slips
were mounted with hydromount and allowed to dry for at least two hours.
The anti-SOX-9 antibody (rabbit polyclonal, IgG, Millipore, Watford, UK) was used at
a dilution of 1:150 in 10 mg/ml BSA in PBS following the antigen retrieval procedure,
which involved treating sections in 0.01M citrate buffer (pH 6.0) for thirty minutes at
75°C before the application of the standard Immunohistochemistry procedure.
For immunostaining using anti-collagen Type I, II and X antibodies as well as
osteopontin (OPN), sections were treated with Hyaluronidase (0.8 mg/ml) at 37°C for
20 minutes in order to unmask the collagen fibres and render them accessible for
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immunostaining. The LF68 anti-collagen Type I antibody (COLI rabbit IgG, gift from
Dr Larry Fisher), anti-collagen Type II antibody (COLII rabbit IgG, Calbiochem,
Watford, UK), anti-collagen Type X antibody (COLX rabbit IgG, Calbiochem,
Watford, UK), and anti-OPN antibody were used at a dilution of 1:1000, 1:500, 1:100,
and 1:100 respectively.

3.2.6.6

Alkaline Phosphatase Histochemical Staining

Sections were fixed using 90% ethanol and immersed in activation buffer (Tris Maleate
buffer, pH 7.4) overnight at room temperature. The slides were washed prior to
interaction with Naphthol AS-B1 phosphate and the diazonium salt (Fast red), which
is precipitated at the site of the enzyme activity. The slides were mounted as described
above.

3.2.7

Microscopy

Fluorescence images were obtained using a Zeiss Axiovert 200 inverted fluorescence
microscope (Zeiss, UK) with FITC filter (excitation/emission wavelengths: 485
nm/515 nm, Carl Zeiss), Rhodamine filter (excitation/emission wavelengths: 546
nm/560 nm, Carl Zeiss), and CCD camera with Axiovision software. PKH-labelled
co-culture sections were imaged using a Leica TCS-SP5 laser scanning confocal
microscope (Leica, Germany), operated through Leica LAS-AF software. Histological
sections were imaged using Olympus BX 51 dotSlide virtual slide microscope system
(Olympus Microscopy).

3.2.8

Image Analysis

Histology images were analysed for collagen and GAG staining area by
colour-segmentation using k-means cluster analysis (section A.1). The source image
(Figure 3.1A) was converted from RGB to L*a*b colour space. The colour information
for the tissue section was then isolated from the image by focusing on the information
in the a*b colour space. K-means clustering was then used to statistically analyse the
mean pixel intensities and partition the pixel locations and values into three clusters (k
= 3) (Figure 3.1B). This process was replicated three times to minimize cluster overlap.
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The algorithm segmented the pixels values such that two clusters contained the pixel
colour values on opposite ends of the A*B colour spectrum (Figure 3.1Bi, ii).
Practically in a case of an IHC image, the algorithm would categorize the
counter-staining (i.e. Alcian Blue) into one cluster and the target staining (i.e. AEC
staining). The third cluster contained the intermediary values within the spectrum
(Figure 3.1Biii). Correspondingly, for A/S staining, the algorithm would group the
pixel values according to the Alcian Blue staining, Sirius Red, and intermediate values
Figure 3.2. The stained area was isolated from cluster 1 and cluster 3 (Figure 3.1Ci)
the background and countering staining was truncated to fully isolate the stained area
within the section from the entire image (Figure 3.1Cii). Morphological filtering was
applied to ensure segmentation of the whole section (Figure 3.1D).
The computed staining area was then normalized to the total section area to give an
area fraction. To compare the relative size of the co-culture conditions, the pellet size
was normalized to the HAC control pellet for a given patient.
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Figure 3.1: Diagram illustrating image analysis algorithm. (A) Source image segmented into three clusters. (B) The data within the clusters was split such that (i) one
cluster contained the pixels highly expressing the target staining colour, (ii) another
cluster contained the counter staining, and (iii) the last cluster consisted of the remaining pixels. (C) The first and last clusters were used to (i) isolate the stained area within
the section. Following this, the background and other irrelevant blobs were truncated
from the image to show (ii) the staining area in grayscale. (D) Following acquisition of
the target area, the whole section was labelled via global thresholding and a fill holes
algorithm was applied to the image to generate a more complete section silhouette.
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Figure 3.2: Diagram to illustrate similar working principle for isolating GAG staining
from A/S stained images as Figure 3.1
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3.3
3.3.1

Results
Characterization of HACs and STRO-1+ SSCs

HACs were isolated from femoral heads following total hip arthroplasty (THA)
surgeries. Tissue sections from the deep layers of cartilage lining the head were treated
with Trypsin/EDTA for 30 minutes, followed by hyaluronidase for 15 minutes and
collagenase B overnight with agitation. Remaining tissue fragments were discarded and
the cells were plated, where they assumed a fibroblastic morphology (Figure 3.3).

Figure 3.3: Phase contract image of human articular chondrocytes in monolayer at
passage 0. Scale bar at 100 µm

SSCs were isolated from bone marrow aspirates by selecting mononuclear cells
conjugated to STRO-1 antibodies through MACS. 13 days following isolation, cells
were fixed and stained for expression of STRO-1 (Figure 3.4).

Figure 3.4: Immunofluorescence staining of STRO-1 in skeletal stem cells grown in in
monolayer at p0. Scale bar = 100 µm.
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3.3.2

Membrane Labelling Characterization and Optimization

To visualize the cell population distribution within the co-culture pellets, the HACs
and SSCs would be labelled with a fluorescent membrane probe. Prior to use with
co-culture pellets, PKH membrane probes were characterized for staining intensity in
monolayer culture of ATDC5 cells. The manufacturer’s suggested concentration of 2
µM was used as the base concentration and compared against higher and lower

concentrations (Table 3.2). PKH26 staining intensity was overall found to be weaker
below 20 µM (Figure 3.5). In contrast, PKH67 fluorescence intensity was noticeable at
the suggested concentration of 2 µM, but more visible at 8 µM, where the probe
provided more uniform staining of the cells (Figure 3.6).
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DAPI

MERGE

24 µM

20 µM

16 µM

8 µM

2 µM

PKH26

Figure 3.5: Characterization of fluorescent membrane probe intensity at varying concentrations. ATDC5 cells were labelled before re-plating on tissue culture plastic. Following this, the cells were incubated overnight, fixed, and imaged the following day
using an epifluorescence microscope. Manufacturer’s suggested concentration for both
PKH26 (red) was 2 µM, which was set as the standard for the camera exposure. Scale
bars = 50 µm.
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DAPI

MERGE

16 µM
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4 µM

2 µM

1 µM

PKH67

Figure 3.6: Characterization of fluorescent membrane probe intensity at varying concentrations. ATDC5 cells were labelled before re-plating on tissue culture plastic. Following this, the cells were incubated overnight, fixed, and imaged the following day using an epifluorescence microscope. Manufacturer’s suggested concentration for PKH67
(green) was 2 µM, which was set as the standard for the camera exposure. Scale bars
= 50 µm.

Chapter 3 Co-culture of Skeletal Stem Cells and Articular Chondrocytes For Robust
66
Cartilage Development
Following this, cells were then labelled with either PKH26 (24 µM) or PKH67 (8 µM)
to quantify cell-cell interactions with the two labels. Appreciable staining of PKH26
was noted and significant co-localization was noted (Figure 3.7). Given that these
images were captured on an epifluorescence microscope with a wide-pass FITC filter,
subsequent fluorescent imaging of the cell distribution would be captured using
confocal microscopy to ensure separation of the PKH26 and PKH67 signals in
individual cells during pellet culture.
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PKH26

PKH67

DAPI

MERGE

Figure 3.7: ATDC5 cells were fractioned into two populations. One population was
labelled with 24 µM PKH26 and the other population was labelled with 8 µM PKH67.
The populations were then mixed and plated on tissue culture plastic overnight. Subsequent imaging revealed co-localization of the two membrane probes. Scale bars = 50
µm.
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3.3.3

Cell Distribution in Co-culture

To examine cell distribution in co-culture, STRO-1+ SSCs and HACs were
membrane-tagged with PKH67 and PKH26, respectively, prior to co-culture set-up for
21 days. Cryo-embedded pellets were cut and imaged using a confocal microscope
(Figure 3.8). Matrix staining of PKH67 was observed as well as a small degree of
colour overlap between the two probes, suggesting co-localization of the HAC and SSC
populations. Overall, the two cells populations were randomly distributed across the
co-culture conditions. It should be noted that the matrix staining was prevalent in the
SSC pellet, suggesting incorporation of the membrane probe into the matrix.
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PKH67

MERGE

HAC

2:1 HAC/SSC

1:1 HAC/SSC

1:2 HAC/SSC

STRO1+ SSC

PKH26

Figure 3.8: Fluorescently labelled sections of HAC (red, PKH26) and SSC (green,
PKH67) co-cultures and controls. Scale bars = 100 µm.
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3.3.4

Histological Analysis of Co-cultures

HACs and STRO-1+ SSCs from 3 patient samples (Figure 3.9, Figure 3.10,
Figure 3.11) were used to generate co-cultures in 3D pellet cultures under normoxic
conditions (21% O2 ). The tissue quality of the control and experimental groups for
each patient was qualitatively assessed via histology and immunohistochemistry. As
the desired tissue is hyaline-like cartilage, the tested co-culture compositions were
evaluated for their matrix composition of proteoglycans (Alcian blue staining) and
collagen type II. The relative staining fraction for these markers were then compared
against collagen type-I (negative marker for fibrocartilage) and collagen type-X
(negative marker for hypertrophic cartilage). To aid the evaluation of the histological
staining, Figure 3.9–Figure 3.11 include a coloured inset at the corner of each image to
differentiate desired staining (green), moderate staining (yellow), and poor
quality/undesired staining (red) for a particular marker.

3.3.4.1

F85 Co-culture Pellets

With respect to the F85 SSC control and co-culture pellets, the HAC control was
observed to have the largest cross-sectional area. As the HAC population within the
co-culture reduced, a significant reduction in the pellet cross-sectional area was noted,
with the SSC biased (1/2 HAC/SSC) condition depicting an observable change in the
the SSC control having the smallest size. As the SSC population within the co-culture
increased, the tissue structure was also noted to be less developed, where cells were
located in lacunae, and appeared more as an agglomerate of cells within a matrix
structure.
Correspondingly, the HAC control pellet was noted to express the most GAG staining
within the tissue matrix, with the HAC biased condition having a uniform, but less
intense GAG staining. The equal mix (1/1 HAC/SSC) and SSC biased pellets
expressed progressively less uniform proteoglycan staining, with GAG staining within
the matrix being non-existent in the SSC control pellet. SOX9 expression was localized
to chondrocytes in the HAC control and co-culture pellets, while staining was noted in
cell clusters in the SSC pellet. COLI staining was noted in the matrix of all pellet
conditions. Prominent staining was also observed within chondrocytes in the SSC
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biased pellet. Expression of COLII was noted in both the chondrocytes and matrix,
with staining throughout the structure for all culture conditions. COLX staining was
found to be minimal for the HAC control, HAC biased, and equal co-culture
conditions, but prominent expression was noted in the cells and matrix within the SSC
biased and SSC pellet.
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STRO1+ SSC

1/2 HAC/SSC

1/1 HAC/SSC

2/1 HAC/SSC

HAC

A+S

F85, 5% CO2, 21% O2, scale bars = 100 micron

A+S
SOX9
COLI
COLII
COLX

Figure 3.9: Staining results for cells harvested from F85 patient. SSCs were cultured
with HACs in pellet culture in equal (1:1) and bias ratios (2:1 and 1:2 HAC/STRO-1+)
for 21 days. Each high magnification image contains a colorimetric insert to ease identification of the staining (green - desired; yellow - moderate; red - undesired). While
SOX9 and COLII expression was prevalent in all of the co-culture and control conditions, a marked decrease in the pellet size and proteoglycan content in the matrix
was observed as the SSC fraction increased in the co-culture population and the respective control. Increased matrix deposition of COLI and COLX was also noted as
the SSC fraction dominated the co-culture, suggesting a lack of hyaline-like cartilage
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3.3.4.2

F59 Co-culture Pellets

The F59 pellets displayed a similar size and proteoglycan staining trend as the F85
constructs. The HAC control pellet expressed the most uniform matrix staining for
GAGs, which was observed to decrease as SSCs formed a larger fraction of the
co-culture. The HAC control and HAC biased pellets were close in cross-sectional area,
with a marked reduction in construct size with the the equal mix. The SSC biased and
SSC pellets were both found to lack GAG staining in the matrix and the constructs
were the smallest in size for the patient set.
Similarly to patient F85, SOX9 expression was prevalent either in individual cells, or
cell clusters, as is the case for the HAC biased condition. It should also be noted that
SOX9 staining in the SSC biased pellet was observed to be weaker than that for other
conditions. COLI staining was negligible for HAC control and HAC biased pellets.
COLI expression was noted in the chondrocytes within the equal mix pellet and
throughout the matrix for the SSC biased and SSC pellet. Expression of COLII was
noted both in the chondrocytes and matrix, with staining throughout all pellet culture
conditions. Matrix staining for COLX was found to be minimal for the HAC control,
HAC biased, and SSC biased, but was found throughout the matrix for the SSC pellet.
Prominent expression was noted in the cells within the equal mix, but weak cellular
staining was observed in biased mixtures.
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STRO1+ SSC

1/2 HAC/SSC

1/1 HAC/SSC

2/1 HAC/SSC

HAC

A+S
SOX9

F59, 5% CO2, 21% O2, scale bars = 100 micron

A+S
COLI
COLII
COLX

Figure 3.10: Staining results for cells harvested from F59 patient. SSCs were cultured
with HACs in pellet culture in equal (1:1) and bias ratios (2:1 and 1:2 HAC/STRO1+) for 21 days. Each high magnification image contains a colorimetric insert to ease
identification of the staining (green - desired; yellow - moderate; red - undesired). Pellet
size and GAG content was observed to reduce with a lower HAC fraction. Proteoglycan
deposition in the matrix was nonexistent for the SSC biased and SCC control pellets,
with the corresponding SOX9 staining appearing light or non-specific. Heavy COLII
expression was noted for the HAC control and co-culture conditions, but noted along the
periphery of the SSC control pellet. Increased matrix deposition of COLI and COLX
was also noted as the SSC fraction dominated the co-culture, though more intense
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3.3.4.3

F76 Co-culture Pellets

Unlike the previous patient sets, the F76 constructs were fragmented and exhibited
abnormal structure for the HAC control and co-culture conditions, thus making size
comparisons difficult. However, the SSC pellet was noted to be appreciably smaller
than all other conditions. Rich GAG staining was noted in HAC control and co-culture
conditions, suggesting hyaline-like cartilage formation. This deviates from the trend
expressed in the F59 and F85 patient pellets. Sirius red staining was also observed
within the core of the SSC pellet with GAG staining around the periphery of the
pellet. SOX9 expression was noted in all culture conditions, however, to a weaker
extent than the previous patients. COLI staining was minimal for HAC control and
co-culture pellets and localized to the periphery of the pellets. COLI expression was
noted in the chondrocytes within the equal mix pellet and throughout the matrix for
the SSC biased and SSC pellet and correlates well with the Sirius Red staining along
the periphery. Expression of COLII was noted in both the chondrocytes and matrix,
with staining throughout all pellet culture conditions with the SSC pellet displaying
the most prominent staining. COLX staining was found to be minimal for the HAC
control and HAC biased pellets, but prominent expression was noted in the cells within
the equal mix and SSC biased pellets and through the matrix for the SSC pellet.
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1/2 HAC/SSC

1/1 HAC/SSC

2/1 HAC/SSC

HAC
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F76, 5% CO2, 21% O2, scale bars = 100 micron
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Figure 3.11: Staining results for cells harvested from F76 patient. SSCs were cultured
with HACs in pellet culture in equal (1:1) and bias ratios (2:1 and 1:2 HAC/STRO1+) for 21 days. Each high magnification image contains a colorimetric insert to ease
identification of the staining (green - desired; yellow - moderate; red - undesired).
Pellets were observed to be more fragmented, though the SSC control was noted to be
most spheroidal and smallest in size. GAG content was noted in all culture conditions,
but mixed heavily with Sirius Red staining for the SSC control, indicating high fibular
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3.3.5

Image Analysis of Co-culture Pellets

A+S

F85

F59

SOX9

F76
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F59

COLI

F76

F85

F59

COLII

F76

F85

F59

COLX

F76

F85

F59

F76

Co-culture Condition

HAC

2/1 HAC/SSC
1/1 HAC/SSC
1/2 HAC/SSC
STRO1+ SSC

Figure 3.12: Summary of colorimetric labelling for the co-culture conditions and
respective staining for the three assessed patients.

Figure 3.12 presents a summary of the labelled inserts for a given co-culture pellet and
staining. While COLII and SOX9 was expressed in every patient, for each co-culture
condition, the relative expression of COLI and COLX staining to the COLII staining
suggests that the HAC bias and pure conditions consistently generated more
hyaline-like cartilage compared to the equal mix, SSC bias and SSC only control
conditions. Considering the subjective nature of histological assessment, however, the
staining data was further processed through a cluster analysis image segmentation
algorithm to provide a semi-quantitative measure of the matrix composition,
specifically to provide a comparison of the pellet size, proteoglycan content, and
collagen content in each of the co-culture conditions.

3.3.5.1

Validation of Image Analysis Algorithm

The image analysis method used was validated through manual analysis of the binary
images created from the source RGB images.
Due to the variation in staining intensity present between the different co-culture
conditions, three images of high, intermediate, and sparse staining were used to
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validate the algorithm robustness for quantifying the immunohistochemical staining
(Figure 3.13) and proteoglycan content (Figure 3.14). From the test set, it was
observed that the algorithm was able to identify the high intensity staining boundaries
and differentiate those areas to the counter staining, as indicated by the binary images
in Figure 3.13C and Figure 3.14C, where the counter staining was omitted from the
isolated target staining and binary image. Total area calculation was accomplished
through binarization of the background channel, where the pixel intensities were given
to be the more neutral. In the case of the A/S images, the blue channel was used as
the channel expressed no significant colour variation (Figure 3.14; Background
Channel). It was noted, however, that some artefacts were present in both the target
and background binary (Figure 3.13C-D), which is likely a result of dust particulates
and other matter present during imaging. Given this, the image segmentation
algorithm was found to be effective in isolating the positive staining from the pellet
(blue proteoglycan staining and red IHC staining for collagen), but complete isolation
of the background is necessary to reduce the segmentation error. The next section,
therefore, describes the staining segmentation following separation of the background
from the foreground.
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Figure 3.13: Validation of image analysis script for effective segmentation of collagen
staining. Three test images were used to validate the algorithm’s ability to identify
collagen within the matrix and cells.
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Figure 3.14: Validation of image analysis script for effective segmentation of proteoglycan staining. Three test images were used to validate the algorithm’s ability to
identify GAG rich zones within the section and isolate the collagen and fibrocartilagelike staining areas.
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3.3.5.2

Co-Culture Pellet Composition and Size by Image Segmentation

(A)

(C)

(B)

(D)

(E)

Figure 3.15: (A) Computed total area of whole co-culture sections. Area values were
normalized to HAC control area for each patient to minimize size variation between
patients. Co-culture pellets did not show a significant change in size relative to HAC
although SSC biased pellets were consistently smaller. (B) Comparison of GAG staining area for co-culture pellets. Staining area was normalized to the total section area
to determine the compositional fraction for each culture condition. (C) Comparison
of collagen type I staining area for co-culture pellets. Staining area was normalized to
the total section area to determine the compositional fraction for each culture condition. (D) Comparison of collagen type II staining area for co-culture pellets. Staining
area was normalized to the total section area to determine the compositional fraction
for each culture condition. (E) Comparison of collagen type X staining area for coculture pellets. Staining area was normalized to the total section area to determine the
compositional fraction for each culture condition. (n = 3, x̄ + SEM )

The total area computations from the script were normalized against the HAC control
to better represent the size difference between the culture conditions (Figure 3.15A).
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Given the inherent variability in primary cells, accompanied by the obvious size
different between the co-culture conditions, it is difficult to provide a comparative,
statistical analysis of the matrix composition for the different co-culture conditions.
Despite this, the patient sets examined via image analysis indicate a trend for all
measured staining conditions, which supports the histological observations reported for
the individual patient sets.
A significant size variation was noted with the pellet constructs, where HAC pellets
were computed to be on average five times larger in area than the SSC pellets. The
HAC-biased and equal mix co-culture pellets were similar in size, while the SSC biased
pellets were noted to be smaller, on average. The co-culture constructs were also
quantitatively assessed for proteoglycan and collagen positive staining fraction. GAG
staining (Figure 3.15B) was detrimentally reduced as the SSCs formed a larger fraction
of the population. Correspondingly, COLX (Figure 3.15E) and COLI (Figure 3.15C)
staining formed a larger fraction of the matrix as the SSC population in the co-culture
increased. COLII staining (Figure 3.15D) did not indicate an obvious pattern,
however, it was noted that the HAC control and SSC biased constructs induced the
highest positive staining for COLII.
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3.4

Discussion

Chondrocytes have been viewed as the obvious cell source for cartilage repair as they
are native to articular cartilage. Unfortunately, the cells have a tendency to
de-differentiate in vitro, thus losing their chondrocyte phenotype [216]. Additionally,
the cells also exhibit a low proliferation rate in monolayer, which further limits their
application [217]. Mesenchymal stem cells have been viewed as an alternative source of
cells for cartilage development. As MSCs can be harvested from a variety of sources,
such as adipose tissue and the bone marrow stroma, the articular cartilage can be left
intact, reducing potential for additional trauma to the area. Previously, our group has
assessed the chondrogenic potential of HACs and STRO-1+ SSCs from the same
patient [225]. This was accomplished both through scaffold-free pellet culture as well
as cell-seeded membrane scaffolds using Alvatex. It was found that HACs possessed
excellent chondrogenic potential in both pellet culture and scaffolds. In contrast, the
STRO-1+ SSCs expresses a phenotypic drift towards hypertrophy in both culture
situations.
While the chondrogenic potential of STRO-1+ SSCs is limited, it has been reported
that co-culture of MSCs with chondrocytes may promote chondrogenesis and assist
cartilage development [228, 232, 233]. Unfortunately, literature presents conflicting
results as to whether co-culture of stem cells and chondrocytes is beneficial, as a result
of cells potentially influenced by biomaterials, dissimilar sources of stem cells and
chondrocytes, and heavily biased co-culture ratios [218–221].
This study attempted to address the variability found in co-culture studies by using
scaffold-free pellet culture, a technique used for simple generation of cartilage models
[204, 225]. Furthermore, primary HACs and STRO-1+ SSCs from the same patients
were co-cultured in ratios of 1:1, 1:2, and 2:1 within 3D pellet culture for 21 days
under normoxic conditions. The resulting tissue was analysed by histology and image
segmentation to determine the interactions between STRO-1+ SSCs and HACs and
provide insight to engineering robust cartilage within the acoustofluidic bioreactor.
The pellets were cultured for 21 days prior to histological staining. Co-culture, HAC
control, and STRO-1+ SSC pellets for each patient manage to form cartilaginous
tissue based on the A/S staining. Fluorescent labelling of the two cell populations
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prior to culture also revealed that cells did not reorient themselves within culture and
maintained a random distribution. Generally, a higher ratio of stem cells resulted in
minimal GAG formation and high expression of COLI and COLX, which would
suggest that the STRO-1+ SSCs differentiated to generate hypertrophic or
fibrocartilage, rather than hyaline-like cartilage. The addition of HACs to the
co-culture population demonstrated a reduction in COLX and COLI staining, as well
as increasing GAG expression within the matrix. Overall, histological analysis suggest
that the HAC bias co-culture condition best limited COLX production whilst showing
comparable cartilage development to the HAC control. The image segmentation
results further supports this claim.
As the primary aim of this study was to determine an optimal cell source for use in the
bioreactor, further work within this thesis will utilize HACs within the bioreactor as
the HAC control constructs consistently expressed the most robust staining and the
largest construct size. This said, future work to enhance HAC/SSC co-culture can
focus on the role of the culture environment for the cells. While the mechanisms
behind co-culture induced chondrogenic development are not well known [227],
Giovannini et al. [232] suggest that co-culture conditions, patient age, and other
factors may affect cartilage quality in vitro. Their study showed that MSCs did not
express chondrogenic markers in micromass culture without the addition of
chondrogenic factors, such as TGF-β and dexamethasone. In the presence of TGF-β
and dexamethasone, MSC pellets expressed cartilage-specific matrix, but also
exhibited high expression of collagen type X and alkaline phosphatase [232].
Additionally, gene expression analysis of aggrecan also exhibited that the MSCs did
not contribute to proteoglycan deposition in the co-culture pellets.
Furthermore, it is known that articular cartilage has low oxygen tension [28, 197] and
that chondrocytes cultured in hypoxic conditions maintain their phenotype more
effectively than in normoxia [28]. changes to the culture environment would result in
secretion of chemical factors by the cells, which may further aid in cell-cell interactions
and effective production of cartilage. Current literature has shown that mechanical
stimulation of chondrocytes results in the secretion of parathyroid hormone-related
protein (PTHrP), a chemical factor has been found to aid chondrogenesis and reduce
hypertrophy [228, 234, 235]. Fischer et al. has also shown that controlled interaction
between cells and PTHrP can more precisely affect their chondrogenic potential [236].
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The subsequent chapters will therefore investigate the role that the chemical
environment plays in addition to the potential mechanical stimulation from the
acoustic environment, bioreactor culture will be supplemented with PTHrP.

Chapter 4

Design and Characterization of a
High-Throughput Acoustofluidic
Bioreactor Platform
4.1

Introduction

Tissue engineering aims to repair, replace, maintain, or enhance native, host tissue
[4, 5]. These goals are typically accomplished through the use of in vitro culture of
cells, supported by the application of appropriate growth factors, scaffolds, and
bioreactor system to generate a tissue structure for the eventual implantation into
patients. To date, several groups have shown promising results in developing various
tissue structures, such as bone [6, 7, 237–241] and cartilage [6, 9, 22, 225, 242]. In the
case of cartilage engineering, it is possible to generate the tissue from a variety of
modalities—from deposition printers [10, 243, 244] to micro-scale bioreactors [11] and
stackable cell sheets [12, 13].
Previously, our group has presented the application of acoustofluidics for tissue
engineering cartilage [22]. In this study, it was suggested that robust tissue
development occurred as a result of the acoustic field maintaining the cells as a
levitated structure and peristaltic perfusion aided the system to allow for nutrient
exchange and fluid shear-based stimulation to the cells. The research further suggested
that cycling through a range of frequencies resulted in oscillatory motion on the cells,
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though this was not explored in detail. Furthermore, certain design flaws with this
acoustofluidic system limited its practicality and reliability in generating hyaline-like
cartilage constructs. Specifically, the microcapillary tube design would accommodate
one construct to be generated at a time. Given the nature of the patient-derived cells,
significant variability in tissue structure may be prevalent and more time would be
required to generate a requisite number of samples to analyse. Additionally, bubble
generation within the media reservoir was an occurring problem, which led to perfusion
and trapping of bubbles during culture. The surface tension between air/media
interface within the fluid layer would result in removal of the developing tissue from
the trap and result in a failed culture. To this end, a new bioreactor design would be
necessary to ensure high throughput and successful tissue development, as well as
allowing characterization of the acoustic force interaction with the cells and developing
tissue.
The primary aims for the new bioreactor design are to improve both the throughput
and efficiency of the platform in generating cartilage constructs. Higher throughput
would be achieved by running multiple resonators in parallel, while efficiency is linked
to the cell trapping and viability within the pressure node. To this end, this chapter
presents designs that moved away from closed, capillary tubes in favour of a more open
resonator design to limit bubble perfusion and interaction within the fluid layer of the
resonator. The open designs presented in this chapter show resonators immersed in the
culture media, limiting the effect of fluid shear from peristalic media exchange. This
design choice is intended as it would allow for more control over physico-chemical
factors, including the acoustic environment to provide, not only biomechanical
stimulation to the cells, but also allow nutrient flow via acoustic streaming, which will
be discussed in the next chapter. In this chapter, I present my initial findings for the
design and characterization of a next generation acoustofluidic bioreactor, including
how the efficiency of the resonators and heat transfer from the transducer to the
culture environment changes with continuous use.
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Materials and Methods
Cutting Piezoelectric Transducers to Shape

Piezoelectric transducers (Ferroperm PZ26, Kvistgaard, Denmark; 50 X 25 X 1 mm;
PZT) were cut to 10 mm x 12 mm x 1 mm using a 0.4 mm diamond wheel saw
(M1D15, Struers ApS, Denmark) on a macrotome driven at 4000 RPM and a feed rate
of 0.040 mm/s. The edges of the transducers were ground using 1000 grit sandpaper to
remove defects from the cutting process. The electrode on one face was also sectioned
and bridged with the underlying electrode using silver conductive paint (Electrolube
SCP03G). The bridging allowed for wiring of the PZT on a single face to minimize the
thickness of the coupling/adhesive layer and simplify assembly of the resonator.
The finished transducers were then coupled to the carrier layer in accordance to one of
the two design layouts discussed in this chapter.

4.2.2

Design 1: Wellplate-based Bioreactor Manifold Fabrication

A computer aided design model of the assembled manifold is given in Figure 4.1. The
manifold design consisted of a reflector layer (75 mm x 50 mm x 1 mm glass slide,
Corning), compartments for the devices (device well) and for excess medium to collect
(overflow well). The manifold assembly consisted of three substructures: the bottom
plate, main plate, and lid plate. The bottom plate functions to incorporate the
reflector as a built-in component of the assembly. The main plate structure separated
the overflow well from the device well to ensure constant fluid levels in the device wells.
The lid plate incorporated fluidic fittings to allow medium exchange. The final
manifold assembly was machined in-house from polycarbonate (Aquarius Plastics)
sheets. To prevent leakage through the manifold sheets, poly(dimethyl siloxane)
(PDMS, Dow Chemical Sylgard 182 1:10 curing agent:monomer) functioned as a
gasket by curing between each sheet at 80°C for 1 hour.
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(A)

(B)

(C)

Figure 4.1: Computer-aided design models in Solidworks of the manifold assembly (A)
with and (B) without the lid. (C) A cross-sectional view of one of the wells illustrates
the separation between the well housing the device and the overflow well for the excess
media.

The layered resonators used in this bioreactor system were custom-built devices. The
base piece and rings were machined from 3 mm thick sheets of ceramic (Macor). Base
pieces were machined so that the fluid layer for the assembled device would be 200 µm
(thin device, Figure 4.2A). The base piece of each device functioned as the carrier layer
where a PZT transducer (PZ26, Figure 4.2Ai) and two magnets were adhered to it
using an epoxy (Epotek 301 4:1, RS) cured at 80°C for 1 hour. A mirror (Edmund
Optics 31418) was also fixed to the underside of the base to enhance image contrast
(Figure 4.2Aii).
Ribbon cables were then soldered onto the transducer to transmit the driving voltage
and frequency from a function generator. A glass microscope slide (50x75x1 mm,
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Corning) functioned as the reflector later and an M12 metal washer was used to
magnetically clamp the device onto the reflector.

Figure 4.2: (Ai) Individual components for a single device. PZT and two magnets are
adhered to ceramic base with a thin epoxy layer. Ceramic rings were glued onto the
base and stacked to increase height of device. (ii) Side view of partially finished device
with wires soldered to PZT. (iii) Top and side view of completed device. (B) Top view
of assembled device with PDMS sealing.

To enhance the robustness of the devices, PDMS was cured inside the cavity of each
device in order to better protect the transducer from corrosion (Figure 4.2B). Epoxy
was then cured on top of the silicone to further seal the device.
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4.2.3

Design 2: Inverted Bioreactor Assembly

(A)

(B)

(C)

Figure 4.3: (A) Schematic diagram detailing resonator design and desired dimension
of each layer. (B) Side view of assembled resonator, labelled to indicate position of
PZT, spacers, carrier and reflector layer. (C) Angled top view of assembled plate to
detail arrangement of multiple resonators on a single double-width glass slide.

A schematic of the resonator design is depicted in Figure 4.3A. To assemble the
resonators, double-width glass slides (Corning, 75 x 50 x 1 mm) and standard
microscope slides (Corning, 75 x 25 x 1 mm) were acid cleaned in a 6M HCl solution
for 3 hours. Double-width slides were washed in distilled water before adhesion with
piezoelectric transducers (Ferroperm PZ26, Kvistgaard, Denmark; 10 X 12 X 1 mm)
with epoxy (Epoxy 353, Epotek, Billerica, MA, USA) at 80°C for 1 hour. Four
transducers were adhered to each slide, which functioned as the carrier layer
(Figure 4.3B). Microscope slides were cut to 13 x 25 x 1 mm to function as the
reflector layer for the resonators. Polycarbonate film (500 micron Lexan, Cadillac
Plastics) functioned as a spacer between the carrier and reflector and sealed using
PDMS. Figure 4.3C depicts the assembled resonator.
Polypropylene (5 millimetre, Aquarius Plastics) was cut to shape using a laser cutter
and 1 mm grooves were introduced into the top and bottom sheets using a micro-mill
to fit the bioreactor plate and create a sealed environment to maintain a sterile culture
environment. For the purposes of long-term tissue culture, a custom cut poly(methyl
methacrylate) (PMMA) spacer functioned as a spacer to maintain an air backing
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behind the reflector layer. This was used to minimize fluid interaction behind the
reflector layer and maintain the acoustic properties of the ultrasonic wave field.

4.2.4

Signal Generator

To reduce the footprint of the electrical driving assembly for the resonators, an Arduino
microcontroller was programmed to linearly step through a frequency range for a given
sweep repetition rate. The microcontroller transmitted the driving frequencies to a
DDS board (Figure 4.4A, B), which generated a sine function for the frequency range
program. The output voltage from the DDS board was amplified through a LT1210
amplifier (Linear Technology LT1210) with a variable inverting feedback loop
Figure 4.4C), in order to adjust the final driving voltage into the resonators.
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Figure 4.4: Circuit diagram for signal generator/amplifier. (A) Arduino sends instructions to the (B) DDS module to generate the driving frequency function. The output
from the DDS board is then amplified through (C) a variable inverting operational
amplifier prior to transmission to resonators. (Ci) The numbering pattern around the
amplifier symbol correspond to (Cii) the pin connections on the physical unit. (Ciii)
Given the higher voltage requirements of the amplifier, relative to the rest of the circuit,
the unit was integrated into a buffer circuit as suggested by the manufacturer.
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Resonant Frequency Characterization

A 1-D transfer impedance model in MATLAB [245] was used to guide design and
predict the acoustic pressure node configuration and resonant frequency of the system .
The physical and material parameters of the assorted layers were entered into the
script user interface (Table 4.1), from which the acoustic energy density within the
system was simulated across a range of frequencies to estimate the cavity resonance
frequency. At this characteristic resonance, an acoustic pressure wave was simulated
through each layer to identify the position of the nodes and antinodes to better
estimate the potential and practicality of the proposed resonator design.

Parameter name

Value/Expression

Units

Fluid Layer Thickness

550, 300

µm

Carrier/Reflector Layer Thickness

1000, 1100

µm

Piezoelectric Transducer Thickness

1000

µm

Adhesive Layer Thickness

1

µm

Density of Carrier and Reflector Layer

2500

kg
m3

Material
Density of Fluid Layer Material

1000

Density of Adhesive Layer

1080

kg
m3
kg
m3

Speed of Sound Through Adhesive

2640

m
s

Layer
Speed of Sound Through Carrier and

5872

m
s

Reflector Layer
Speed of Sound Through Fluid Layer

1540

m
s

Driving Voltage

10

Vpp

Q-factor of layers

100

—

Table 4.1: Table of parameters for 1D transfer impedance model.

Following this, each resonator was connected to a conductance analyser (Cyphergraph)
to measure the resonant frequency of the device in air and water. The resonant
frequencies of each device was recorded before and after PDMS seal as well as after 3
weeks of culture to determine wear on devices.
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4.2.6

Finite Element Modelling

A 2D finite element model based in COMSOL multiphysics was used to produce the
acoustic kinetic energy distribution. The model included piezoelectric coupling and
pressure acoustics within the fluid layer, with sufficient mesh density that the fluid
layer mesh was 16 elements thick (Table 4.3). The acoustic radiation force was
calculated using the Gorkov equation [246] across a range of frequencies, enabling the
resonant frequency to be identified.

Parameter name

Value/Expression

Units

Fluid Layer Thickness

Design 1: 200;

µm

Carrier/Reflector/PZT dimensions

Design 2: 550
10 x 1

mm

1540

m/s

(width x thickness)
Speed of Sound in Fluid Layer

Table 4.3: Table of parameters for 2D resonator model.

4.2.7

Acoustic Pressure Amplitude Characterization

Given the linear relationship between the acoustic pressure amplitude and driving
voltage, a voltage drop study was accomplished to determine the minimum pressure to
keep a particle in levitation within the trap. 10 µm latex beads were levitated within a
half wave node configuration with a continuously applied starting voltage of 12 Vpp.
The beads were visualized near the centre of each device to limit inconsistencies
between measurements and ensure maximum interaction with the acoustic beam. The
voltage was reduced every 10 minutes until the beads dropped out of the trap. The
minimum voltage required to keeps the beads levitated is given to be the drop voltage
(Vdrop ). The acoustic contrast factor (Equation 4.1b) and energy density
(Equation 4.1c) was determined by the physical characteristics of the fluid and
microbeads. From this, the pressure amplitude at the drop voltage was evaluated
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(Equation 4.1d) and set as a proportion to determine the acoustic pressure amplitude
at any given voltage (Equation 4.1e).

Fg = a3 ∗ g ∗ (ρbead − ρwater )
Φ=

ρbead + 32 ∗ (ρbead − ρwater )
βbead
−
2 ∗ ρbead + ρwater
3 ∗ βwater
Fg
drop =
3
q 4∗π∗k∗a ∗Φ
Pdrop =

(4.1b)
(4.1c)

4 ∗ ρbead ∗ c2o ∗ drop

(4.1d)

Vdesired
Vdrop

(4.1e)

Pdesired = Pdrop ∗

4.2.8

(4.1a)

Heat Transfer

To quantify heat transfer from the transducer to the fluid layer and surrounding fluid,
resonators were evaluated for fluid heating using a thermocouple, where the system
was placed at ambient temperature and within a cell culture incubator (35–37°C). The
bulk fluid temperature was allowed to stabilize overnight within the cell culture
incubator prior to acquiring the temperature measurements. Temperature
measurements were taken every 24 hours following activation of the transducer. A
range of voltages were driven into the devices to quantify heat transfer and were
further compared in used and freshly made devices.

4.3
4.3.1

Results
Design 1: Multiwell Bioreactor

The bioreactor was split into two subcomponents: the wellplate (manifold) and the
acoustic devices. To combat the issue of bubbles within the system, the bioreactor was
redesigned to be more open, such that resonators were immersed in media within the
well (Figure 4.5A). Each well contained a glass slide, which functioned as a reflector
layer, and a steel washer was used to magnetically clamp the device onto the reflector
(Figure 4.5B). 3 mL of medium was added to each well to adequately submerge the
active area of the device and to allow cell levitation and nutrient transfer.
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Figure 4.5: (A) Angled view of devices fixed to manifold. (B) Cross-sectional
schematic of well device within the manifold. With perfusion, medium will overflow
from the device well to the overflow well, where it will be perfused back to the medium
reservoir.

The manifold was designed to be modular to easily accommodate alterations to the
acoustic devices while reducing the total number of components needed to design an
acoustic system. To ensure repeated use of the manifold, composing materials were
selected to be autoclavable. To this end, the present system consists of polycarbonate,
stainless steel bolts, and nylon luer fittings. PDMS was cured between laminate sheets
to function as a gasket and prevent leakage of medium.
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Wellplate Resonator Design and Characterization

For the multi-well system, layered resonators were designed to be a removable
component of the bioreactor platform. Assembled devices had a fluid layer thickness of
300 µm, carrier layer of 1.6 mm and reflector thickness of 1.0 mm.

4.3.1.1.1

Modelling

Figure 4.6: Predicted node position for thin device at resonant frequency.
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Figure 4.7: FEA model of computed acoustic kinetic energy distribution within thin
device at the acoustic resonance.

A transfer impedance model was used to estimate the pressure node position and
resonant frequency at which the device could be driven (Figure 4.6). Modelling of the
assembled device resulted in an acoustic trap at the half-wavelength when the driving
frequency was 1.777 MHz. The peak acoustic pressure generated at this frequency was
approximately 600 kPa within the fluid layer. A finite element model was also used to
visualize the position and kinetic energy distribution at the pressure node (Figure 4.7).
From this, the energy distribution at the single node suggests particle trapping will be
highest around the centre of the fluid cavity and weaker towards the boundaries of the
fluid layer.

4.3.1.1.2

Cavity Resonance Characterization
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Figure 4.8: Electrical Conductance vs Frequency for resonator with different fluid
layers—air (blue curve), water (orange curve), PBS (yellow curve), and α-MEM (purple curve). Resonant frequencies are given to be when the electrical conductance is
at a maxima and the air curve is used to differentiate between the transducer peak
resonance and cavity resonance, which is the first conductance maxima, in the case of
this resonator system.

Conventionally, the cavity resonance for acoustic resonators is computed in water;
however, as saline and culture media are both more osmotically compatible with cells,
the resonators were characterized first in air, followed by deionized water,
phosphate-buffered saline (PBS), and cell culture medium (α-MEM) to quantify
potentialy differences in the cavity resonance (Figure 4.8).
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Figure 4.9: Electrical Conductance vs Frequency for resonator in water before sealing
the PZT with PDMS (blue) and after sealing with PDMS (orange). Prior to sealing,
the resonator was found to have a maximum at 1.84 MHz, with the graph curvature
suggesting that the device is also fairly efficient. Following PDMS sealing of the PZT,
however, the maxima were noticeably wider, indicating some damping by the PDMS.

In the case of the water curve, the cavity resonance was found at 1.82 MHz, which is
comparable to the output from the transfer impedance model. A subtle variation in
the resonant frequency was also noted when the devices were immersed in deionized
water versus saline or culture medium. This is likely due to solute concentration
differences between the different fluids. It should also be appreciated that the saline
and culture medium curves are acoustically identical. This may suggest that the salts
typically added to saline would more greatly affect the resonant frequency over other
solutes normally found in culture medium. In addition to this, the conductance curve
for resonators sealed with PDMS was also assessed and compared against the unsealed
devices. The resonant frequency post-sealing matched with the devices pre-sealing;
however, the corresponding electrical conductance following sealing increased and the
curve presented itself as wider, leading to an overall lower Q-factor. The lowered
Q-factor would suggest reduced efficiency as a result of dampening by the PDMS
backing on the transducer (Figure 4.9).

4.3.1.1.3

Acoustic Pressure Amplitude Characterization
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Drop

Drop

Drop

Average

Voltage1

Voltage2

Voltage3

Voltage

(Vpp)

(Vpp)

(Vpp)

(Vpp)

unsealed

2.2

2.14

2

2.11

sealed

1.4

1.7

1.3

1.46

Device Type
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Table 4.4: Drop voltage comparisons of devices prior to and following PDMS sealing.
Generally, it was observed that the post-sealing drop voltage was lower than that presealing; suggesting more efficient trapping.

Given the conductance variation found when sealing the devices, a voltage drop was
performed to quantify the change in acoustic pressure output from the devices pre- and
post-sealing. Using a single node configuration, the average drop voltage of the
acoustic devices was given as 2.11 Vpp (Table 4.4). From this, a profile for the acoustic
pressure amplitude for a given driving voltage was generated to quantify the potential
operational range of the devices. This was repeated following PDMS sealing of the
devices, where a drop voltage of 1.46 Vpp was found (Figure 4.10).
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Figure 4.10: Given the drop voltages, acoustic pressure amplitude was computed and
plotted against select driving voltages. The driving voltage of the previous system at 10
Vpp (dotted line) generated an acoustic pressure amplitude of 170 kPa (dashed line).
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Heat Transfer
Transducer from Newly Made Device

B

Transducer Following Use in Biological Culture

i

i

ii

ii

Figure 4.11: Comparison of several wellplate resonators to illustrate the transducer
condition difference between (A) unused resonators and (B) following 21 days of biological culture. The used transducer also shows evidence of oxidation on the transducer
(arrows), which is absent from the new device.

Wellplate device re-usability was first assessed by comparing the bulk well temperature
change to ambient temperature with both freshly made and used devices (Figure 4.11.
It was observed that the fresh devices did not change the well temperature
significantly, relative to the ambient temperature of either the room or incubator. In
contrast, it was noted that used resonators exhibiting oxidation of the electrode
transferred more heat to the surrounding fluid (Table 4.5). This difference in heat
transfer from the transducer of the device to the surrounding fluid is likely a result of
the the PZT decoupling from the carrier layer following three weeks of continuous use
and, potentially, interacting with the culture media through leaks in the device walls,
leading to oxidation of the transducer electrode.
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Ambient

Well

Driving Voltage

Device Notes

Temperature

Temperature

(Vpp)

23.7

8

new, unsealed

(C)
23.3
23.3

24.7

8

transducer
old, unsealed

36

37.2

8

transducer
old, unsealed

8

transducer
new, unsealed

36

36.5

transducer
Table 4.5: Measured heat transfer by devices into PBS-filled well compared against
ambient temperature of room and incubator.

In order to better protect the transducers during culture, PZTs were protected with a
layer of PDMS (PDMS sealed devices). In the case of both sealed and unsealed devices
at ambient and controlled temperatures, the temperature differences were within 0.2°C
of one another. The magnitude of this variation would suggest a near similar heat
transfer between the fluid layer and the bulk of the fluid within the well.

Ambient

Well

Fluid Layer

Driving

Device

Temperature

Temperature

Temperature

Voltage

Notes

(C)

(Vpp)

18

19.4

19.6

8

new, unsealed

18

18.5

18.8

8

transducer
new, PDMS
sealed

35
35

35.7
35

35.8
35.2

8

transducer
new, unsealed

8

transducer
new, PDMS
sealed
transducer

Table 4.6: Measured heat transfer by devices from the transducer to the fluid layer
at ambient and 37°C.
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Unfortunately, longer term investigation of heat transfer from the transducer to the
well with the sealed devices shown a significant increase in the fluid temperature over
four days, after which the fluid evaporated (Figure 4.12). Given this finding, the
wellplate bioreactor design would not be a usable option for long-term tissue culture as
cell viability would be compromised less than one week into a three week culture
period.

Figure 4.12: Long-term temperature validation for a PDMS sealed wellplate resonator. A thermocouple was placed in the fluid layer to measure the local temperature
change over time. The fluid temperature was allowed to stabilise overnight to ensure
consistent readings following activation of the transducer (red, dashed line). Temperature readings were found to have increased over the course of four days, after which
fluid levels dropped and the thermocouple began reading the air temperature within
the cavity (green, dotted line).

4.3.2

Design 2: Inverted Bioreactor

As the increased heating and subsequent fluid evaporation would be detrimental to cell
culture, resonators were redesigned such that the PZT was located outside of the
culture chamber, in order to allow better air cooling around the transducer and
promote cell viability.
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4.3.2.1

Modelling
(A)

(B)

Figure 4.13: (A) A transfer impedance model was used to confirm cavity resonance
and presence of pressure node about the centre of the fluid cavity for the desired resonator configuration. (B) The transfer impedance model was further validated with
a FE model to determine the kinetic energy distribution within the fluid cavity, as to
better understand the energy distribution within the pressure node and where the cells
are likely to be levitating.

To validate that the resonator design would generate a pressure node at the
half-wavelength of the fluid layer, a transfer impedance model was used to plot the
acoustic pressure profile through the transducer, carrier, fluid, and reflector layers of
the resonator (Figure 4.13A), fluid layer was given as 0.55 mm and all remaining layers
were assumed to be 1.0 mm). Following validation of node position in the fluid layer, a
FEM was used to determine the characteristics of the standing wave field
(Figure 4.13B). The model simulates the acoustic kinetic energy distribution within
the fluid cavity, at the resonance frequency of the resonator. The bright yellow to
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white areas within the fluid layer indicates the area where cells may be expected
within the acoustic trap. Given that two specific regions exist at the centre of the fluid
layer, it can be assumed that the modelled resonator produces lateral nodes, meaning
that multiple aggregates are likely to form within the cavity.

4.3.2.2

Resonator Assembly and Characterization

(A)

(B)

(C)

(D)

Figure 4.14: Several plates were measured for consistency by means of measuring (A)
the fluid layer thickness and (B) coupling layer thickness. Variations in the physical
dimensions of the resonators may explain the variability in (C) q-factor of the cavity
resonance peak and (D) the acoustic trap strength. Performance of the acoustic trap is
determined through the drop voltage-the minimum voltage to maintain a 10 micrometre
particle in levitation.
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To ensure reproducibility of the assembly protocol, the resonator dimensions were
measured. The mean fluid layer thickness was measured to be 0.55±0.009 mm across
twelve resonators (Figure 4.14A), which is close to the designed fluid layer thickness of
0.55 mm and within tolerable variation. Considering the original thickness of the PC
film being 0.5 mm, the PDMS layer thickness on either side of the film would be 0.025
mm. The coupling layer thickness between the PZT and carrier layer was measured
(Figure 4.14B), where the mean thickness was found to vary between resonators on
both the same and different plates. This was further seen when determining the cavity
resonance of the resonators, where it was observed that the q factor of the resonators
were found to vary (Figure 4.14C), suggesting discrepancies in the manual assembly
process. The drop voltage was also evaluated as a means of determining any
discrepancy in the acoustic pressure output between devices (Figure 4.14D). While it
was noted that the mean drop voltage was similar between bioreactor plates, a wide
variance exists for the tested resonators. This would suggest that some variability in
fabrication process affected the measured drop voltage readings.

4.3.2.3

Improved Long-term Cooling

Heat transfer from the PZT to the fluid layer was validated within the inverted
bioreactor by immersing the resonators within saline. The system was placed within a
cell culture incubator, where the temperature was maintained at 37°C. A thermocouple
was introduced into the fluid cavity to detected the fluid layer temperature. The well
temperature was allowed to stabilise overnight prior to generation of the acoustic trap.
Over the course of four days, the temperature was recorded to be stable at 37°C ±
0.05°C (Figure 4.15). From this, it can be inferred that the bioreactor design allowed
for more appreciable cooling of the transducer into the environment of the incubator,
thereby limiting heat transfer to the fluid layer, potentially disrupting cell culture and
tissue development.
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Figure 4.15: Long-term temperature validation for a known worn device driven at
its original (pre-run) frequency. A thermocoupler was placed in the fluid layer as to
measure the temperature change experienced by cells over time. The fluid temperature
was allowed to stabilise overnight as to ensure consistent readings following activation
of the transducer (red, dashed line).

4.4

Discussion

Previously, we have shown the potential of an acoustofluidic bioreactor for the
scaffold-free development of cartilaginous tissue [22]. Inconsistencies with the hardware
occasionally led to inadequate tissue development. The purpose of this chapter was to
improve on the initial bioreactor system by creating an open plate system to limit
bubble-related culture failure and investigate the role of the acoustic environment
during tissue culture.
The shift to a well-plate based system also allowed for the development of multiple
constructs simultaneously, whereas the previous bioreactor design allowed for the
generation of a single construct at a time. The layered resonators were constructed as
an interchangeable part to limit device-related inconsistencies and maximise the overall
modularity of the system. The mirror back-plate allowed for enhanced contrast of cells
and aggregates for both fluorescent imaging and phase-contrast, whereas previous
bioreactor iterations required cells to be fluorescent labelled for visualization against
the Macor/ceramic transducer. Unfortunately, certain design elements for this
well-plate system made it unsuitable for biological culture. Notably, continuous use of
the wellplate resonators within the well resulted in a number of issues, resulting in
increased heat transfer from the transducer to the well and active region of the device.
As this heating would adversely affect cell viability within the bioreactor, the resonator
design was changed to limit heat transfer from the transducer to the fluid layer.
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The second design described in this chapter was observed to better dissipate the heat
from the PZT and limit adverse heating of the active region within the trap. While
this system does require more extensive hand assembly, characterization of the
resonators for drop voltage and layer thicknesses found little variation between devices.
As such, further biological culture and interactions between the acoustic forces and the
cells would be accomplished using the inverted bioreactor design.

Chapter 5

Frequency Modulated Acoustic
Stimulation for Cartilage
Engineering
5.1

Introduction

Given the avascular nature of articular cartilage and low mitotic activity of the
resident chondrocytes, the tissue exhibits a limited capacity for self-repair, which will
eventually compromise the structural mechanics of the tissue and lead to degradation
of the lining and osteoarthritis. There are currently no effective pharmacological
agents to promote comprehensive healing of the articular cartilage and while surgical
treatments, such as autologous chondrocyte implantation (ACI) and microfacture,
provide temporary relief to patients, they are unable to restore the functionality of the
damaged tissue over the long term [2, 31]. To this end, tissue engineering has been
employed to generate functionally relevant, hyaline-like cartilage grafts.
Literature has highlighted the importance of the physiochemical environment in
promoting robust cartilage generation [14, 15]. Mechanical stimulation using
hydrostatic loads and cell stretching, among other forces, have been applied to activate
mechanotransduction pathways and promote chondrogenesis in cells [16, 17]. Dynamic
stimulation (e.g. cyclic shear or dynamic compression) of the cells has been shown to
result in the generation of more robust cartilage, compared to stimulation of cells with
113
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static forces [16]. Furthermore, mechanical stimulation of chondrocytes results in the
secretion of parathyroid hormone-related protein (PTHrP), a chemical factor that has
been found to aid chondrogenesis and reduce hypertrophy [228, 234, 235]. Thus, there
is clear evidence that biomechanical stimulation of chondrocytes promotes
chondrogenesis.
In recent years, cell-environment responses and phenotypic changes have been
investigated in the field of bioacoustofluidics using ultrasonic standing wave fields.
Ultrasonic standing wave fields, or acoustic traps, have been applied using either bulk
acoustic waves (BAWs), or surface acoustic waves (SAWs) to induce patterning,
alignment, and clustering of cells [18–21] within a micro-channel. Recent literature has
described a number of configurations of both SAW and BAW-based traps for cell
manipulation [21, 22], and preliminary findings have shown the ability to engineer
functional hepatocyte and neuronal aggregates using scaffold-based and scaffold-free
methodologies [23, 24].
BAW propagation traditionally occurs within a layered resonator [159], where a
piezoelectric transducer is coupled to a chamber. The transducer creates a standing
wave field within the fluid space of the chamber, where there exists an energy gradient
in which the cells are subjected to acoustic radiation forces. As cells are introduced
into the wave field, primary radiation forces direct the cells to a region of low acoustic
potential energy, or pressure node. Intercellular attraction within the pressure node is
determined by the secondary radiation, or Bjerknes, forces [76], which allow for the
formation of an initial aggregate of levitating cells. To accompany acoustic radiation
forces, acoustically induced flows by streaming may form within the fluid and improve
nutrient exchange with the levitating aggregate.
In the approach introduced in this thesis, I use an acoustic trap to aggregate cells and
by modifying the ultrasonic field we have generated time varying radiation forces and
drag forces on the cell aggregates. A number of groups have suggested that similar
acoustically generated forces can affect cells and matrix proteins within the field
[18, 22, 189, 247]. repeated displacement of the cells introduces mechanical
stimulation in the form of fluid shear stress and this has the potential to alter the
development of cartilage tissue within a scaffold-free environment. To date, however,
investigation of scaffold-free tissue culture via bioacoustofluidics has been limited and
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little is known concerning how the acoustic environment can be exploited to maximise
the potential of this approach.
The previous chapter detailed the design of the next generation acoustofluidic
bioreactor that has the advantages of immunity from bubble build-up, easy cell
injection, parallelized throughput, and the potential for scaling to larger construct
sizes. In this chapter, I identify sources of mechanical stimulation created in the
bioreactor, and demonstrate that the acoustic environment can be electronically
modulated to produce cartilage of more optimal properties. It has been reported that
mechanical stimulation of chondrocytes results in the secretion of parathyroid
hormone-related protein (PTHrP), a chemical factor that has been found to aid
chondrogenesis and reduce hypertrophy [228, 234, 235]. The combination of
mechanical stimulation with this factor is investigated here and found to further
promote robust cartilage development when used in combination with acoustically
derived stimulation to promote robust cartilage development.
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5.2
5.2.1

Materials and Methods
Acoustic Streaming Characterization

Figure 5.1: Example vector field output from MPIV script. Displacement vectors
(arrows) are generated between segmented blobs found between two consecutive images.

The acoustic streaming velocity within the acoustic trap was characterized using 1 µm
fluorescent polystyrene beads. Bead movement is influenced by acoustic drag forces
and was captured via time-lapse imaging using a 10x objective and 400 msec frame
interval. Image data was analysed via a particle image velocimetry (PIV) toolbox in
MATLAB (MPIV) to quantify bead displacement and mean particle velocity between
sequential frames. MPIV was accomplished as described in Zmijan et al. [164].
To improve the algorithm’s ability to accurately trace particle paths between
sequential frames, the images were first eroded using a 16 pixel2 disk element
(Figure 5.1). Following particle identification, tracing between frames was
accomplished using an interrogation window 6% of the frame size and assuming a
maximum displacement of the cells of 2.5% along the x and y axes. Following particle
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analysis through the time-lapse video, the median of the dataset was then take to be
the average particle velocity for a parameter set.

5.2.2

Characterization of Acoustic Environment

To understand the effect and, specifically, the stresses applied onto the cells during
culture, a number of frequency sweep parameters were tested: ranges of 100 kHz and
200 kHz about the centre frequency at sweep repetition rates of 1, 2, 5, 10, 20 and 50
Hz. Imaging of ATDC5 levitated in this environment was performed at a rate such
that 16 frames were acquired for each frequency sweep, to ensure sufficient sampling
(i.e. the frame rate for the 1 Hz sweep was 16 fps and 800 fps for 50 Hz). Sampling
continued until 10 such cycles had been captured. The resulting time-lapse data was
analysed via image cross-correlation to determine the displacement of the cells between
sequential frames at different sweep repetition rates. The displacement data was then
introduced into an analytical model to determine the fluid shear stress applied onto the
cells. This model was further validated with an FEM to better support the analytical
results.
Given the repeatable displacement path of the cells as they are stimulated, and that
one full motion can be seen in a single period, the shear stress amplitude on the cells
was reported as the peak-to-peak stress. This was computed across resonators within
the same plate as well as across multiple sweep repetition rates at a sweep range of 100
kHz and 200 kHz.

5.2.2.1

Analytical Model for Approximating Fluid Shear Stress

For the analytical model, the resulting displacement data was curve fitted through a
two term Fourier regression and the second order coefficients were used to calculate the
resulting shear force on the cells (Equation 5.1A). Oscillations occurring at the
pressure node were computed using Stoke’s boundary layer model for a rigid plane
(Equation 5.1B) moving with a velocity amplitude defined by Vo , where the pressure
node was assumed to be at a non-slip boundary (z = 0) (Equation 5.1C). This motion
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was assumed to result in fluid shear stress applied onto the cells (Equation 5.1D–E).
∂v
∂z

(5.1a)

v(z, t) = Vo e−kz cos(ωt − kz)

(5.1b)

τ =µ

∂v
= −Vo ke−kz cos(ωt − kz) + Vo ke−kz sin(ωt − kz)
∂z
∂v
= Vo ke−kz [sin(ωt − kz) − cos(ωt − kz)]
∂z
r
ω
τ = µVo
[sin(ωt) − cos(ωt)]
2ν
r
ω
π
τ = −µVo
[sin( − ωt))]
ν
4

(5.1c)
(5.1d)
(5.1e)
(5.1f)

Where µ and ν are given as the dynamic viscosity and kinematic viscosity of water at
37 ◦C, respectively, ω is the angular frequency, and k is the wavenumber, where
pω
[248]. A MATLAB script was written to process the average displacement
k = 2ν
data and is provided in section A.2. The mathematical model was further validated
through a simple fluid shear model in COMSOL with the experimentally derived
velocity data to calculate the fluid shear amplitude.

5.2.2.2

Finite Element Model for Approximating Fluid Shear Stress

To determine the shear stress applied onto the cells, a 3D laminar flow based model
was used to simulate the oscillating movement of the cells and compute the magnitude
of fluid shear stress on the cells. The model simulated half of the fluid layer of the
resonator, such that the upper boundary of the model represented the carrier layer and
the bottom boundary functioned as a moving wall to simulate the oscillating
movement of the cells. The experimentally derived displacement data was applied as a
velocity boundary condition (after smoothing with a piecewise cubic function) to the
moving wall to better simulate the aggregate movement within the fluid layer at
different acoustic parameters.
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Bioreactor Culture of Human Articular Chondrocytes

Monolayer cultured HACs were harvested at confluence and suspended in serum-free
chondrogenic medium consisting of α-MEM supplemented with transforming growth
factor-beta (10ng/mL, TGF-β3, Peprotech 100-36E), 1x ITS, dexamethasone (3.92
ng/mL, D4902), and L-ascorbate-2-phosphate (28.95 ng/mL, A2P, A8960) at a
concentration of 1x106 cells/50 µL. The cell suspension was then introduced into a
resonator using a flexible gel-loading pipette tip and cultured for 21 days under
hypoxic conditions (37o C, 5% CO2 and 5% O2 ). At day 10, 10 ng/mL Parathyroid
hormone-related protein (PTHrP) and proline were introduced to the chondrogenic
media and maintained until the end of the culture point. 3D pellet culture, as
described below, was used as a control condition to compare against the bioreactor
culture. Following end of culture, the reflector layer was removed and the generated
constructs were extracted from the device and chemically fixed overnight with 90%
ethanol. Sample preparation for histology and staining was accomplished as previously
described subsection 3.2.6.

5.2.4

Organotypic Defect Model and Mechanical Testing

In order to assess the mechanical properties of the engineered tissue, the constructs
assessed by nanoindentation. To ensure the test output was reflective of the tissue
construct without any substrate influence [249], the constructs were implanted into
native cartilage and cultured for six weeks prior to nano-indentation. To create an
appropriate mounting location, cartilage explants were harvested from the non-loaded
regions of osteoarthritic femoral heads and a defect was manually introduced into the
explant using a 3 mm ball-drill bit. The engineered cartilage was positioned into the
defect and the model was cultured on a transwell insert for six weeks at 37o C and 5%
CO2 . Following the culture period, samples were mounted into a liquid cell for
mechanical testing.
Following the culture period, nanoindentation testing was performed using a NanoTest
Vantage System (Micro Materials, Wrexham, UK), using a 400 µm diameter, diamond
cono-spherical tip (Ei = 1141 GPa, νi = 0.07) in the liquid cell attachment to ensure
the samples were submerged in PBS and stayed fully hydrated. The indentation points
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were manually selected on both the native cartilage and the engineered tissue. Given
the viscoelastic nature of cartilage, the indentation measurements were run in load
control to a maximum load of 0.05 mN at a rate of 0.005 mN/second with a dwell at
peak load of 60 second to ensure a linear loading/unloading response from the tissue,
thereby permitting the tissue to be assessed as an elastic material. The average
indentation depth from both the native and engineering cartilage was measured to be
2.5 µm±0.39 µm, which is less than 5% of both tissue types, meaning that the
indentation points may be assumed to reflect the material properties of the indented
tissue and not the underlying substrate [249].
The data acquired from three indentation points was used to determine the mean
reduced modulus (Er ) for either the native or engineered cartilage and repeated for
three patient samples. In order to obtain the Young’s modulus (Es ) from the reduced
modulus output by the nano-indenter, the Poisson’s ratio (νs ) of both the native and
engineered cartilage was assumed to be 0.34 [250–252]. The Young’s modulus was then
calculated by rearranging the terms from the general indenter equation (Equation 5.2)
[253].

Es =

5.2.5

(Ei Er )(1 − νs 2 )
Ei − Er (1 − νi2 )

(5.2)

Microscopy

Fluorescence timelapse images were acquired using an Olympus upright fluorescence
microscope with FITC filter (excitation/emission wavelengths: 485 nm/515 nm,
Olympus), Rhodamine filter (excitation/emission wavelengths: 546 nm/560 nm,
Olympus), and Orca-Flash4.0 (Hammamatsu) with HCImage software.

5.3
5.3.1

Results
The Acousto-mechanical culture environment

It was previously observed that by making small (up to 50 Hz) variations to the
electrical driving frequency around the acoustic resonance, the acoustic forces change
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to displace the aggregation positions of the cells laterally [22]. Thus, by periodically
varying this frequency (using a linear frequency sweep) the aggregates are caused to
vibrate backwards and forwards, inducing fluidic shear and deformational stress on the
cell aggregates. For the purposes of this thesis, I use the term sweep repetition rate to
denote how often the sequence of applied frequencies is cycled through, exploring a
range of 1–50 Hz. Simply speaking, this corresponds to the observable frequency of
lateral vibration of the aggregates. It is important to note that the cells will be
exposed to both the lateral, cyclic oscillations from the frequency sweep and
surrounded by constant fluid flux as a result of acoustic streaming within the wave
field. It should also be appreciated that the mechanical stresses will have higher order
frequency components due to the complex relationship between acoustic frequency and
lateral position. The magnitude of the cyclic shear stresses vary with both the sweep
repetition rate and the amplitude of the driving waveform as discussed below. In the
initial phase of cell culture (typically around 14 days), aggregates would be in full
levitation, and the primary source of stimulation on the cells at this time would from
the lateral oscillations. Later on, the aggregates would grow to a point where they
contact the device walls and cease to move so freely. During this phase the acoustic
forces are more likely to induce deformation-related stresses, however I only quantify
the fluid-shear derived forces in this chapter.
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5.3.1.1

Perfusion and Acoustic Streaming flows

(A)

(B)

Figure 5.2: Acoustic streaming forces would influence (A) fluid flow within the resonator and, correspondingly, some of the (B) fluid shear stress applied onto the cells.
The streaming velocities within the acoustic trap at different driving parameters. Velocities were computed at the cavity resonance (fixed frequency) compared against a
100 kHz and 200 kHz frequency sweep at a sweep repetition rate of 50 Hz and 12.5
Hz. While a variation was observed in the velocity magnitudes between a driving the
system at a fixed frequency, 100 kHz, and 200 kHz, the sweep repetition rate did not
greatly influence the fluid flow as a result of streaming. Correspondingly, the fluid
shear stress from acoustic streaming stays relatively constant between different sweep
repetition rates. Note that in addition to the calculated shear stresses from the acoustic
streaming, there will additionally be shear stresses resulting from the movement of the
cells caused by the acoustic radiation forces shown in Figure 5.4B. (n = 3, x̄ + SD)
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Mean Streaming

Mean Fluid

Velocity

Shear Stress

(µm/min)

(mPa)

Fixed Frequency, 10 Vpp

640 ± 456

29.9 ± 21.3

100 kHz, 12.5 Hz, 10 Vpp

65.3 ± 4.66

3.06 ± 0.22

100 kHz, 50 Hz, 10 Vpp

65.4 ± 20.4

3.06 ± 0.95

200 kHz, 12.5 Hz, 10 Vpp

56.3 ± 6.57

2.63 ± 0.33

200 kHz, 50 Hz, 10 Vpp

52.0 ± 4.45

2.43 ± 0.21

Driving Parameter Set
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Table 5.1: Summary of mean fluid velocities and shear stresses exerted by the acoustic
streaming forces.

Acoustic streaming is the mean flow induced in a fluid due to absorption of the
ultrasonic energy [80, 254]. In this case, it is boundary driven streaming, resulting
from acoustic energy dissipated in the device walls [81, 255]. Motion of the media in
our system due to acoustic streaming was found to be comparable in magnitude to
previously reported pumped media-perfusion flow velocities [22]. In our system, block
media changes mean that this is the sole source of perfusion flow. Acoustic theory
[256, 257] predicts that streaming velocities are likely to be independent of the sweep
repetition rate. My results uphold this as illustrated in Figure 5.2 and summarized in
Table 5.1, where it was observed that the mean streaming velocities at a frequency
sweep of 200 kHz and sweep repetition rates of 12.5 Hz and 50 Hz were 56.3 ± 6.57 and
52.0 ± 4.45 µm/min, respectively. At these same sweep repetition rates and frequency
sweep of 100 kHz, the resulting mean streaming velocities are marginally higher than
those at 200 kHz (Figure 5.2A). These velocities can also be compared to the perfusion
flow of 34 µm/min previously reported [22]. It is important to note that the average
acoustic energy entering the system is independent of the sweep repetition rate, hence
other acoustic energy-based effects on cells (such as heating) will also be independent
of this. The shear stresses ((Figure 5.2B) on the cell aggregates resulting from these
streaming flows are calculated to be 2.63 ± 0.33 and 2.43 ± 0.21 mPa for a frequency
sweep of 100 kHz and sweep repetition rate of 12.5 Hz and 50 Hz, respectively. These
continuous stresses will be applied to the aggregates in addition to the typically larger
time-varying ones derived from the periodic lateral movement discussed below.
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5.3.1.2

Modulating aggregate displacement and fluidic shear stresses

(A)

(B)

(C)

(D)

(E)

(F)

Figure 5.3: Displacement paths of cell aggregates at sweep ranges (A, B), driving
voltages (C, D), and different sweep repetition rates (A, C, E). The particle displacement over a single period is denoted in (F) for 100 kHz, 2 Hz, 10 Vpp, indicating the
repeatable nature of the cell movement. The displacement amplitude was found to
vary with the sweep repetition rate as well as the driving voltage to the trap. Particle
paths varied with for a given sweep repetition rate and range (AC), whereas altering
the driving voltage changed the size of the particle path, but had little effect on the
shape of the path taken by the cells.
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To quantify how the acoustic driving parameters modulate the paths traced out by the
cell aggregates, and the resulting fluidic shear stresses, ATDC5 cells were imaged in
levitation. Figure 5.3 shows example paths derived from image processing. It was
observed that the sweep repetition rate affected the shape of the path followed by
ATDC5 cell aggregates (Figure 5.3), and the size of the area traced out. Higher sweep
repetition rates displayed reduced lateral displacement of the cells, with 50 Hz
displaying virtually no measurable displacement. I deduced that for the parameters
explored, the aggregates are in dynamic motion, limited by viscous drag. Essentially,
at higher rates the aggregates have less time to move significantly before being
redirected towards another location.
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(D)

Figure 5.4: Shear analysis was determined at different sweep repetition rates by
modelling the displacement profiles on the cells along a moving boundary. (A) It was
observed that the resulting shear stress on the boundary was repeatable long multiple
cycles through a (B) 100 kHz and (C) 200 kHz sweep range. (D) Finally, the stress
magnitude was also quantified at different driving voltages to show that the degree of
mechanical stimulation is highly tunable across a variety of parameters. All data points
were constructed from n = 3 (mean ± SD)
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The time-varying shear stress is plotted in Figure 5.4A, and is seen to be a steady,
periodic waveform. Given the cyclic nature of the stress and complex two-dimensional
movement of the cell aggregate movement I choose to extract the peak-to-peak value of
the stress waveform for subsequent comparison. Relative to 100 and 200 kHz, the
model also suggests a reduction in the shear applied onto the cells as the sweep range
increases. The relationship between sweep repetition rate and shear stress is shown in
Figure 5.4B, C, which shows a peak stress in the region of 5 Hz, decreasing either side
of this. More detailed examination of the role of driving voltage and repeatability (at 2
Hz) is shown in Figure 5.4D—increased voltage leads to increased shear stresses,
related to the expected squared dependence of acoustic forces on driving voltage. It
should also be appreciated that the shear stresses exerted onto the cells is similar
across multiple resonators (Figure B.2), meaning that there should be reasonable
uniformity between tissue produced by multiple resonators on a single bioreactor plate.
As a result, it can be seen that by controlling both the sweep repetition rate, and the
driving voltage our system is able to be programmed to deliver a specific frequency and
amplitude of mechanical stimulation to the cells over the course of the culture period.

5.3.1.3

Time-Dependent Investigation to Aggregate Structure and Fluid
Shear Stress

Following the shear stress determination at t0, the cells were cultured within the
acoustic trap to determine any short-term changes to the aggregate and the acoustic
environment. It was observed over the course of 22 hours that the cell nuclei became
more circular and condensed in shape and further altered the aggregate structure to a
multi-layered conformation (Figure B.1). Given this, it can be inferred that the
ATDC5, following introduction to the trap, spread laterally whilst maintaining a
multicellular structure axially due to the cell-cell interactions between chondrocytes.
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Figure 5.5: Shear stress was measured at various time points over 22 hours to determine how the aggregate changes in response to the applied forces. Resulting shear amplitude was normalized to the initial shear stress amplitude to better visualize changes
to the stress magnitude over time. Within the first day of culture, it was noted that
the stress on the cells increased between two and four hours following the start of the
bioreactor culture. Towards the second day, however, the shear magnitude was noted
to have decreased to better match the force applied to the cells within the first two
hours of culture. All data points were constructed from n = 3 (mean ± SD).

The fluid shear applied on the cells was further investigated over a short-term culture
to understand how the stress applied onto the cells changes as the aggregate grows and
changes its structure over the culture period (Figure 5.5). Shear stress was measured
at various time points over one day of culture to determine how the aggregate changes
in response to the applied forces. Resulting shear amplitude was normalized to the
initial shear stress amplitude to visualize change. It was noted that the stress on the
cells increased between two and four hours following the start of the bioreactor culture.
Towards the 22 hour point, however, the shear magnitude was noted to have decreased
to be similar to the force applied to the cells within the first two hours of culture. The
overall change in stress magnitude over time is not significantly different relative to t0,
so it can be inferred that the overall shear stress on the cells stays constant over this
time period in spite of the morphological change to the aggregate depicted in
Figure B.1.
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Biological response to physico-chemical environment within
acoustic trap

The role of the physicochemical environment within the acoustic trap in stimulating
cartilage development was assessed at different sweep repetition rates at constant drive
voltage. The mechanical stimulation regime that promoted hyaline-like cartilage
formation was then supplemented with the growth factor, PTHrP, to examine whether
this provided additional chemical cues in combination with mechanical stimulation for
improved human cartilage formation.

5.3.2.1

21 day culture of human articular chondrocyte (HAC) aggregates
in presence of varying sweep repetition rates

HAC aggregates were cultured for 21 days in the acoustic traps using either a sweep
repetition rate of 50 Hz (Figure 5.6) or 2 Hz (Figure 5.7) and the resulting 3-D tissue
constructs were harvested for histological and immunohistochemical analyses of
cartilage formation.
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Figure 5.6: HAC tissue constructs following 21 days of culture within acoustic devices
at 50 Hz. The 50 Hz regime produced subpar cartilage where type-II collagen (COLII)
was primarily found on the tissue periphery and very few cells express SOX9 staining.
Tissue sections were selected from a representative set of three patients. Scale bars =
100 µm
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Day-21 constructs generated in the bioreactor in response to a sweep repetition rate of
50 Hz (Figure 5.6) were significantly small in size (3̃00 µm) and appeared as aggregates
of cells held together by extracellular matrix, which was largely composed of
proteoglycans stained with Alcian blue (Figure 5.6i-ii). The constructs exhibited
negligible expression of the chondrogenic proteins, namely SOX-9 (Figure 5.6iii) and
Type-II collagen (COLII) (Figure 5.6v), coupled with negligible immunostaining for
collagens Type-I (COLI) and Type-X (COL X) (Figure 5.6vi).
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Figure 5.7: HAC tissue constructs following 21 days of culture within acoustic devices
at 2 Hz. In contrast to the 50 Hz regime, the 2 Hz regime resulted in more COLII as
well as type-I and type-X collagen (COLI and COLX, respectively) distributed within
the matrix. SOX9 staining was also expressed within more of the cells in the case of the
2 Hz regime. Tissue sections were selected from a representative set of four patients.
Scale bars = 100 µm

In contrast, day-21 constructs generated in the bioreactor in response to a sweep
repetition rate of 2 Hz (Figure 5.7) were consistently larger in size (Figure 5.7i depicts
a construct that is 1.42 mm by the longest length). Most cells in the cartilaginous
constructs had organized themselves within distinct lacunae embedded in the Alcian
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blue-stained, proteoglycan-rich extracellular matrix (Figure 5.7i, ii). Moreover, robust
expression for SOX-9 and COLII were observed in the cells and the surrounding
extracellular matrix, respectively (Figure 5.7iii, v). However, it was possible to detect
distinct immunostaining for COLI and COLX in the extracellular matrix of the
cartilaginous constructs (Figure 5.7iv, vi).
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5.3.2.2

Supplementation of Bioreactor Culture with PTHrP

Figure 5.8: HAC tissue constructs following 21 days of culture within acoustic devices
at 2 Hz. Culture was supplemented with PTHrP at D10-21. Supplementation of 2 Hz
culture with PTHrP resulted in a more robust tissue structure and reduction of COLI
and COLX within the matrix, relative to the 2 Hz regime. Tissue sections were selected
from a representative set of four patients. Scale bars = 100 µm

To assess the possibility of further enhancing the cartilage structure, chondrocytes that
were stimulated by a sweep repetition rate regime of 2Hz for three weeks were cultured
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in the bioreactor in chondrogenic medium supplemented with PTHrP from day 10 to
the end of culture (i.e. 2 Hz + PTHrP regime). Day-21 constructs generated using
these culture conditions (Figure 5.8) were appreciably larger in size (1.71 mm along
the longest length for Figure 5.8i) compared to constructs generated in response to
sweep repetition rates of 50 Hz and 2 Hz without the supplementation of PTHrP. The
cartilaginous constructs were reminiscent of native hyaline cartilage as they were
composed of numerous chondrocytes, which expressed SOX-9 and were located within
distinct lacunae embedded in dense extracellular matrix containing Alcian blue-stained
proteoglycans and abundant COLII (Figure 5.8i–iii, v). Furthermore, expression of
COLI was markedly reduced in the cartilaginous constructs and restricted to the
peripheral layer of the constructs (Figure 5.8Div). Due to the inhibitory effect of
PTHrP on chondrocyte hypertrophy, negligible expression of COLX was observed in
the cells and the extracellular matrix of the cartilaginous constructs (Figure 5.8vi).
This coupled with the marked absence of the two hypertrophic markers, namely
Osteopontin (OPN) and Alkaline phosphatase (ALP), confirmed that the culture
regime prevented terminal differentiation of the chondrocytes within the hyaline-like
cartilaginous constructs (Figure 5.9).
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Figure 5.9: Further histological assessment of 2 Hz + PTHrP samples for hypertrophy.
Samples were found to have noticeable intracellular staining of COLX. Further staining
for osteogenic markers (alkaline phosphatase and osteopontin) was not appreciably
observed, suggesting that tissue did not display significant development of hypertrophic
cartilage. Scale bars = 100 µm

5.3.2.3

Integration with native tissue and mechanical testing

Constructs formed at 2 Hz + PTHrP were cultured for six weeks within native cartilage
(Figure B.3). Nano-indentation was used to assess mechanical properties. Multiple
indentations were made on both the engineered tissue and the native cartilage; at least
4 points were used to generate an average for a given patient (Figure 5.10). The
reduced Young’s modulus is proportional to the bulk modulus by Poisson’s ratio,
which literature has given to be 0.34 [250–252]. The native cartilage elastic modulus
(187 ± 23 kPa), was of comparable stiffness to the engineered tissue (200 ± 63 kPa).
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Figure 5.10: Mechanical properties of the engineered cartilage tissue was compared
against native cartilage to further quantify the quality of the constructs. A spheroidal
diamond tip was used to indent the tissue 3 µm below the surface. The resulting force
measurements were used to compute the reduced Young’s modulus and viscoelastic
properties of the constructs. The reduced Young’s modulus is proportional to the bulk
modulus by Poisson’s ratio, which was assumed to be 0.34.

5.4

Discussion

In this chapter, I designed a novel acoustofluidic bioreactor system to culture
chondrocytes in levitation to generate hyaline-like cartilage. I have investigated and
quantified how the fluidic shear stresses produced by the bioreactor could be
modulated electronically, and assessed resulting differences in tissue constructs. I
showed that the ability to modulate the stresses opens the possibility of tuning the
system to promote better cartilage formation.
For this study, I describe the biomechanical interaction between the acoustic field and
the cells as a result of the acoustic streaming drag forces and acoustic radiation forces.
Acoustic streaming allows for nutrient exchange around the developing tissue at
velocities comparable to previously reported perfusion culture [22]. The acoustic
radiation forces direct both cell levitation and aggregation to certain energy sites
within the pressure node. Additionally, it was recognized that sweep through a range
of frequencies shifted the location of the aggregate within the pressure node. As a
result, manipulation of the sweep repetition rate changed the displacement path and
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amplitude of the cell aggregate; however, manipulation of the electrical driving
parameters did not significantly affect the streaming velocities within the fluid.
The stimulation created by dragging the cell agglomerate laterally at a rate
determined by the sweep repetition rate has some key advantages. Acoustic
stimulation of cells has been reported to be complex and multifaceted, resulting in the
repair, proliferation, and differentiation of numerous cell types [139, 152, 258]. In this
system, both the acoustic energy absorbed by the system (and hence any heating) as
well as the acoustic streaming velocities are independent of the sweep repetition rate,
providing a means to isolate the mechanical component of the resulting stimulation as
well as tailor it for specific goals. The contact-less nature of the stimulation is in
contrast to contact-based methods, which can reduce the surface area of the aggregate
available for perfusion [75].
The bio-effects of modulating the acoustic field on human cartilage generation were
determined by comprehensive immunohistochemical analyses of the cartilage
constructs, generated as a result of 3-D, scaffold-free culture of HACs in the
acoustofluidic bioreactor over a period of 21 days. This study found that a higher
sweep rate (50 Hz), which produces less stimulation, resulted in sub-optimal cartilage
formation. In contrast, a 2 Hz regime resulted in the generation of cartilaginous
constructs exhibiting regions of hyaline-like structure, characterized by robust SOX-9
and Type II collagen expression. However, the constructs were also characterized by
the conspicuous presence of collagen Type I and Type X, normally expressed in fibrous
and hypertrophic cartilage, respectively. This suggested that, although mechanical
stimulation as a result of application of the sweep repetition rate of 2 Hz elicited a
favourable chondrogenic response from the cells, further parameter optimization was
necessary to promote the formation of robust hyaline-like cartilage and to minimize
hypertrophy.
To improve cartilage formation, in addition to manipulating the mechanical
environment, culture of the HAC aggregates within the acoustic field was investigated
in the presence of PTHrP, a growth factor with defined roles in promoting
chondrogenesis and inhibiting hypertrophy, especially in presence of mechanical
stimulation [228, 234, 235]. Notably, 21-day constructs generated in the bioreactor in
chondrogenic media supplemented with PTHrP, using a sweep repetition rate of 2 Hz
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were: i) appreciably larger in size, ii) exhibited distinct hyaline-like cartilage structure,
iii) demonstrated robust expression of SOX-9 and Type II collagen, and, importantly,
iv) displayed negligible expression of collagen Type I and Type X. Additionally,
mechanical analysis of the cartilage tissue using nano-indentation showed the
engineered human cartilage constructs to have stiffness similar to that of native human
cartilage tissue.
My findings demonstrate the capability of acoustofluidics as a tunable biomechanical
technology for the culture and development of hyaline-like human cartilage constructs
in vitro and provide a new platform to investigate scaffold-free cartilage tissue
engineering. Similarly to the work presented in this chapter, Schatti et al.
implemented a parametric analysis study of compressive loading on chondrocytes, to
which they found that the rate of stimulation and force magnitude affected the matrix
composition of the tissue [259]. These results correspond to the results in this chapter,
where I have examined and quantified the biomechanical stimulation applied by the
acoustically derived periodic fluidic shear to aggregates, and presented how the matrix
composition of the tissue differs between a driving sweep rate of 2 Hz and 50 Hz. The
matrix composition was shown to be further improved through supplementation of the
culture media with PTHrP with the 2 Hz stimulation regime.
It should be appreciated, however, that while the streaming velocities were
characterized separately from the lateral displacement on the cells, the acoustic field
simultaneously exerts these forces into the resonant cavity, meaning that the streaming
patterns and forces, particularly at the lower sweep repetition rates, may be influenced
by the oscillatory motion of the levitating aggregate. Specifically, the aggregate would
encounter higher displacement amplitudes at lower sweep repetition rates, which may
add a mixing element to the system, thus affecting the streaming patterns around the
aggregate and potentially its influence on the cells. Furthermore, as discussed
previously, the shear stresses on the cells were reported early in the tissue development
cycle and may further change as the aggregate density increases and changes
conformation with matrix production. In summary, there are likely to be other
interacting forces at play during the culture period, and further characterization of the
interaction between the acoustic environment and the cells will be carried out in the
future work, along with assessment of changes in chondrogenic gene expression in
response to the acoustic environment.

Chapter 6

Conclusion
The primary aim of this thesis was to investigate the biomechanical role of the
ultrasonic wave field during cell culture and tissue development. To validate the role of
the acoustic environment to produce robust hyaline-like cartilage, an investigation of an
appropriate cell source was first pursued. Co-cultures of human primary chondrocytes
and skeletal stem cells were maintained in ratios of 1:2, 1:1, and 2:1 under normoxic
conditions. The tissue quality was assessed by histological staining for proteoglycans,
SOX9, COLI, II, and X. Analysis of pellets from three patients showed that the HAC
biased mixture provided the most ideal staining with respect to the other co-culture
conditions and SSC control. However, the tissue quality of the HAC control pellets
were consistently better than the co-culture pellets, suggesting limited interaction
between the chondrocytes and stem cells. This was the first study to show co-culture
of STRO-1+ SSCs with HACs and further shown that the stem cells were unable to
generate robust hyaline cartilage, despite the addition of HACs into the population.
After determining an effective cell source, a new bioreactor design was pursued. A new
acoustofluidic bioreactor was designed to be a high-throughput and to quantify the
interactions and repeatability of the acoustic interactions with the cells. Previously,
our group has shown the potential of an acoustofluidic bioreactor for the scaffold-free
development of cartilaginous tissue [22]. Inconsistencies with the hardware occasionally
led to inadequate tissue development. Specifically, bubble formation within the
medium reservoir would result in perfusion and trapping of bubbles within the acoustic
trap. Surface tension would then push cells out of the trap, leading to either a smaller
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tissue construct or nothing at all. As microbubble formation is prevalent in
microfluidic systems, the present research addressed this issue by redesigning the
system to a open sided chamber, whereby resonators were immersed in culture media
within a sterile cavity. This bioreactor also allowed the investigation of the mechanical
environment created by the acoustic forces within the fluid cavity and its contributions
to tissue development. These mechanical-based findings were compared against tissue
development with chemical supplementation into the media to further investigate the
influence of the physicochemical environment within the acoustofluidic bioreactor
during tissue development.
I demonstrated that the acoustic forces applied onto the cells were able to be
manipulated by the driving parameters from a signal generator, specifically the driving
voltage, sweep repetition rate, and sweep range. The acoustic forces investigated in
this study, which were thought to mechanically influence the cells, were the acoustic
streaming forces and secondary radiation forces. The acoustic streaming forces
measured in the present study allow for nutrient exchange around the developing tissue
at velocities comparable to the perfusion culture previously reported [22]. The drag
forces are controllable through the sweep range and voltage applied into the trap, given
that the streaming velocities were significantly higher at a single frequency and
unaffected when sweeping at different rates.
The mechanical characterization of these forces was linked to cartilage development
through long-term tissue culture within the bioreactor. The results from this study
found that a high sweep rate (50 Hz) resulted in sub-par cartilage formation, whilst a
lower sweep rate (2 Hz) resulted in substantially more cartilage-specific matrix
production and formation of a very hyaline-like structure, including lacunae. In
addition to manipulating the mechanical environment, chondrocyte culture within the
acoustic field was also investigated in the presence of PTHrP. It has been reported that
PTHrP inhibits hypertrophy and further promotes chondrogenesis in chondrocytes,
especially when mechanically stimulated [234, 235, 259]. To test the influence of
PTHrP within the bioreactor, the chondrogenic media was supplemented with the
growth factor mid-way through a 2 Hz culture within the acoustofluidic bioreactor. It
was observed that the structure of the tissue was greatly promoted to better define the
lacunae, which was reproducible within multiple patient sets.
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The work accomplished in this thesis provides a preliminary understanding into how
modulation of the acoustic environment may yield bio-mechanically relevant forces for
cartilage engineering. Future work would focus on (1) further refining the bioreactor
system, (2) a deeper understanding of how the acoustic forces stimulate the
cells—both in the short term and long term—(3) as well as extending the application
of this bioacoustofluidics system for use with other cell/tissue types and the generation
of tissue models for other bioengineering applications.
The acoustofluidic bioreactor system presented in this thesis was used to levitate and
stimulate chondrocytes using a combination of acoustic radiation and streaming forces.
As streaming stems from the acoustic energy attenuation into the fluid, it would not
be possible to separately determine the biological contribution of the radiation and
streaming forces. An analogue system may be developed to assess streaming-like forces
on a spatially fixed aggregate to simulate levitation. Additionally,
mesenchymal/skeletal stem cell culture within the resonator can be explored to
compare against the pellet culture model results as discussed in Chapter 3.
Considering that a different cell type may react differently to the incident shear stress,
further evaluation of the sweep repetition rate and the shear magnitude applied onto
the cells would be required to ensure an optimal mechanical stimulation regime to
induce differentiation down the appropriate lineage. Furthermore, as discussed by
Fischer et al., optimization of biochemical factor interaction with the cells and
developing cells may be required to limit an adverse reaction from the cells (such as
hypertrophy), while maintaining and improving the expression of desired markers
[236]. Literature has also presented application of acoustic trap for the engineering of
vascular [19–21, 73] and neuronal [24] tissue models; however, engineering either more
clinically relevant tissue or more complex tissue structure, such as osteochondral or
aortic tissue, would require a more complicated bioreactor design to permit culture and
integration of multiple cell types.
The concept presented in this thesis of a layered resonator for acoustic stimulation and
levitation can be expanded on to design a more efficient system for cell and tissue
culture. The system design presented in this thesis is sufficient for a preliminary
investigation to cartilage engineering, however, it should be appreciated that the
output constructs are not of a clinically relevant size for implantation. Development of
a larger construct may be possible by transitioning from a layered resonator system to

144

Chapter 6 Conclusion

a transverse resonator or a Scholte-wave system [260]. The primary benefit of these
system types over a layered resonator structure is that the acoustic wave propagation
occurs perpendicular to the transducer face, where a transverse standing wave field
propagates through the bulk of the fluid and a Scholte wave is generated near the
surface of the carrier layer [261] and would allow for the development of an open well
system, such as the transverse well-plate design reported by Christakou et al. [183].
An open well-type system would allow for improved culture maintenance, identification
and acquisition of the growing tissue construct at different time points, which would
allow for further assessment of the biomechanical relevance of the acoustic trap for
stimulating the cells. It should be appreciated, however, that the mechanistic
differences in how the acoustic trap is generated between a layered resonator,
transverse, and Scholte wave system may change the driving parameters needed to
assemble viable aggregates to develop into robust cartilage from the bioreactor and
comprehensive re-characterization of the culture environment would be required.
Considering the limited understanding of the mechanotransduction pathways involved
in acoustofluidic cell stimulation, a further extension from this thesis work would
involve improved parametric analysis into the characterization and influence of the
acoustic forces, both laterally and axially, on levitating cells. This may be
accomplished via super resolution microscopy to better visualize the cell membrane
and potential changes to its morphology and how the deformation may translate into a
stimulating force. The lipid order imaging investigation would provide some insight
into the short-term (day 0) response of the cells to the acoustic stimulation and can be
linked to a quantitative gene expression analysis with cells acoustically stimulated at
high (20–50 Hz) and low (1–5 Hz) sweep repetition rates cultured to day 1–5 within
the resonator. In addition to this change in the lipid order, Bazou et al. previously
reported actin stress fibre formation and the relevance of gap junction formation for
promoting cell-cell interactions in levitation [180, 184]. Additionally, G-protein couple
receptors (GPCRs) and subsequently Rho kinase activation and F-actin
polymerization have been extensively reported to be associated with fluid shear-based
stimulation [262–264]. These proteins are further associated with the Hippo signalling
pathway, which also includes yes-associated protein (YAP)—a transcriptional regulator
reported to be linked to mediating mechanical cues from the cellular microenvironment
in MSCs and regulated by different shear flow patterns in endothelial cells [265–268].
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Given that YAP functions by translocating from the cytoplasm to the nucleus to
activate genes upon mechanical stimuli, gene expression analysis by real time
quantitative-polymerase chain reaction (RT-qPCR) of YAP targets, such as connective
tissue growth factor (CTGF) and cysteine-rich angiogenic inducer 61 (Cyr61)
[268–270]. Both CTGF and Cyr61 have been implicated in cellular response to shear
stress [270]. To further provide insight into how acoustic environment affects the cells,
Western Blotting of the nuclear and cytoplasmic protein fractions from cells driven at
different regimes can provide evidence of YAP nuclear accumulation upon receiving
stimuli. Immunofluorescence staining of YAP in cells stimulated at high and low sweep
rates, using non-stimulated cells as control, would allow visualization and
quantification of YAP nuclear intensity upon stimulation. Furthermore, actin
polymerisation and dynamics can be studied with the use of fluorescently-tagged actin
constructs or LifeACT constructs to specifically label F-actin. Fluorescent small
molecule probes such as Spirochrome probes with high specificity for F-actin can also
be useful for this purpose.
In summary, this research presents an initial assessment to the biomechanical relevance
of acoustofluidics for engineering tissue. While the physical system described in this
thesis proved to be limited, further optimization of the system design and exploration
of new bioreactor systems, as well as elucidating the biomechanical signalling involved
in acoustic-cell interactions may yield an improved foundation for acoustically
enhanced tissue engineering.
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Appendix A

MATLAB Code
A.1

Image analysis script for quantifying the section staining and section total area for histochemical and immuno stains.

1

% close all

2 %Batch p r o c e s s i n g s c r i p t t o compute s t a i n i n g a r e a and t o t a l a r e a o f
3 %s e c t i o n .
4

function [ ] = histochemAnalysis

5

close all

6

pathToDir = ’D: \ t e s t \ gag t e s t ’ ; gagFlag = t r u e ;

7
8
9

i f ( i s d i r ( pathToDir ) )
c o n t e n t = d i r ( pathToDir ) ;

10

output = c o n t a i n e r s . Map ;

11

f o r i = 4: length ( content )

12

f i l e O b j = content ( i ) ;

13

%I t e r a t e through f i l e

14

l i s t f o r images t o p r o c e s s

i f ( f i l e O b j . i s d i r == 0 && l e n g t h ( s t r f i n d ( f i l e O b j . name ,

’ . txt ’ ) )

== 0 )
15

p a t h T o F i l e = s t r c a t ( pathToDir ,

’ / ’ , f i l e O b j . name )

16

s t a i n T y p e = f i l e O b j . name ( 1 : s t r f i n d ( f i l e O b j . name ,

17

[ s t a i n A r e a , backgroundArea ] = p r o c e s s I m a g e ( imread (

’ . ’ ) −1) ;

p a t h T o F i l e ) , gagFlag ) ;
18

outputToAppend = [ s t a i n A r e a , backgroundArea , s t a i n A r e a /
backgroundArea ] ;
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19

temp = c o n t a i n e r s . Map( stainType , outputToAppend ) ;

20

output = [ output ; temp ] ;

21

break ;

22

end

23

end

24

%Save a r e a i n f o r m a t i o n t o f i l e

25

w r i t e T o F i l e ( output , pathToDir ) ;

26
27

end
end

28
29 %method u s e s k−means c l u s t e r i n g t o i d e n t i f y and s o r t p i x e l c o l o r s i n t o
30 %t h r e e s e t s . This method r e l i a b l y has r e d p i x e l s i n one c l u s t e r and b l u e
31 %p i x e l s i n another , a l l o w i n g s i m p l i e r and more a c c u r a t e s e g m e n t a t i o n a nd
32 %a r e a c a l c u l a t e .
33

f u n c t i o n [ s t a i n A r e a ] = k M e a n s P r o c e s s i n g ( img , gagFlag )

34

cform = makecform ( ’ s r g b 2 l a b ’ ) ;

35

labImg = a p p l y c f o r m ( img , cform ) ;

36
37

ab = d o u b l e ( labImg ( : , : , 2 : 3 ) ) ;

38

nrows = s i z e ( ab , 1 ) ;

39

n c o l s = s i z e ( ab , 2 ) ;

40

ab = r e s h a p e ( ab , nrows * n c o l s , 2 ) ;

41
42

nColors = 3 ;

43
44

[ c l u s t e r i d x , c l u s t e r c e n t e r ] = kmeans ( ab , nColors , ’ d i s t a n c e ’ , ’
sqEuclidean ’ , ’ Replicates ’ ,3) ;

45
46 %

p i x e l l a b e l s = r e s h a p e ( c l u s t e r i d x , nrows , n c o l s ) ;
f i g u r e ; imshow ( p i x e l l a b e l s , [ ] ) , t i t l e ( ’ image l a b e l e d by c l u s t e r
index ’ ) ;

47
48

segmentedImg = c e l l ( 1 , 3 ) ;

49

o v e r l a y I m g = repmat ( p i x e l l a b e l s , [ 1 1 3 ] ) ;

50
51

for k = 1:3

52

c o l o r I m g = img ;

53

c o l o r I m g ( o v e r l a y I m g ˜= k ) = 0 ;

54

segmentedImg {k} = c o l o r I m g ;

55

end

56
57

meanClusterValue = mean ( c l u s t e r c e n t e r , 2 ) ;
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58

%t h e s o r t more u n i f o r m a l l y i d e n t i f i e s which c l u s t e r a s which t o e a s e

59

%s t a i n i n g i d e n t i f i c a t i o n and c a l c u l a t i o n s .

60

[ tmp , i d x ] = s o r t ( meanClusterValue ) ;

61

f i g u r e ; imshow ( img ) , t i t l e ( ’ S o u r c e Image ’ ) ;

62

f i g u r e ; imshow ( segmentedImg { i d x ( 1 ) } ) , t i t l e ( ’ o b j e c t s i n c l u s t e r 1 ’ ) ;

63

f i g u r e ; imshow ( segmentedImg { i d x ( 2 ) } ) , t i t l e ( ’ o b j e c t s i n c l u s t e r 2 ’ ) ; %
h i g h gag s t a i n i n g
f i g u r e ; imshow ( segmentedImg { i d x ( 3 ) } ) , t i t l e ( ’ o b j e c t s i n c l u s t e r 3 ’ ) ; %

64

high c o l l a g e n s t a i n i n g
65
66

i f gagFlag == t r u e %t a r g e t s t a i n i n g i s A l c i a n Blue

67

f i n a l I m g = ( segmentedImg { i d x ( 1 ) }+segmentedImg { i d x ( 2 ) } ) ;

68

f i n a l I m g = f i n a l I m g ( : , : , 3 )−f i n a l I m g ( : , : , 1 ) ;

69 %

f i g u r e ; imshow ( f i n a l I m g ) , t i t l e ( ’ I s o l a t i o n o f S t a i n e d Area ’ ) ;

70

a v g I n t e n s i t y = mean ( mean ( f i n a l I m g ) )

71

binaryImg = im2bw ( f i n a l I m g ) ;

72

e l s e %t a r g e t s t a i n i n g i s AEC ( p e r i o x i d e rxn with enzyme t o t u r n t a r g e t
area red
f i n a l I m g = segmentedImg { i d x ( 3 ) } + segmentedImg { i d x ( 2 ) } ;

73
74 %

f i g u r e ; imshow ( f i n a l I m g ) , t i t l e ( ’ I s o l a t i o n o f S t a i n e d Area ’ ) ;

75

finalImg = finalImg ( : , : , 1 ) − finalImg ( : , : , 3 ) ;

76

binaryImg = f i n a l I m g ;

77

end

78
79

f i g u r e ; imshow ( binaryImg ) , t i t l e ( ’ I s o l a t i o n o f S t a i n e d Area w i t h o u t
Background ’ ) ;

80
81

s t a i n A r e a = sum ( sum ( binaryImg > 0 ) )
end

82
83 %method p r o c e s s e s each image by c r e a t i n g a mask o v e r t h e whole s e c t i o n t o
84 %compute t h e whole s e c t i o n p i x e l a r e a . A h e l p e r method computes t h e
85 %t a r g e t s t a i n i n g p i x e l a r e a i n o r d e r t o d e t e r m i n e t h e p e r c e n t s t a i n i n g
86 %c o v e r a g e i n t h e s e c t i o n .
87

f u n c t i o n [ s t a i n A r e a , backgroundArea ] = p r o c e s s I m a g e ( img , gagFlag )

88 %

f i g u r e ; imshow ( img )

89
90

backgroundChannel = r g b 2 g r a y ( img ) ; %c o n v e r t whole image t o g r a y s c a l e

91

i m g S c a l i n g = 0 . 8 ; %p x l / micron

92
93

maxPxlValue = max( backgroundChannel ( : ) ) ; %t y p i c a l l y c e l l o r o t h e r s t a i n

94

minPxlValue = min ( backgroundChannel ( : ) ) ; %background p i x e l v a l u e
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95

%s e p a r a t e s e c t i o n from background / n o i s e

96

maxPxlValue = maxPxlValue − ( maxPxlValue * . 1 ) ;

97

backgroundChannel ( backgroundChannel > maxPxlValue ) = minPxlValue ;

98

backgroundChannel ( backgroundChannel < minPxlValue ) = 0 ;

99
100

%segment s e c t i o n u s i n g Otsu

101

[ backgroundLevel , b a c k g r o u n d E f f e c t i v e n e s s ] = g r a y t h r e s h (
backgroundChannel ) ;

102

backgroundBinary = im2bw ( backgroundChannel , b a c k g r o u n d L e v e l ) ;

103

backgroundBinary = backgroundChannel > minPxlValue ;

104

%t r y t o f i l l up any h o l e s i n t h e s e c t i o n t o g e t a s c l o s e t o a p r o p e r

105

%mask

106

se = s t r e l ( ’ disk ’ ,3) ;

107

backgroundBinary = i m d i l a t e ( backgroundBinary , s e ) ;

108

backgroundBinary = bwareaopen ( backgroundBinary , 1 0 0 ) ;

109
110 %

f i g u r e ; imshow ( backgroundBinary ) , t i t l e ( ’ Whole S e c t i o n ( Background )
Binary ’ ) ;

111
112

backgroundArea = sum ( sum ( backgroundBinary > 0 ) ) / i m g S c a l i n g

113

%c a l l h e l p e r method t o segment s t a i n i n g a r e a i n s e c t i o n

114

s t a i n A r e a = k M e a n s P r o c e s s i n g ( img , gagFlag ) / i m g S c a l i n g

115
116

end

117
118 %method t o s a v e a r e a o u t p u t s
119

f u n c t i o n w r i t e T o F i l e ( output , o u t p u t F i l e D i r )

120

outputFilePath = s t r c a t ( outputFileDir ,

121

k e y S e t = k e y s ( output ) ;

122

outputArray = { } ;

’/ ’ , ’ stainingResults . txt ’ ) ;

123
124

f o r i = keySet

125

key = c h a r ( i ) ;

126

v a l u e S e t = output ( key ) ;

127

o u t p u t C e l l = { key , v a l u e S e t } ;

128

outputArray = [ outputArray ; o u t p u t C e l l ] ;

129

end

130
131
132

f i l e I D = f o p e n ( o u t p u t F i l e P a t h , ’w ’ ) ;

133

f o r m a t S p ec = ’%s , %d , %d , %f \n ’ ;
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134
135

[ nrows , n c o l s ] = s i z e ( outputArray ) ;

136

f o r row = 1 : nrows
f p r i n t f ( f i l e I D , formatSpec , outputArray {row , : } ) ;

137
138

end

139
140
141

fclose ( fileID ) ;
end

A.2

Script to parse image cross correlation information to
determine displacement over time, curve fit and shear
stress.

1

close all

2

clear all

3 %l o a d mean d i s p l a c e m e n t data c a l c u l a t e d from t o o l b o x d e s c r i b e d i n Zmijan e t
4 %a l
5

pathname = ’G: \ I n v e r t e d Transducer Design Data \ Timelapse \ m u l t i T r a n s d u c e r
Shear \ P l a t e 7 March 16 2016\200 kHz\ Transducer 4\10 Hz 160 f p s \2\ ’ ;

6

l o a d ( s t r c a t ( pathname ,

’ c r o s s C o r r . mat ’ ) )

7

frameRate = 1 6 0 ; %frame r a t e dependent on parameter s e t t o a n a l y z e

8

meanXData = xDisp ’ ;

9

meanYData = yDisp ’ ;

10
11

s c a l e = 2 . 5 ; %p i x e l s / micron

12
13 %c o n v e r t d i s p l a c e m e n t data from p i x e l s t o m i c r o n s
14

meanXData = meanXData / s c a l e ;

15

meanYData = meanYData / s c a l e ;

16
17

hrCount = 0 ;

18

p e r i o d = 1 / ( frameRate / 1 6 ) ;

19

t i m e I n t e r v a l = 1/ frameRate ;

20

timeMax = l e n g t h ( meanXData ) * t i m e I n t e r v a l

21

time = [ 0 : t i m e I n t e r v a l : timeMax − t i m e I n t e r v a l ] ’ ;

22

time = time + ( hrCount * 3 6 0 0 ) ;

23

p e r i o d I d x = f i n d (mod( time , p e r i o d ) == 0 ) ; %s a v e i n d e x t o o b s e r v e 1
displacement cycle
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24
25 %l o e s s c u r v e smoothing method t o p r o v i d e g e n t l e a n t i −a l i a s i n g
26

meanXData = smooth ( time , meanXData , 0 . 0 5 , ’ l o e s s ’ ) ;

27

meanYData = smooth ( time , meanYData , 0 . 0 5 , ’ l o e s s ’ ) ;

28
29 %r e c o r d median X/Y d i s p l a c e m e n t v a l u e s t o f o c u s l a t e r p l o t s around t h e
30 %o r i g i n
31

[ l e f t M o s t V a l u e ] = median ( meanXData ) ;

32

[ bottomMostValue ] = median ( meanYData ) ;

33
34

meanDisplacementX = ( meanXData ( 2 : end ) − meanXData ( 1 : end −1) ) ;

35

meanDisplacementX = [ 0 ; meanDisplacementX ] ;

36

meanVelocityX = ( meanDisplacementX . * 10ˆ −6) . / t i m e I n t e r v a l ;

37

meanDisplacementY = ( meanYData ( 2 : end ) − meanYData ( 1 : end −1) ) ;

38

meanDisplacementY = [ 0 ; meanDisplacementY ] ;

39

meanVelocityY = ( meanDisplacementY . * 10ˆ −6) . / t i m e I n t e r v a l ;

40
41 %FFT f i t f o r d i s p l a c e m e n t c u r v e t o more e a s i l y g e t t h e a n g u l a r f r e q .
42 %c o e f f i c i e n t
43

fitType = ’ f o u r i e r 2 ’ ;

44

fitOptions = f i t o p t i o n s ( fitType ) ;

45
6 .95 9 * 10 ˆ − 7;

46

kinematicVisc =

47

dynamicVisc = .78 * 10ˆ −3;

48
49

v e l o c i t y A m p l i t u d e X = abs (max( meanVelocityX ) ) + abs ( min ( meanVelocityX ) )

50

v e l o c i t y A m p l i t u d e Y = abs (max( meanVelocityY ) ) + abs ( min ( meanVelocityY ) )

51
52

[ f i t V e l o c i t y , goYFit ] = f i t ( time , x F i t V e l o c i t y , f i t T y p e , f i t O p t i o n s ) ;

53

coeff = coeffvalues ( fitVelocity ) ;

54

angularFreqX = 2 * c o e f f ( end ) ;

55
56

[ f i t V e l o c i t y , goYFit ] = f i t ( time , y F i t V e l o c i t y , f i t T y p e , f i t O p t i o n s ) ;

57

coeff = coeffvalues ( fitVelocity ) ;

58

angularFreqY = 2 * c o e f f ( end ) ;

59
60

shearStressX =

−dynamicVisc * s q r t ( angularFreqX / ( k i n e m a t i c V i s c ) ) *

v e l o c i t y A m p l i t u d e X * ( s i n ( ( p i / 4 ) − angularFreqX . * time ) ) ;
61

shearStressY =

−dynamicVisc * s q r t ( angularFreqY / ( k i n e m a t i c V i s c ) ) *

v e l o c i t y A m p l i t u d e Y * ( s i n ( ( p i / 4 ) − angularFreqY . * time ) ) ;
62 %c o n v e r t s h e a r s t r e s s t o mPa
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63

shearStressX = shearStressX * 10ˆ3;

64

shearStressY = shearStressY * 10ˆ3;
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65
66 %v a r i o u s p l o t s f o r debugging and c h e c k i n g d i s p l a c e m e n t / v e l o c i t y / s t r e s s
67 %c u r v e s
68

figure

69

p l o t ( fitForXCurve , time , meanXData ,

70

x l a b e l ( ’ Time ( s e c ) ’ )

71

y l a b e l ( ’ Average D i s p l a c e m e n t ( micron ) ’ )

72

t i t l e ( ’ D i s p l a c e m e n t Along X ’ )

73

l e g e n d ( ’ meanDisplacement ’ , ’ c u r v e F i t ’ )

’b −’ )

74
75

figure

76

p l o t ( fitForYCurve , time , meanYData ,

77

x l a b e l ( ’ Time ( s e c ) ’ )

78

y l a b e l ( ’ Average D i s p l a c e m e n t ( micron ) ’ )

79

t i t l e ( ’ D i s p l a c e m e n t Along Y ’ )

80

l e g e n d ( ’ meanDisplacement ’ , ’ c u r v e F i t ’ )

’b −’ )

81 %
82

figure

83

p l o t ( time , meanVelocityX / 10ˆ −6)

84

x l a b e l ( ’ Time ( s e c ) ’ )

85

y l a b e l ( ’ Average V e l o c i t y ( micron / s e c ) ’ )

86

t i t l e ( ’ Average V e l o c i t y Along X ’ )

87
88

figure

89

p l o t ( time , meanVelocityY / 10ˆ −6)

90

x l a b e l ( ’ Time ( s e c ) ’ )

91

y l a b e l ( ’ Average V e l o c i t y ( micron / s e c ) ’ )

92

t i t l e ( ’ Average V e l o c i t y Along Y ’ )

93
94

figure

95

p l o t ( meanXData − l e f t M o s t V a l u e , meanYData − bottomMostValue )

96

x l a b e l ( ’ D i s p l a c e m e n t a l o n g X ( micron ) ’ )

97

y l a b e l ( ’ D i s p l a c e m e n t a l o n g Y ( micron ) ’ )

98

t i t l e ( ’ Average movement r e l a t i v e t o time ’ )

99
100

initIdx = periodIdx (1) ;

101

f i n a l I d x = periodIdx (2) + 1;

102
103

figure
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p l o t ( meanXData ( i n i t I d x : f i n a l I d x )− l e f t M o s t V a l u e , meanYData ( i n i t I d x : f i n a l I d x
)− bottomMostValue )

105

x l a b e l ( ’ D i s p l a c e m e n t a l o n g X ( micron ) ’ )

106

y l a b e l ( ’ D i s p l a c e m e n t a l o n g Y ( micron ) ’ )

107

t i t l e ( ’ Average movement r e l a t i v e t o time ’ )

108
109 % f i g u r e
110 % p l o t 3 ( f x , f y , time )
111 % p l o t ( f x , f y )
112 % x l a b e l ( ’ D i s p l a c e m e n t a l o n g X ( micron ) ’ )
113 % y l a b e l ( ’ D i s p l a c e m e n t a l o n g Y ( micron ) ’ )
114 % z l a b e l ( ’ Time ’ )
115 % t i t l e ( ’ Average movement r e l a t i v e t o time ( from c u r v e f i t ) ’ )
116 %
117

figure

118

p l o t ( time , s h e a r S t r e s s X )

119

x l a b e l ( ’ Time ( s e c ) ’ )

120

y l a b e l ( ’ Shear S t r e s s (mPa) ’ )

121

t i t l e ( ’ Shear S t r e s s Along X ’ )

122 %
123

figure

124

p l o t ( time , s h e a r S t r e s s Y )

125

x l a b e l ( ’ Time ( s e c ) ’ )

126

y l a b e l ( ’ Shear S t r e s s (mPa) ’ )

127

t i t l e ( ’ Shear S t r e s s Along Y ’ )

128
129 %s h e a r magnitude a l o n g x , y , and xy
130

shearMagnitudeX = abs (max( s h e a r S t r e s s X ) ) + abs ( min ( s h e a r S t r e s s X ) ) ;

131
132

shearMagnitudeY = abs (max( s h e a r S t r e s s Y ) ) + abs ( min ( s h e a r S t r e s s Y ) ) ;

133
134

shearMagnitudeXY = s q r t ( shearMagnitudeX ˆ2 + shearMagnitudeY ˆ 2 ) ;

135
136 %XXX: TEST CODE
137 %FFT t o o f d i s p l a c e m e n t data t o d e t e r m i n e c o r r e l a t i o n between sweep
138 %r e p e t i t i o n r a t e and peak f r e q e u n c y from c u r v e
139

meanDisplacement = s q r t ( ( meanXData ( 1 : end −1) − meanXData ( 2 : end ) ) . ˆ 2 + (
meanYData ( 1 : end −1) − meanYData ( 2 : end ) ) . ˆ 2 ) ;

140
141

f f t T e s t = f f t ( meanDisplacement ) ;

142

P1 = abs ( f f t T e s t / ( l e n g t h ( meanDisplacement ) ) ) ;
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143

P2 = P1 ( 1 : ( l e n g t h ( meanDisplacement ) /2 + 1 ) ) ;

144

P2 ( 2 : end −1) = 2 * P2 ( 2 : end −1) ;

145

f s = frameRate ;

146

f f t T e s t = f s * ( 0 : ( l e n g t h ( meanDisplacement ) / 2 ) ) / l e n g t h ( meanDisplacement ) ;

147

figure ;

148

p l o t ( f f t T e s t ( 2 : end ) , P2 ( 2 : end ) )

149

t i t l e ( ’FFT Spectrum ’ )

150

[m, i d x ] = max( P2 ( 2 : end ) ) ;

151

o s c i l a t i n g F r e q = f f t T e s t ( idx )

152
153

[ shearMagnitudeX ; shearMagnitudeY ; shearMagnitudeXY ; o s c i l a t i n g F r e q ] ’

154 %s a v e data i n matlab package f o r e a s y a c c e s s and r e v i s i t a t i o n l a t e r
155

s a v e ( c h a r ( s t r c a t ( pathname , ’ c r o s s C o r r . mat ’ ) ) , ’ shearMagnitudeX ’ , ’
shearMagnitudeY ’ , ’ shearMagnitudeXY ’ , ’ o s c i l a t i n g F r e q ’ , ’ meanXData ’ , ’
meanYData ’ , ’−append ’ ) ;
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Figure B.1: ATDC5 cells in an aggregate at t=0 hrs and 22 hrs. Cells within the
aggregate are structured into a monolayer, but spread out over time to increase their
interstitial spacing. It should be appreciated, however, that the initial aggregate has
near uniform fluorescent intensity, which changes to express higher fluorescent in local
areas within the aggregate. This is likely a result of the cells reorganizing themselves
into a multi-layered sheet toward the centre of the aggregate, whilst expanding towards
the periphery.
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Figure B.2: (A) The reactance plots were acquired for the four resonators within
the plate bioreactor plate to determine cavity resonance and q factor of the peaks.
(B) While some difference in the conductance peaks was observed, the fluid shear at
100 kHz and 1 Hz sweep repetition rate across the resonators did not show significant
differences in the mean values. Shear analysis for transducer 4 did demonstrate wide
variance, which can likely be attributed to the image quality and subsequent tracking.
All data points were constructed from n = 2 (mean ± SD).
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Figure B.3: Alcian Blue/Sirius Red staining of (i) F37 tissue construct, generated
from a 21-day culture with 2 Hz sweep and PTHrP, integrated into an ex vivo defect
model. The tissue was fixed following 6 weeks of culture within a transwell and mechanically tested prior to staining to assess the quality of integration into the native
tissue structure. It was observed that the tissue managed to incorporate itself into the
native structure (ii) over the course of the 6 week culture period. Scale bars = 100 µm

