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UNRAVELLING THE EFFECTS OF HYPOXIA ON PURINE BIOSYNTHESIS IN CANCER 

Cyrielle Doigneaux 

The purinosome is a dynamic metabolic complex composed of the six enzymes of the de novo 

purine biosynthesis that assembles in response to elevated purine demand. Its formation 

translates in an increase to the rate of the pathway in order to maintain the purine pool. This 

complex was first described to form in an artificially induced purine-depleted environment but 

later studies demonstrated its ability to form in pathological contexts, thus making the 

purinosome a promising therapeutic target to control purine synthesis.  

In various cancers, solid tumours often display hypoxic regions where oxygen deprivation induces 

a cellular response aiming at maintaining cell growth and proliferation, and contributes to the 

tumours resistance to treatments. In hypoxic cells, the heterodimeric transcription factor 

Hypoxia-Inducible Factor 1 (HIF-1) is responsible for the regulation of many target genes that 

ensure the response and adaptation of cancer cells to hypoxia. One of the most important 

adaptation mechanisms regulated by HIF is the metabolic reprogramming which supports the 

malignant phenotype of hypoxic tumours. As such, improving the current understanding of the 

metabolic adaptation to hypoxia is of high interest in order to further develop new therapeutic 

strategies to target hypoxic cancer cells.   

This work describes and investigates the formation of the purinosome complex in hypoxic cancer 

cells. Multiple cellular and biochemical approaches were used in order to characterise and 

understand the formation of the complex in low oxygen environments. The purinosome 

formation was found to be linked to HIF and to be modulated by various metabolic stimuli, thus 

indicating a link between the formation of the complex and its function. In contrast to its 

previously reported function in purine-depleted conditions, the hypoxic purinosome did not 

correlate with increased de novo synthesis of purines.  

This study lays the foundation for further investigations aiming at understanding the exact 

function of the purinosome in hypoxic cancer cells and raises the possibility that inhibiting 

purinosome formation in hypoxia might be of high therapeutic interest to specifically target 

hypoxic cancer cells.    
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Chapter 1 

1 

Chapter 1 Introduction 

1.1 Hypoxia and Hypoxia-Inducible Factors 

Maintaining oxygen homeostasis in cells and tissues is essential in the survival of mammalian 

species. At normal atmospheric pressure, the oxygen levels in the air remain constant at 21% 

oxygen, and this is referred to as normoxia (Figure 1). Although normoxia is commonly used as 

the physiological oxygen level in in vitro biological experiments, it is to mention that the “normal” 

oxygen levels in a given tissue are much lower than the normoxic levels and are referred to as 

physioxia. These tissue specific oxygen levels vary depending on the tissue observed, with the 

highest physioxic levels observed being in the lung alveoli (14.5% oxygen). When the oxygen 

homeostasis is disturbed, normal tissues can be exposed to low oxygen levels known as hypoxia 

(<2% oxygen).1, 2 Hypoxia occurs at different stages of life such as during embryonic development 

or intense exercise, but it is also frequently encountered in various pathologies such as stroke, 

cardiac arrest and cancer.3-5  

 

Figure 1.  Biological meaning and representation of normoxia, physioxia and hypoxia.  

Hypoxia is commonly found in tumour cores where cell survival and proliferation are enhanced 

and uncontrolled. As the tumour tissue expands, the distance between the local vasculature and 

the tumour cells increases, thus limiting the oxygen diffusion and enhancing the hypoxic 

microenvironment. In the same way, tumour hypoxia induces the formation of new aberrant 
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blood vessels that display chaotic blood flows and leakages, leading to limited blood supply and 

oxygen delivery.6-8  Human tumours containing hypoxic regions often display enhanced malignant 

progression, aggressiveness and increased metastasis abilities resulting in resistance to therapy 

and poor prognosis.9-13 

The above-mentioned characteristics of tumour hypoxia are the result of the activation of the 

cellular response to low oxygen environments. Although an unbalanced oxygen homeostasis can 

be toxic to the cells, hypoxic tumour cells can activate signalling and metabolic pathways enabling 

their survival, proliferation and ensure the restoration of blood supply.14, 15 The transcription 

factor hypoxia-inducible factor-1 (HIF-1) has been found to be the most important regulator of 

the cellular hypoxia response as it transcriptionally regulates many genes, with the majority of 

these being involved in tumorigenic processes.16 The mechanisms underlying the hypoxia 

response, including the functions of HIF, have been widely studied over the last twenty years in 

order to understand how cells adapt to these low oxygen levels, but many more mechanisms 

remain to be uncovered.  

 HIF-1 structure  

HIF-1 is a heterodimeric transcription factor composed of two subunits, 1 and 1, with 1 also 

referred to as the aryl hydrocarbon receptor nuclear translocator (Arnt). Although both subunits 

are constantly being expressed, the 1 subunit is also continuously degraded in presence of 

oxygen and is only stabilised in low oxygen conditions. In these conditions, 1 is subsequently 

translocated into the nucleus where it dimerises with the nuclear 1 subunit, thus enabling the 

formation of the active heterodimer.  

Both subunits display similar structural characteristics and belong to the basic helix-loop-

helix/Per-Arnt-Sim (bHLH/PAS) family of transcription factors. The protein members of the 

bHLH/PAS family all contain an N-terminal region comprised of a bHLH domain followed by a PAS 

domain, itself comprised of two regions, PAS A and PAS B.17 The main differences between the  

and  subunits are found in the C-terminal region of the proteins. Although both subunits contain 

at least one transactivation domain (TAD), 1 also displays an oxygen-dependent-degradation-

domain (ODDD) essential in its regulation, whose functions will be discussed in more depth in 

section 1.1.2 (Figure 2). 
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Figure 2.  Domain structure of HIF-1 and HIF-1 bHLH: basic helix-loop-helix; PAS: 

Per/Arnt/SIM; ODDD: oxygen-dependent-degradation-domain; TAD: transactivation 

domain.  

The bHLH and PAS domains are responsible for the heterodimerisation and DNA binding of the 

HIF complex to DNA. 20 The PAS domains, which are found in many diverse species, are known to 

work as a protein-protein interaction motif.18 In the case of the HIF complex, they contribute to 

the heterodimerisation of the complex and a truncation of either PAS domain renders the 

formation of the complex less efficient.19, 20 Each bHLH domain from 1 and 1 form an -helix 

and upon dimerisation of the complex, the two helices constitute the direct interface between 

the protein complex and the major groove of the DNA helix (Figure 3).  The DNA binding site of 

HIF is a consensus DNA sequence, (A/G)CGTG, present within the Hypoxia-Response-Element 

(HRE).  

 

Figure 3.  Crystal structure of HIF-1 bound to the HRE DNA motif. 1 is represented in green. 

1 is represented in cyan. The DNA helix is represented in grey. PDB 4ZPR.21 

Following dimerisation and DNA binding, the complex requires the recruitment of coactivators to 

ensure the formation of the active transcription factor. This recruitment process involves the 
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transactivation domains (TADs) found in the C-terminal region of the proteins, although the C-TAD 

present in the 1 isoform is not used in the hypoxia-induced gene expression.22, 23 The 1 subunit 

contains two distinct transactivation domains: the N-terminal transactivation domain (N-TAD) and 

the oxygen-regulated C-terminal transactivation domain (C-TAD).24   

Although a few transcriptional coactivators of the HIF complex have been reported, p300/CREB 

binding protein (CBP) is the only one known to directly bind to HIF.25, 26 Both the N-TAD and C-TAD 

are involved in the transactivation of HIF and were found to bind different domains within 

p300/CBP. 27, 28 The main role of this coactivator is to link HIF to the basal transcription machinery 

and other potential coactivators but can also act to relax the chromatin prior the transcription 

process through its histone acyltransferase activity.29  

The binding of the HIF heterodimer to the DNA regulatory region of the target genes and its 

subsequent transactivation enables the overexpression of many genes involved in the hypoxic 

response. However, the complex remains constantly regulated by tight oxygen-dependent and 

independent mechanisms.  

 Regulation of HIF-1 

The main role of the HIF transcription factor is to rapidly and efficiently induce a cellular response 

to low oxygen environments by acting as an oxygen sensor and transcriptional effector. 

As previously mentioned, the HIF heterodimer is composed of two subunits, 1 and 1, which are 

constitutively expressed. However, HIF’s role as an oxygen sensor only relies upon the  subunit 

as 1 is unaffected by oxygen levels. The alpha subunit is regulated on a post-translational level 

by various oxygen-dependent mechanisms that enable the inactivation or degradation of the 

protein. Although the protein is constantly being expressed, the presence of oxygen induces its 

degradation within 5 minutes.30 The continuous production of HIF-1 even in presence of 

oxygen, enables a rapid hypoxic response when oxygen levels drop.  

To prevent HIF’s activity in normoxia, two main mechanisms act upon post-translational 

modifications of the protein on three specific residues: Pro402 and Pro564, found within the N-

TAD in the ODDD, and Asn803 located within the C-TAD (Figure 4a). These three residues are 

hydroxylated so as to induce HIF-1 degradation or inactivation.  

The main oxygen-dependent regulation of 1 relies on its degradation (Figure 4b). In normoxia, 

the Pro402 and Pro564 residues are recognised by a prolyl-hydroxylase domain-containing 

protein (PHD) that utilises oxygen, iron and -ketoglutarate as substrates to hydroxylate the two 

prolines.31, 32 Three different isoforms of PHD (PHD1, PHD2 and PHD3) have been reported, but 
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PHD2 was found the most important isoform involved in HIF-1 degradation with little or no 

effect from the two other isoforms on HIF-1’s degradation.31, 33 Hydroxylation of these two 

residues induces their subsequent recognition by the Von Hippel-Lindau tumour suppressor 

protein (VHL).34-36 VHL is a component of an E3-ligase complex also composed of an Elongin B/C 

(Elo B/C) that links VHL to a Cullin-2 protein (Cul2).37 The latter is itself bound to a Ring-box 

protein (Rbx1) which binds a ubiquitin-carrying E2 enzyme. E2 acts as a ubiquitin conjugating 

enzyme and is responsible for the downstream ubiquitination of the target protein, in this case, 

HIF-1. The polyubiquitin tail of HIF-1 acts as a recognition tag for addressing the protein to the 

proteasome where it is subsequently degraded.  

In addition to the VHL-dependent degradation of HIF in normoxia, a second level of oxygen-

dependent control of HIF is ensured by Factor-Inhibiting HIF (FIH) (Figure 4c). FIH is a hydroxylase 

that utilises the same substrates as the PHDs to hydroxylate the Asn803 residue in normoxic 

conditions.38, 39 In contrast with the PHD-mediated prolyl-hydroxylation, the asparaginyl-

hydroxylation of Asn803 does not induce the degradation of HIF but rather its inactivation. 

Located within the C-TAD domain, Asn803, once hydroxylated, prevents the binding of the 

CBP/p300 coactivators to the C-TAD, thus inhibiting the transactivation of HIF.39  

 

Figure 4.  Oxygen-dependent regulation of HIF by hydroxylases. (a) Structure of HIF-1 

displaying the location of the three residues hydroxylated in normoxia. (b) PHD-

mediated hydroxylation of Pro402 and Pro564 and subsequent VHL recognition. (c) 

Hydroxylation of Asn803 by FIH inducing an inhibition of transactivation. Cul2: Cullin-

2; Elo B/C: Elongin B and C; FIH: Factor-Inhibiting HIF; PHD: Prolyl hydroxylase domain 

containing protein; Rbx1: Ring-box 1 ; VHL: Von Hippel-Lindau. 
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The PHD-mediated hydroxylation of Pro402 and Pro564, as well as the FIH-mediated 

hydroxylation of Asn803, entirely rely on the availability of oxygen which is used as substrate for 

the two hydroxylases. Although the presence of oxygen enables the hydroxylation of the above-

mentioned residues and the downstream inactivation and degradation of HIF-1, FIH displays a 

greater affinity for molecular oxygen than the PHDs.40 On a mechanistic aspect, this means that as 

the oxygen levels decrease, the inhibition of the PHDs will occur before the inhibition of FIH. At 

intermediate oxygen levels, whilst the PHDs are inhibited and HIF-1 subsequently stabilised, the 

molecular oxygen levels are still sufficient for FIH to function thus leading to a partial 

hydroxylation of HIF on Asn803 only. In these conditions, HIF-1 can accumulate within the cells 

but the C-TAD transactivation cannot occur, leading to a transcriptional activation of genes 

specific to the N-TAD.41 In severe hypoxia, FIH is eventually inhibited enabling a full activation of 

transcription.   

As described, the oxygen-dependent regulation of HIF occurs by post-translational modification of 

the protein enabling its stabilisation and transactivation in hypoxic conditions. However, HIF is 

also regulated by many other pathways that are oxygen-independent. In particular, HIF-

1 protein levels and transcriptional activity can be regulated by many external factors such as 

cytokines or growth factors, which can activate downstream signalling pathways such as 

PI3K/Akt/mTOR and MAPK.42-44 In addition to acting directly upon HIF-1 synthesis or 

transcriptional activation, mechanisms involving oxygen-independent degradation of HIF-1 have 

been described. The receptor of activated protein kinase 1 (RACK1) can bind 1 and subsequently 

recruit an E3 ligase complex to ubiquitinate HIF and tag it for proteosomal degradation 

independently of VHL.45 Similarly, Hsp70 is able to bind 1 and recruit the ubiquitin ligase 

carboxyl terminus of Hsc70-interacting protein (CHIP), thus inducing HIF ubiquitination and its 

subsequent degradation.46 Another E3 ubiquitin ligase, known as the hypoxia-associated factor 

(HAF), has been reported to promote the ubiquitination and consequent degradation of HIF-

1 independently of VHL and oxygen levels.47   

The tight regulation of HIF-1 ensures a proper and rapid cellular response to decreased oxygen 

levels. HIF-1 is responsible for the activation of a large number of genes but the hypoxia response 

and associated HIF regulation is more complex. Two more isoforms of the HIF- subunit, namely 

HIF-2 and HIF-3, co-exist with HIF-1 in order to contribute to the regulation of the hypoxia 

response.  
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 HIF isoforms and their differential roles 

1.1.3.1 HIF-2 and HIF-3 

In 1992, Semenza et al., reported for the first time the transcriptional activation of the gene 

encoding for erythropoietin (EPO) in response to hypoxia.48 This finding enabled the discovery of 

the HIF-1 transcription factor, which in their study was composed of HIF-1 and HIF-1. The 1 

isoform was thus the first  subunit of the HIF transcription factor to be described but following 

this, it has been shown that there are three genes encoding for three distinct isoforms of the HIF-

 subunit: HIF-1, HIF-2 and HIF-3. In addition to being the first isoform described, 1 is also 

ubiquitously expressed whereas HIF-2 and HIF-3 were shown to be tissue specific.49, 50   

HIF-2 and HIF-3, like their 1 counterpart, belong to the bHLH-PAS family. The three proteins 

thus display a high degree of homology between conserved bHLH and PAS domains which leads to 

common functions, such as their ability to dimerise with 1. Indeed, 1 and 2 display 67% and 

84% of homology between their PAS domains and bHLH domains, respectively.49 In comparison, 

HIF-3 displays 57% and 74% of homology between its PAS domains and bHLH domains 

compared to HIF-1.51  

It should be noted that HIF-3, in addition to having less homology with 1 than the 2 isoform, 

possesses characteristics that distinguish it from 1 and 2. First, the 3 mRNA can splice so as to 

lead to a number of different isoforms which all lack the C-TAD domain.50 This specific feature 

indicates that, in contrast with 1 and 2, the 3 isoform can presumably act not as a 

transcription factor once bound to 1 due to a lack of transactivation. In addition, HIF-3 mRNA 

levels were found to be upregulated in hypoxia in a HIF-1 dependent-manner whereas no effect 

of HIF-2 were observed.52 In addition to binding to 1, different variants of 3 can also interact 

with HIF-1 and HIF-2 thus potentially competing with 1 and subsequently inhibiting HIF-

induced gene expression.53  

As previously mentioned, HIF-2, also known as endothelial PAS protein 1 (EPAS1), displays a high 

degree of homology with HIF-1. In addition to the high homology between their PAS and bHLH 

domains, HIF-2 also contains a C-TAD as well as an N-TAD located within the ODDD, both similar 

to the ones previously described for HIF-1 (see section 1.1.1, Figure 2). The presence of these 

three domains implies that HIF-2 is regulated in an oxygen-dependent manner in the same 

manner as HIF-1. Indeed, the two proline residues within the ODDD as well as the asparagine 

residue in the C-TAD found in 1 are conserved in 2. The three residues are located within the 

same domains but are found at slightly different positions than in their 1 counterparts. The HIF-

2 Pro405, Pro531 and Asn851 residues are subjected to the same oxygen-mediated 
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hydroxylation mechanisms than in the 1 isoform, leading to HIF-2 degradation in the presence 

of oxygen and stabilisation in hypoxia.35, 54  

Crystal structures of the 2/1 and 1/1 heterodimers bound to their HRE showed that the high 

homology between the primary sequences of 1 and 2 is reflected in their tertiary structures, as 

the two transcription factor complexes in their active conformation are indistinguishable from 

one another.21   

The presence of the transactivation domains within the 2 isoform indicates that, like for 1, 

upon dimerisation to 1 and subsequent DNA binding, the 2/1 complex forms a fully active 

transcription factor referred to as HIF-2. Although structurally very similar, HIF-1 and HIF-2 have 

both common and unique target genes, conferring them distinct functions throughout the 

hypoxia response process.55   

1.1.3.2 HIF-1 and HIF-2: implication in cancer and target genes 

High levels of HIF- have been observed in a wide range of human cancer cells, and in many cases 

were found to correlate with poor prognosis.56-58 However, it should be noted that HIF-1 has also 

been reported to correlate with a positive outcome in some cell subtypes such as renal clear 

carcinoma cells (RCC).59 In addition, in some cancer cell types only one of the two  isoforms 

correlates with poor outcome despite both isoforms being present, suggesting the existence of 

differential roles between the two proteins.60, 61 This differential response between 1 and 2 can 

partly be explain by the fact that, despite targeting common genes, each isoform also regulates 

unique target genes. 

HIF targets are comprised of many proteins involved in diverse cellular functions such cellular 

metabolic adaptation, pH regulation, angiogenesis, cell proliferation, invasion and erythropoiesis. 

Modifications of these diverse cellular processes enable the creation of a favourable environment 

for tumour progression, aggressiveness and metastasis ability (Figure 5). 
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Figure 5.  Target genes of HIF and downstream functions. In order to enable an efficient 

adaptation to low oxygen environments, HIF regulates the gene expression of a wide 

variety of targets involved in many different cellular functions such as pH regulation, 

invasion, metastasis, angiogenesis, glucose metabolism, cell proliferation and survival 

as well as erythropoiesis and vasodilatation.  

Healthy mammalian tissues require proper oxygenation to function, and the low oxygen tension 

found in tissues experiencing hypoxia leads to the upregulation of genes involved in angiogenesis, 

erythropoiesis and vasodilation in order to restore the oxygen homeostasis.  

The first step into tissue reoxygenation is the formation of new vasculature. New blood vessels 

ensure not only oxygen but also nutrient delivery, indispensable for the formation and 

development required for the early stage of malignant tumour progression. Tumour hypoxia 

induces the upregulation of many genes in order to activate angiogenesis. As an example of such, 

the vascular endothelial growth factor (VEGF), whose upregulation is induced by both HIF-1 and 

HIF-2 depending on cell types, enables the formation of new blood vessels.62, 63 This process 

happens by binding of VEGF to its receptor (VEGFR) which induces the subsequent activation of 

downstream signalling pathways. VEGFR was found to be upregulated in hypoxia in a HIF-

dependent manner, with different isoforms of the receptor being expressed in different cancer 

cell types.64, 65 Due to its role in angiogenesis, VEGF also plays a major role during embryo 

development as well as organogenesis throughout the adult life.66  
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In addition to VEGF, many other pro-angiogenic factors such as fibroblast growth factor (FGF), 

platelet-derived growth factor (PDGF) and angiopoietin-1/2 (Ang-1/2) are upregulated in hypoxia 

to ensure the formation of the new vasculature.67, 68  

To support the restoration of oxygen delivery, HIF also upregulates genes involved in the 

formation of new red blood cells, known as erythropoiesis. One of the most important proteins 

involved in erythropoiesis is erythropoietin (EPO). The epo gene has been known to be induced in 

hypoxia for many years, which sustained the existence of oxygen-dependent gene regulation. 

Work based on the epo gene locus enabled the discovery of HIF-1, although further studies then 

demonstrated that the epo gene is solely modulated by HIF-2.48, 69, 70 In order to efficiently deliver 

oxygen via the newly made vasculature and the increased number of blood cells available, HIF 

mediates the increase in expression of inducible nitric oxide synthase (iNOS), an enzyme 

responsible, among other functions, for the vasodilatation of the blood vessels.71  

The process of tumour development implies the ability of cancer cells to survive and to keep 

proliferating. To ensure these functions, HIF upregulates the expression of various proteins such 

as transformant growth factor- (TGF-), insulin-like growth factor 2 (IGF2) and IGF-binding 

proteins.72, 73  

One of the features of tumour hypoxia, in addition to aggressive cell growth, is enhanced 

invasiveness and metastasis ability. In some types of aggressive and invasive cancers such as 

malignant gliomas and breast cancers (among others), HIF plays a role in facilitating tumour cell 

detachment and downstream invasion by downregulating genes encoding for adhesion molecules 

such as E-cadherin (E-cad), and upregulating the expression of the matrix metalloproteinase-2 

(MMP-2).74-77 Decreased expression of E-cadherin enables cell detachment and is partly 

responsible for the so-called epithelial-to-mesenchymal transition (EMT), known as a key step 

towards tumour invasion. In addition, MMP-2 is an enzyme responsible for the degradation of the 

extracellular matrix. It is considered as a pro-angiogenic factor and its HIF-induced upregulation 

contributes to the relaxation of the tumour tissue.78 Altogether, these proteins contribute to the 

hypoxia-mediated decrease in cell adhesion and induce the detachment and spreading of the 

tumour, thus conferring invasiveness properties to cancer cells. 

The metabolism of healthy mammalian tissues relies upon the availability of oxygen in order to 

carry out most of the cellular processes, especially the synthesis of the energy molecule, ATP. 

Because of this dependence, mammalian systems are extremely sensitive to changes in their 

surrounding oxygen tension and an exposure to low oxygen environments requires an adaptation 

of the cellular metabolism.79   
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Hypoxic cancer cells are known to switch their metabolism from cellular respiration to an oxygen-

independent aerobic glycolysis in order to ensure the synthesis of ATP. To carry out this switch, 

the glucose metabolism is upregulated in hypoxia with the majority of the genes involved in this 

process being under the regulation of HIF-1 only (Figure 6). The uptake of glucose is increased via 

the enhanced expression of  glucose transporters such as GLUT1 and GLUT3 with glut1 being one 

of the rare metabolism-related gene mediated by both HIF-1 and HIF-2.63, 80-84 In order to 

efficiently process the uptaken molecules of glucose, most of the glycolysis enzymes are also 

upregulated (e.g hexokinase 1 and 2 (HK1 and HK2), phosphofructokinase (PFK), 

phosphoglycerate kinase 1 (PGK1), etc.), thus leading to an increased production of pyruvate, the 

latter being subsequently converted into lactate via the HIF-1-upregulated lactate dehydrogenase 

(LDHA).63, 83, 85, 86 To further ensure the conversion of pyruvate into lactate, HIF-1 activates a 

second regulatory mechanism by inducing the expression of pyruvate dehydrogenase kinase 1 

(PDK1).83 PDK1 can inhibit pyruvate dehydrogenase (PDH), thus preventing the conversion of 

pyruvate into acetyl-coA which subsequently inhibits the tricarboxylic acid (TCA) cycle.87 Lactate 

can then be exported from the cells by its transporter, monocarboxylate transporter 4 (MCT4), 

which is itself upregulated by HIF-1.88 MCT4 ensures the proton-coupled transport of lactate and 

thus contributes to the intracellular deacidification and subsequent extracellular decrease in pH.89 

In the same way, HIF-1 induces the expression of the metalloenzyme carbonic anhydrase IX (CAIX) 

which enables the conversion of carbon dioxide and water into HCO3
- and H+ in order to maintain 

an alkaline intracellular pH and extracellular acidic pH.90 Acidic extracellular pH is a common 

hallmark of cancer, especially in solid tumours and the maintenance of an alkaline intracellular pH 

is known to facilitate tumorigenicity and cell proliferation.91, 92   
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Figure 6.  Regulation of the glucose metabolism by HIF. Blue proteins are upregulated by HIF-

1. GLUT1 is upregulated by both HIF-1 and HIF-2. Glycolysis pathway is carried out in 

the cytosol and is represented in the dashed light grey box. All the glycolytic enzymes 

displayed are upregulated by HIF-1.63, 83, 85, 86, 93-96 HIF-1 affects the mitochondrial 

metabolism by upregulating PDK1 which downstream inhibits PDH. This prevents the 

conversion of pyruvate into acetyl-coA and its subsequent entrance in the TCA cycle, 

thus leading to a slow down/arrest of the TCA cycle. Instead, accumulated pyruvate is 

rewired towards conversion into lactate via upregulation of LDHA. HIF maintains the 

intracellular pH by increasing the export of lactate via the upregulation of MCT4.     

The upregulation of glucose metabolism by HIF-1 symbolises the differential roles between 1 

and 2. However, glucose metabolism is only one of many metabolic pathways impacted by 

hypoxia. Many cross-talks exist between metabolic pathways which makes the metabolic cell 

adaptation to low oxygen environments much more complex.  
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 Adaptation of cell metabolism to hypoxia 

Healthy human cells require oxygen to produce their energy molecule, ATP (Figure 7a). In 

physiological conditions, glucose is imported from the extracellular environment and converted 

into pyruvate via glycolysis (as previously described in section 1.1.3.2 and Figure 6). The 

conversion of one molecule of glucose during the glycolysis process enables the formation of 2 

molecules of ATP. Pyruvate is subsequently transported into the mitochondria where it gets 

converted into acetyl-coA, the first substrate of the TCA cycle. The TCA cycle is comprised of 8 

reactions and constitutes the second step of cellular respiration after glycolysis. Its main role is to 

produce the reduced cofactors NADH and FADH2 which can then be used as electron donors in the 

mitochondrial electron transport chain (ETC), the third and last step of cellular respiration. The 

conversion of one molecule of glucose by the glycolysis / TCA pathway yields 2 molecules of 

FADH2 and 10 of NADH. Electrons from these reduced cofactors are transferred to O2 in the ETC 

which leads to the formation of the oxidised forms of the factors and protons. The latter are 

pumped across the inner mitochondrial membrane creating a proton-motive force enabling the 

synthesis of ATP by ATP synthase. The overall energy production of this process is 36 ATP 

molecules (2 from glycolysis, 2 from TCA and 32 from ETC) per molecule of glucose.  

In hypoxia, the reduced O2 availability leads to a slowdown of the ETC due to the lack of a 

terminal electron acceptor, thus inducing an important decrease in the mitochondrial ATP 

production (Figure 7b). Due to this limited ETC rate, NADH levels increase leading to a reduction 

in the rate of the NADH-producing TCA reactions. Overall, hypoxia induces an almost complete 

shutdown of the mitochondrial cellular respiration, and the ATP production in these conditions 

mostly relies upon the glycolytic production. In these conditions, the previously described HIF-

induced upregulation of the glycolysis pathway enables the maintenance of a favourable 

glycolytic rate and ensures a sufficient glycolytic ATP production to support cell growth. 
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Figure 7.  Switch from oxidative phosphorylation to aerobic glycolysis in hypoxia.  

 (a) Mammalian cells exposed to normal oxygen environments metabolise glucose via 

the glycolysis pathway. The final product, pyruvate, is transported into the 

mitochondria and ensures the functioning of the TCA and ETC. In the ETC, electrons 

are transferred to the terminal acceptor O2 which enables the synthesis of ATP by 

ATP synthase (AS).  (b) In hypoxia, the lack of O2 prevents the activity of the ETC 

which induces a slowdown / arrest of the TCA cycle. Pyruvate is converted into 

lactate and the synthesis of ATP mostly relies on enhanced glycolytic ATP production.   

Glycolysis produces intermediate molecules that are used as substrates by branched metabolic 

pathways. Thus, maintaining glucose metabolism is crucial, not only to enable ATP production, 

but also to ensure the synthesis of biosynthetic building blocks such as ribose-phosphates and 

one-carbon units required in amino acid and nucleotide synthesis. As the glycolytic rate increases 

in hypoxia, the levels of glycolytic intermediates build up and the branched pathways 

metabolising these substrates are upregulated in order to efficiently process them (Figure 8).  

As an example of such, glycolysis is directly branched to the pentose phosphate pathway (PPP). 

The product of the first glycolytic step, glucose-6-phosphate (G6P), can either be processed by the 

next steps of glycolysis or be used as a substrate in the oxidative branch of the PPP. The oxidative 
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PPP is comprised of three irreversible enzymatic steps that enable the production of two 

molecules of NADPH as well as one molecule of ribulose-5-phosphate, which can subsequently be 

converted into ribose-5-phosphate, used in the synthesis of nucleotides. NADPH plays an essential 

role in scavenging reactive oxygen species (ROS) and thus enables cell survival under stress 

conditions.  

The first substrate of the oxidative PPP, G6P, is converted into 6-phosphogluconolactone by the 

enzyme glucose-6-phosphate dehydrogenase (G6PD). This reaction simultaneously forms one of 

the two NADPH molecules produced during the oxidative PPP. As the first enzyme of the pathway, 

G6PD is considered as the “gatekeeper” of the PPP and its activity conditions the rate of the 

pathway. Contradictory data have been reported on the expression of G6PD in hypoxia. The 

enzyme was found to be upregulated in hypoxia in different cell types and to be downregulated in 

breast cancer cell lines, which might suggest that the reliance of hypoxic cancer cells on PPP is 

likely to be cell-type dependent.97-99  

The last enzyme of the oxidative PPP, 6-phosphogluconate dehydrogenase (PGD), catalyses the 

conversion of 6-phosphogluconate into ribulose-5-phosphate and simultaneously forms the 

second NADPH molecule of the PPP. PGD was shown to be up-regulated by HIF-1 in hypoxia, 

suggesting an increased rate of the pathway in hypoxia.100  

Furthermore, it is interesting to note that in some cells lines, HIF-1 was shown to increase the 

synthesis of ribose-5-phosphate via the non-oxidative branch of the PPP by upregulating the 

expression of the transketolase enzyme.101 In addition, metabolomic analyses showed increased 

levels of PPP intermediates which strengthened the hypothesis of an hypoxia-induced increased 

flux through the PPP.102 

Aside from its hypoxia-induced upregulation, the PPP is commonly enhanced in cancer cells and 

plays a major role in their metabolic adaptation.103 Cancer cells are known to switch their glucose 

metabolism from cellular respiration (previously described) to aerobic glycolysis. Despite the 

presence of oxygen, cancer cells rewire their glucose metabolism into lactate production rather 

than mitochondrial oxidative phosphorylation so as to solely rely on glycolysis for energy 

production, in the same way as hypoxic cells. This phenomenon is known as the Warburg 

effect.104, 105 Growing evidence suggests that, in the same way as glycolysis, higher flux through 

the PPP is observed in cancer cells. In fact, G6PD and PGD have both been reported to play a role 

in the proliferation of different cancer cell types and G6PD has been associated with poor patient 

outcome. 106, 107 It is unsurprising to observe an increased rate of the PPP in cancer cells as this 

pathway enables an increase in the NADPH and ribose phosphates production, which play a major 

role in preventing ROS-induced stress and sustaining nucleotide synthesis, respectively.     
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In addition to the PPP, the de novo synthesis of serine, also known as the serine synthesis 

pathway (SSP), is a biosynthetic pathway branched to glycolysis. Serine is an amino acid that plays 

a central role in the biosynthesis of many molecules as it acts as a precursor for the synthesis of 

the nonessential amino acids glycine and cysteine that are both involved in nucleotide synthesis, 

especially purines, as well as lipid and amino acid metabolisms.108 The glycolytic intermediate 3-

phosphoglycerate (3-PG) is converted into serine by a series of three enzymatic steps. The three 

enzymes catalysing these reactions, namely phosphoglycerate dehydrogenase (PHGDH), 

phosphoserine aminotransferase 1 (PSAT1) and phosphoserine phosphatase (PSPH) were 

reported to be upregulated in cancer cell lines experiencing hypoxia.98 The enhanced hypoxic rate 

of the SSP leads to an increased availability of serine that can further be converted into glycine by 

serine hydroxymethyltransferases (SHMTs), which have a cytosolic isoform (SHMT1) and a 

mitochondrial isoform (SHMT2).109, 110 Via its conversion into glycine by SHMT, serine supplies 

carbon to the one-carbon metabolism, and particularly to the folate cycle. During this reaction, 

serine donates one carbon to tetrahydrofolate (THF) to enable the production of 5,10 

methylenetetrahydrofolate (5,10-mTHF), which can subsequently be used in thymidine synthesis 

or act as a precursor for 10-formyl tetrahydrofolate (10-f-THF), a co-factor required in de novo 

purine biosynthesis. As the rate of serine synthesis increases, SHMT2 levels were found to be 

upregulated in hypoxia in a HIF-1-dependent manner solely in cells expressing high levels of MYC, 

so as to efficiently catabolise the newly synthesised serine.111 Cells displaying low expression 

levels of MYC did not show an upregulation of SHMT2 in hypoxia, however, overexpression of 

MYC in these cells restored SHMT2 upregulation in hypoxia, suggesting that the hypoxia-induced 

upregulation of SHMT2 is cell type dependent (i.e expression levels of MYC).111 In addition, when 

upregulated in hypoxia, SHMT2 was shown to be required to maintain redox homeostasis in 

hypoxic cells, likely by maintaining high levels of NADPH. Indeed, the conversion of 5,10-mTHF 

into 10-f-THF by the methylenetetrahydrofolate dehydrogenase (MTHFD) enzyme enables the 

concomitant formation of NADPH. As SHMT2 modulates the entry of a carbon unit into the folate 

metabolism and thus regulates its rate, SHMT2 activity acts upon the redox homeostasis of the 

cells. Therefore, increased SHMT2 activity likely induces an enhanced production of ROS-

scavenging NAPDH.  

The reliance of cancer cells on serine synthesis has been widely defined over the years.108, 112, 113 

Metabolic flux through the SSP was found to be increased in tumour cells compared to their 

healthy counter-parts, especially in the case of the PHGDH enzyme.114, 115 In addition, studies 

carried out on tumours showed a strong correlation between increased PHGDH activity and 

upregulation of SHMT2 activity, suggesting that SHMT and the SSP are critical for tumour 

development.116  
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 Figure 8.  Interconnections of metabolic pathways impacted by hypoxia. Metabolic pathways 

are linked to one another, as some intermediates of one pathway are used as 

substrates for another. The main energy input of the cells is glucose, which is 

subsequently transformed in the glycolysis pathway (grey pathway). Different 

intermediates of the glycolysis pathway feed parallel metabolisms, such as glucose-6-

phosphate which is used as substrate by the pentose phosphate pathway (PPP – 

green pathway) and 3-phosphoglycerate, which is a substrate of the de novo 

synthesis of serine (yellow pathway). Serine is subsequently used in the 

serine/glycine metabolism and downstream folate cycle that together constitute the 

one-carbon metabolism (blue pathway). One-carbon metabolism is carried out in 

both the cytoplasm and the mitochondria. All of these pathways provide substrates 

and cofactors for the synthesis of purines (red pathway).  
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In mild hypoxia (0.5%-2% oxygen), the cell metabolism is reprogrammed in order to prevent cell 

death and ensure the synthesis of molecules required for cell growth and proliferation. Both the 

PPP and SSP contribute to these processes by (i) enabling the synthesis of NADPH required for 

ROS-detoxification, preventing cell damage and downstream apoptosis (ii) ensuring the formation 

of biosynthetic building blocks required for the synthesis of vital macromolecules such as 

nucleotides.  

Maintaining cell growth and proliferation implies that the cells keep synthesising DNA and RNA, 

essential to ensure a plethora of cellular functions, including the ability to carry out mitosis. Over 

the years, increased flux through the previously described pathways has been described in 

hypoxic cells and, due to their major input into nucleotide synthesis, the latter has been 

hypothesised to be upregulated following the increased availability of substrates and cofactors. 

However, very little is known about the effect of hypoxia on nucleotide synthesis. As cancer cells, 

and especially hypoxic cells, manage to maintain cell growth and proliferation, it is thought that 

their nucleotide synthesis is likely to adapt to these low oxygen environments. 

Nucleotides are comprised of two distinct types of base, the pyrimidines and the purines. Both 

contain a ribose unit synthesised by the PPP, but the de novo synthesis of purines requires co-

factors produced by the above-mentioned SSP and one-carbon metabolism. Due to the hypoxic 

reprogramming of the PPP, SSP and one-carbon metabolism, it is highly possible that the purine 

biosynthetic pathway is affected by low-oxygen environments.  

1.2 The purines and their biosynthesis 

 Structures and roles of the purines  

Purines are amongst the most abundant metabolic substrates in living organisms. They are 

involved in many vital cellular processes such as signalling, energy storage, synthesis of cofactors 

but more importantly, they are building blocks for the synthesis of nucleic acids. Out of the four 

common bases found in nucleic acids, two of them, adenine (A) and guanine (G), belong to the 

purine class of molecules. This way, purines constitute 50% of the DNA and RNA. 

The term “purine” originally describes the purine ring, which constitutes the backbone of the 

purine bases, nucleosides and nucleotides. The purine ring is composed of six-membered and 

five-membered nitrogen-containing fused rings (Figure 9). Addition of different functional groups 

onto the purine ring leads to the formation of distinct bases. Indeed, addition of an amino group 

onto the C6 of the purine ring leads to the formation of adenine. Similarly, guanine is constituted 
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of a purine ring onto which an amino group and a carbonyl group have been added onto the C2 

and C6 positions, respectively. 

Adenine and guanine, also referred to as the purine bases (or nucleobases), are mainly used as 

precursors for the synthesis of purine nucleosides. The latter are formed by addition of a pentose 

unit onto the N9 of the nucleobase, resulting in the formation of adenosine and guanosine. The 

pentose unit found in nucleosides is a ribose-5-phosphate, product of the pentose phosphate 

pathway (see section 1.1.4).   

Purine nucleosides serve as precursors for the synthesis of purine nucleotides. One phosphate 

group is added onto the purine nucleoside enabling the formation of their nucleotide 

monophosphate counter-part, namely adenosine monophosphate, known as AMP and guanosine 

monophosphate, known as GMP.  

Depending on the needs of the cells, an additional one or two phosphate groups can be added 

onto AMP and GMP, resulting in the formation of the di- and tri- phosphate nucleotides: ADP, 

ATP, GDP and GTP.     

 

Figure 9.  Structure of purines. The purine ring is composed of six-membered and five-

membered nitrogen-containing fused rings. Each purine base displays different 

chemical functions added onto the purine ring. Addition of a ribose-5-phosphate 

onto the purine base enables the formation of the corresponding purine nucleoside. 
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Purine nucleotides can then be formed by adding a phosphate group onto the ribose 

unit of the nucleosides. 

Purines perform a wide and diverse range of functions. As an example of such, GTP plays a key 

role in energy transfer as well as signal transduction via its binding to GTP-binding proteins, also 

referred to as G-proteins.117 G-proteins, either heterotrimeric or monomeric, link the activation of 

a receptor by the binding of an extracellular signal to its downstream signalling effects. G-proteins 

in their inactive form are bound to GDP and upon receptor activation, GDP is exchanged for GTP. 

Binding of GTP induces the activation of the G-protein and subsequently activates the biochemical 

cascades aimed at modifying their ultimate target proteins. 116 This signalling process is 

terminated by the hydrolysis of the GTP molecule to GDP, which places the G-protein back in its 

inactive state.118, 119  

The second purine triphosphate, ATP, is a vital metabolite as it constitutes the molecular unit of 

energy transfer in cells. Hydrolysis of ATP enables the generation of energy required for all cellular 

functions. In addition, ATP also plays an important role in signalling, both intracellular and 

extracellular.120 Indeed, ATP is involved in intracellular signal transduction as its phosphate groups 

can be used by kinases in the reactions of phosphate transfer, which subsequently enable the 

activation of downstream enzymatic cascades.   

ATP also acts as a major component of a specific type of extracellular signalling referred to as the 

purinergic signalling.121 Mediated in part by ATP, the purinergic signalling is also modulated by 

ADP and adenosine. This specific form of signalling consists in the activation of purinergic 

receptors by the above-mentioned adenine-derived purines so as to regulate diverse cellular 

functions. The activation of these membrane-bound purinergic receptors by the binding of 

purines implies that purines are present in the extracellular environment. To modulate the 

extracellular availability of purines, the purinergic signalling is comprised of transporters, enzymes 

and purinergic receptors. There are different classes of purinergic receptors, each of them being 

specifically activated by certain nucleotides or nucleosides. As an example of such, the P1 

purinergic receptor can only be activated by adenosine, whereas the P2Y receptor can be 

activated by both ADP and ATP (as well as UDP and UTP), all of them being nucleotides.122 Thus, 

different adenine-based purines are required in the extracellular environment. To ensure this, 

nucleotide transporters allow the export of nucleotides and nucleosides from the cell.123, 124 In 

addition, membrane-bound ectonucleotidases ensure the degradation of ATP into ADP, ADP into 

AMP and AMP into adenosine so as to enable the availability of all types of adenine-derived 

purines when required and the subsequent activation of their specific purinergic receptor.125      
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Purinergic signalling is commonly found under physiological conditions but over the years, it was 

found that purinergic signalling also plays a role in diverse pathological conditions, especially in 

cancer.126, 127 In fact, ATP and adenosine are found in increased quantities in the tumour 

microenvironment (TME) and many malignant tumours were found to overexpress several 

purinergic receptors.128-130 In addition, as the conversion of ATP into adenosine represents one of 

the basis of physiological purinergic signalling, it was found that the nucleotide-metabolising 

enzymes responsible for this conversion are also key components of the TME and happen to be 

activated by HIF-1 in hypoxic TME.131, 132 The increased expression of these enzymes leads to 

increased extracellular adenosine levels which can subsequently activate the adenosine-mediated 

purinergic signalling, known to have an important immunosuppressive activity favouring the 

malignant context of tumour development.133, 134  

Overall, increased extracellular purine availability coupled to the enhanced expression of key 

modulators of the purinergic signalling within the TME stimulate the purinergic signalling which 

subsequently favours immunosuppressive activity, stimulation of tumour growth as well as 

enhanced metastasis ability.135-137 However, it is to note that, although the stimulation of 

purinergic signalling has been reported to mostly sustain the TME, some studies highlighted a 

decreased growth proliferation of tumour cells resulting from purinergic activation.138-140      

As purinergic signalling represents a promising therapeutic target for cancer, diverse therapy 

strategies are currently being developed to inhibit this process in tumour cells, although the 

presence of purinergic receptors on normal cells limits the therapeutic potential and downstream 

effects of this approach. 

As purines are involved in many cellular functions, they are also found as components of diverse 

molecules and cofactors such as the nicotinamide adenine dinucleotide (NAD), NAD phosphate 

(NADP) and flavin adenine dinucleotide (FAD). NAD is a small molecule composed of two 

nucleotide monophosphates. The two bases found in this dinucleotide are adenine and 

nicotinamide, and the two nucleotides are bound by their phosphate groups. NAD is one of the 

most important cofactors in the cell metabolism as it mediates redox reactions in various 

pathways such as glycolysis, TCA cycle, oxidative phosphorylation and serine biosynthesis. High 

levels of NAD in cells enables the enhanced rate of the enzymatic reactions that use NAD as a co-

enzyme and thus sustains the rates of the pathways. In cancer cells, including hypoxic cancer cells, 

as metabolic pathways such as glycolysis and serine biosynthesis are affected, the replenishment 

of NAD maintains the rate of these pathways and thus sustains cell growth and proliferation. In 

the same way, NADP plays an important role in redox reactions, especially in the pentose 

phosphate pathway (as described in section1.1.4). Maintenance of NADP levels in cells enables a 
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proper functioning of the PPP with the resulting production of NADPH, required for major redox 

functions and prevention of cell death. 

Purines, used in their nucleoside and nucleotide forms as well as components of cofactors, are 

thus involved in a plethora of cellular functions vital for cells. Aside from these cellular functions, 

the main role of purines is their function as building blocks for DNA and RNA. As the A and G 

bases compose 50% of the cellular nucleic acid pool of the cells, purines are thus vital cellular 

metabolites.  

In regards to the major functions ensured by purines in cells, it is clear that their biosynthesis 

requires an excellent coordination and regulation to constantly ensure nucleotide production, 

DNA synthesis and subsequent cell growth, division and proliferation.         

 Biosynthesis of purines 

In mammalian cells, levels of purine nucleotides are maintained by the coordination of two 

pathways: the salvage pathway and the de novo biosynthetic pathway (Figure 10).  

Under physiological conditions, most of the purine pool is synthesised by the recycling of 

degraded purine bases via the salvage pathway (Figure 10, red pathway).141-143 These purine 

bases, namely adenine, guanine and hypoxanthine, can result from DNA degradation or be 

imported from the extracellular environment. In the salvage pathway, the bases are converted 

into their corresponding nucleotide monophosphate via three parallel one-step enzymatic 

reactions that transfer a ribose unit from phosphoribosyl pyrophosphate (PRPP) onto the 

nucleobase. These three recycling enzymatic reactions are catalysed by two enzymes: adenosine 

phosphoribosyl transferase (APRT) that converts adenine into AMP, and hypoxanthine-guanine 

phosphoribosyl pyrophosphate (HGPRT, also called HPRT) that converts guanine and 

hypoxanthine into GMP and inosine monophosphate (IMP), respectively.    

The salvage pathway enables the formation of nucleotides in a cost-effective way as the one-step 

enzymatic reactions do not require energy consumption. However, when cells require a high input 

of nucleotides for processes such as DNA amplification or high energy-consuming metabolisms, 

the de novo biosynthesis of purines is upregulated in order to meet the purine demand of the 

cells, maintain the nucleotide pool and enable the cell to carry out multiple metabolisms at the 

same time.141, 143-145 

Originally characterised in avian liver enzymes 60 years ago, the de novo synthesis of purines is a 

series of 10 chemical steps catalysed by six enzymes, three of them being multifunctional (Figure 

10, blue pathway).146 The first reaction of the pathway is catalysed by phosphoribosyl 
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amidotransferase (PPAT) which ensures the conversion of PRPP into 5-phosphoribosylamine 

(PRA). PRA is then transformed into formylglycinamide ribonucleotide (FGAR) via two consecutive 

reactions catalysed by phosphoribosylglycinamide synthase (GARS) and 

phosphoribosylglycinamide formyltransferase (GAR Tfase), respectively. GARS and GAR Tfase 

constitute two domains of the trifunctional GART (also known as TrifGART). FGAR is subsequently 

converted in N-formylglycinamidine ribonucleotide (FGAM) by phosphoribosylglycinamidine 

synthase (FGAMS) during the fourth step of the pathway. The fifth step is catalysed by the third 

domain of GART, phosphoribosylaminoimidazole synthetase (AIRS), which enables the conversion 

of FGAM into aminoimidazole ribonucleotide (AIR). The next step of the pathway is catalysed by 

the bifunctional phosphoribosyl aminoimidazole carboxylase (CAIRS) / phosphoribosyl 

aminoimidazole succinocarboxamide synthetase (SAICARS) (PAICS). PAICS converts AIR into N-

succinocarboxyamide-5-aminoimidazole ribonucleotide (SAICAR) in two concerted steps. SAICAR 

in then used as substrate by adenylosuccinate lyase (ADSL) which transforms it into 

aminoimidazole-4-carboxamide ribonucleotide (AICAR). This reaction constitutes the only 

reversible reaction of the pathway. Finally, the last two steps of the pathway are catalysed by a 

bifunctional enzyme, 5-aminoimidazole-4-carboxamide ribonucleotide formyltransferase (AICAR 

Tfase) / IMP cyclohydrolase (IMPCH), known as ATIC. These last two steps enable the conversion 

of AICAR into IMP, the final product of the de novo purine biosynthesis and main precursor of de 

novo synthesis of AMP and GMP.  

The formation of AMP from IMP is a two-step process. The first reaction is catalysed by 

adenylosuccinate synthetase (ADSS) and ensures the conversion of IMP into adenylosuccinate 

(AMPS). The subsequent conversion of AMPS into AMP is catalysed by ADSL. In the same way, 

IMP is transformed into GMP by two consecutive reactions. The first transforms IMP into 

xanthosine monophosphate (XMP) and is catalysed by IMP dehydrogenase (IMPDH). GMP is then 

produced from XMP via the enzymatic activity of GMP synthase (GMPS).                

Both de novo and salvage pathways use one molecule of PRPP as their first substrate to form one 

molecule of IMP. PRPP results from the conversion of ribose-5-phosphate, the final product of the 

PPP (Figure 10, green pathway), by PRPP synthetase 1 (PRPS1). To convert PRPP into IMP by the 

de novo biosynthetic route, the six enzymes of the pathway rely on many amino acids and 

cofactors, namely two molecules each of glutamine and 10-f-THF, one molecule each of aspartate, 

glycine and carbon dioxide, as well as five molecules of ATP. As previously described in section 

1.1.4 and Figure 8, most of these cofactors are provided by parallel metabolisms such as 

glycolysis, serine biosynthesis and one-carbon metabolism, indicating that de novo purine 

biosynthesis highly relies on the efficiency of its associated pathways to function.    
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Figure 10.  Purine Biosynthesis Pathways. The pool of purines in cells is maintained by the 

coordination of the salvage (red pathway) and the de novo pathways (blue pathway). 

In physiological conditions, purines are produced from the salvage pathway which 

consists in three parallel enzymatic reactions in which APRT converts adenine into 

AMP, and HPRT converts guanine and hypoxanthine into GMP and IMP, respectively. 

In conditions of high purine demand, the de novo pathway is activated to maintain 

the pool of purines. This pathway, comprised of by six enzymes, uses PRPP, the final 

product of the PPP (green pathway) as substrate and leads to one molecule of IMP as 

final product. IMP can then be further converted into AMP or GMP. 
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The purine metabolism has been demonstrated to be involved in many disorders such as gout, the 

Lesch-Nyhan syndrome and cancer. Although the Lesch-Nyhan syndrome has a genetic origin as it 

results from mutations within the gene encoding for HGPRT, the implication of purines in cancer 

relies on their metabolism and functions. As previously described in section 1.2.1, the purinergic 

signalling plays a key role in cancer development and progression.126 In the same way, inosine has 

been shown to enhance the proliferation of melanoma cells.147 In addition to purine metabolites, 

biosynthetic purine enzymes are also involved in cancer development. Studies carried out on lung 

cancer samples from patients showed that the enzymes of the de novo pathway, PAICS and PPAT, 

were amplified in a number of cancer tissues and were involved in tumour growth, cancer 

progression and invasion.148 Furthermore, in this same study, the expression of both proteins was 

suggested as markers for disease outcome as they correlated with poor patient survival.     

In addition to their implication in cancer via purinergic signalling, the role of purines as building 

blocks of DNA and RNA made them an ideal target to prevent nucleic acid synthesis and 

downstream cancer cell growth and proliferation. As such, one of the oldest class of molecules 

used in chemotherapy are the purine antimetabolites that act by either inhibiting the de novo 

synthesis of purines or by replacing naturally occurring purines in the nucleic acid strands.149 

There are currently more than 10 purine antimetabolites that are routinely used in cancer 

treatment. For example, 6-mercaptopurine acts by competing with hypoxanthine for HGPRT, thus 

inducing the formation of thio IMP (TIMP) instead of IMP and subsequently preventing the 

formation of AMP and GMP.150 6-mercaptopurine also inhibits PPAT, the first enzyme of the de 

novo purine biosynthesis, which thus alters the synthesis of purines and subsequent formation of 

nucleic acid strands.151 Another class of molecules used to target de novo purine synthesis is the 

antifolates.152 Antifolates constitute a class of antimetabolites that display similar structures to 

natural folate derivatives but act by blocking the enzymes involved in the synthesis of these folate 

derivatives. The first and most common example of an antifolate is methotrexate. Methotrexate 

was first used in the clinic in the early 1950s, and it is only in 2004 that the second antifolate was 

approved for cancer treatment.153 Methotrexate is an inhibitor of the dihydrofolate reductase 

(DHFR) enzyme that converts dihydrofolate (DHF) into THF.154 Inhibition of DHFR prevents the 

formation of 10-f-THF from THF, thus blocking the de novo synthesis of purines. 

Because of all the above-mentioned physiological roles attributed to purines and their implication 

in various diseases, purine metabolites represent a cornerstone of the cellular metabolism. Over 

the last years, a renewed interest towards understanding the purine metabolism enabled the 

discovery of new levels of regulation and organisation within this metabolism thus providing a 

new insight into how cells regulate their purine need.   
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1.3 The purinosome complex 

 Introduction to the notion of metabolon and discovery of the purinosome 

For many years, enzymes belonging to the same pathway have been hypothesised to cluster in 

order to facilitate the metabolic flux through the pathway. In 1985, Paul A. Srere introduced the 

notion of metabolon which refers to a “supramolecular complex of sequential metabolic enzymes 

and structural cellular elements”.155 His work on metabolons mainly focused on the TCA cycle and 

demonstrated that five sequential enzymes of the TCA cycle were clustering together at the inner 

mitochondrial membrane in order to efficiently produce -ketoglutarate from fumarate.156, 157  

Following this discovery, more metabolons have been characterised in various pathways such as 

glycolysis and pyrimidine biosynthesis.158-160 However, it should be noted that a metabolon does 

not always include all the enzymes of the concerned pathway. The formation of a metabolon 

prevents the diffusion or interaction of metabolic intermediates with other cellular components 

so as to ensure an efficient processing of these metabolites through the pathway.  

In the de novo purine biosynthesis pathway, the instability of some intermediates as well as the 

non-sequential enzymatic activity of GART raised the hypothesis that the enzymes of the pathway 

could form a metabolon. Indeed, PRA, the product of the first reaction of the pathway, is unstable 

in solution and requires to be directly transferred to GART which was found to correlate with the 

clustering of PPAT and GART.161, 162 In the same way, GART catalyses steps two, three and five of 

the pathway with FGAMS catalysing the fourth step, thus suggesting an interaction between these 

two enzymes.163     

For many years, the existence of a metabolon within the de novo purine biosynthesis was 

hypothesised and assed by different copurification techniques that could not determine the 

existence of such a complex. It is only many years later, with the technical progress of 

fluorescence microscopy, that the existence of a metabolon within the de novo purine 

biosynthesis was proven. 

In 2008, Benkovic et al., by studying the enzymes of the pathway tagged with fluorescent proteins 

using fluorescent microscopy, discovered the existence of a macro-complex comprised of the six 

enzymes of the de novo purine pathway that they named the purinosome (Figure 11).164 In order 

to observe the formation of the complex, the authors maintained the cells in a media deprived of 

purines, referred to as purine-depleted media, which mechanically forced the cells to synthesise 

their own purines as they were not able to uptake them from the extracellular environment or to 

salvage extracellular nucleosides. The first observation of purinosome complexes was obtained by 

transfecting into HeLa cells two plasmid constructs encoding for GART and FGAMS, both fused to 
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a different fluorescent protein (GFP and OFP, respectively). Although the fluorescently tagged 

enzymes displayed an homogenous fluorescence throughout the cytoplasm when cells were 

placed in the presence of purines (Figure 11a), in purine-depleted media, both enzymes formed 

purinosomes and were found to colocalise within the complex (Figure 11b). The study was 

extended to the other four enzymes of the pathway which were all found to colocalise with 

FGAMS in purine-depleted conditions. In the same study, the authors demonstrated that this 

clustering was not an artefact of transfection or protein overexpression by showing the presence 

of the purinosome complexes in purine-depleted conditions via the immunostaining of GART.  

 

Figure 11.  Purinosome formation in HeLa cells maintained in purine-depleted conditions. 

From An, S.;  Kumar, R.;  Sheets, E. D.; Benkovic, S. J., Reversible 

compartmentalisation of de novo purine biosynthetic complexes in living cells. 

Science 2008, 320 (5872), 103-106. Reprinted with permission from AAAS.164 HeLa 

cells were transfected with a plasmid encoding for FGAMS-GFP. (a) HeLa cell in 

purine-rich media displayed an homogenously distributed fluorescence. (b) HeLa cell 

maintained in purine-depleted conditions formed purinosomes. 

The existence of such a complex raised many more questions about the organisation of the 

complex itself and its regulation. Since then, many studies were carried out and provided a broad 

and deeper understanding of the structure of the complex, its physiological relevance as well as 

its interactions with other cellular components, including proteins and cellular compartments.   

 Physical characteristics of the complex 

The purinosome was firstly described as a complex containing the six enzymes of the de novo 

purine biosynthesis but little was known about the actual organisation of the complex. Further 

studies determining the coefficient of diffusion of the individual proteins as well as proximity 

studies enabled the determination that the complex was formed of a core scaffolding protein 

assembly in addition to peripheral proteins involving weaker protein-protein interactions.165, 166 

The core of the complex was found to be comprised of the first three enzymes of the pathway, 



Chapter 1 

28 

PPAT, GART and FGAMS, whereas PAICS, ADSL and ATIC were defined as peripheral proteins 

(Figure 12). In addition, proteomic studies uncovered interactions between proteins of the 

purinosome , with most of the proteins found to interact with one another.165-168 In addition to 

the six enzymes of the de novo purine biosynthetic pathway, ADSS and IMPDH, the enzymes 

responsible for the conversion of IMP into AMPS and XMP, respectively, were found to also be 

part of the purinosome, although no protein-protein interactions with the enzymes of the de novo 

pathway were found.169  

Although PAICS, ADSL and ATIC have been defined as peripheral proteins, they remain essential 

for the stability of the complex. Purinosome formation was found to be decreased in fibroblasts 

from patients suffering from ADSL-deficiency and AICAr-ribosiduria (ATIC deficiency), suggesting 

that the structure and activity of these two peripheral proteins impact upon purinosome 

formation.170 To further confirm this, it was shown that in CRISPR-Cas9 HeLa cell lines, each 

deficient for one of the de novo purine pathway (except PPAT which was not assessed), the 

formation of purinosomes was disrupted, indicating that each enzyme of the pathway is required 

for the stability of the complex.171    

To further understand the organisation of this complex, the oligomeric states of each enzyme 

were studied. PAICS was found to be an octamer, ADSL a tetramer and both GART and ATIC were 

described as dimer, although ATIC exists as an equilibrium between the monomeric and dimeric 

forms, with the dimer being predominant in presence of the enzyme’s substrate and cofactor.172-

177  No information about the structures of FGAMS and PPAT are available for the human proteins, 

but comparison with homologous enzymes from other species suggests that FGAMS and PPAT 

exist as monomer and tetramer, respectively (Figure 12).  

  



Chapter 1 

29 

 

Figure 12.  Schematic representation of the oligomeric states of the de novo purine enzymes 

and their interactions within the purinosome network. The purinosome network is 

comprised of a core scaffold assembly (grey triangle) and peripheral proteins. The 

core proteins tetrameric PPAT, dimeric GART and monomeric FGAMS strongly 

interact with each other (thick lines), whereas the peripheral proteins (dimeric ATIC, 

tetrameric ADSL and octameric PAICS) display weaker protein interactions with the 

other members of the complex (thin lines). IMPDH and ADSS are known to be part of 

the complex although no protein-protein interactions with other purinosome 

proteins have been described.    

Studies based on particle analysis showed that the size of a purinosome cluster can vary from 0.2 

to 0.9 µm (0.56 µm on average) and that 50-1000 entities can be found per cell.178 Purinosomes 

were first discovered using transient transfection which artificially leads to increased protein 

levels. To ensure that the observed clusters were not stress bodies resulting from protein 

aggregation, various control experiments were carried out to specifically characterise 

purinosomes and demonstrate that they are a unique entity clearly distinct from already reported 

cellular bodies. Indeed, the transfection of fluorescently-tagged stress granule marker Ras 

GTPase-activating protein-binding protein (G3BP), as well as GFP250 and GFP170 aggresome 

markers simultaneously with FGAMS did not show any colocalisation between the proteins, 

confirming that purinosomes are distinct from stress bodies and aggresomes.179 In addition, both 

stress granules and aggresomes displayed different physical characteristics compared to 

purinosomes, as their sizes were 0.4-5.0 µm for the stress granules and 2-10 µm for the 

aggresomes.180 Moreover, only 5-30 stress granules and 1 aggresome were observed within a 

single cell, suggesting a smaller number of entities per cell compared to purinosomes.  

Altogether, the above-mentioned observations about the purinosome complex enabled its 

qualification as a unique cellular entity. As an additional feature, the purinosome was shown to 
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not be a static metabolon as its formation is reversible upon purine supplementation.164 This 

characteristic demonstrates that purinosomes form when cells experience high purine demand 

but that their formation follows the metabolic requirements of the cells. This finding raised the 

possibility that purinosome formation might be modulated by many more cellular components 

and/or metabolic stimuli.   

 Function of the purinosome  

As the purinosome is defined as a metabolon, it was highly expected to observe a significant 

increase in de novo production of purines in conditions that favour purinosome formation. In fact, 

when cells were placed under purine-depleted conditions, a 50% increase in the rate of the 

pathway was observed, leading to a final three-fold increase in IMP formation.169 To further 

support this, analyses were carried out in fibroblasts derived from patients suffering from the 

Lesch-Nyhan syndrome.181 In these cells, the HPRT enzyme is deficient, indicating that the 

formation of IMP solely relied on de novo purine biosynthesis. In this pathological condition, the 

cells displayed a 25% increase in purinosome formation compared to normal cells. This data 

supports that purinosome formation is correlated with an up-regulation of the de novo purine 

biosynthesis.  

In order to understand the biological relevance of this metabolon, different studies were carried 

out, and a link between the cell cycle and the purinosome was hypothesised. Purinosome 

formation has been reported to be dependent on the cell cycle phase, with the number of 

purinosome-positive cells being at its maximum in G1 phase.178 On a biological point of view, this 

phase-dependent increase in purinosome formation is consistent with the fact that cells need to 

increase their nucleotide pool before DNA duplication in S phase. Following this increase, 

purinosome formation was shown to decrease as cells were progressing through S and G2/M 

phase. Consistent with this observation, studies in HCT116 cells showed a five-fold increase in 

purine synthesis when cells were progressing from G1 to S phase, supporting the correlation 

between purinosome formation and an increased metabolic flux through the pathway.182 

Unsurprisingly, this increase was accompanied by a three-fold increase in PRPP levels, the first 

substrate of the de novo synthesis of purines, indicating that the increase in the de novo purine 

synthesis is likely a downstream effect of increased substrate and cofactor availability from the 

input pathways.  

As an increase in substrate levels of the de novo pathway seemed to correlate with enhanced de 

novo purine biosynthesis, links between the input metabolic pathways and the purinosome were 

investigated. Recently, the enzymes of glycolysis were shown to form a metabolon called a 
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glucosome which was interestingly found to be spatially located next to the purinosome.183 

Although the characteristics of the spatial organisation between the glucosome and the 

purinosome require further investigation, it is hypothesised that the close proximity between 

these two clusters facilitates the channelling of the molecules from one pathway into another.  

 Modulation of purinosome formation 

The different characteristics of the purinosome complex, such as its size, its stepwise formation 

and its transient nature, suggested that other proteins and/or auxiliary proteins might be involved 

in the support and formation of the complex.  

Immunoprecipitation of FGAMS demonstrated that the protein was interacting with many 

chaperones, including the Hsp70/Hsp90 machinery.179 Chemical inhibition of these chaperones 

with specific inhibitors (i.e. Pifithrin-µ and MKT-077 for Hsp70, and 17-AAG and NVP-AUY922 for 

Hsp90) led to a total disassembly of the purinosome complexes. In the same way, removal of 

these inhibitors from the cell media induced a resurgence of purinosome, indicating that the 

Hsp70/90 complex is necessary for purinosome formation. Further studies investigating the role 

of Hsp90 in purinosome formation determined that the chaperone was not responsible for the 

stabilisation of the whole complex as such. The first two enzymes of the pathway, PPAT and 

FGAMS, were shown to be client proteins of Hsp90 which acts by processing them prior to 

complexation within the purinosome complex, whereas Hsp90 was not found to interact with the 

four remaining enzymes of the pathway.184   

In cells containing purinosomes, the complexes were physically distributed throughout the cell 

cytoplasm. Following the hypothesis that the organisation of enzymes into a metabolon was 

linked to cytoskeletal structures, the formation of purinosomes was found to be partly linked to 

microtubules. In fact, purinosome complexes formed under purine-depleted conditions were 

found to be embedded into the microtubule network and an inhibition of microtubule formation 

using nocodazole led to a dissociation of the complexes coupled to a decreased production of 

purines.185  

The role of the microtubule network in purinosome formation and function was further 

uncovered a few years later. A combination of microscopy techniques showed that microtubules 

ensured the trafficking of purinosomes, partly in order to send them to the mitochondria.186 The 

functional link between the purinosome and the mitochondria was further demonstrated by 

inhibiting either the electron transport using antimycin A or the oxidative phosphorylation using 

oligomycin. In both cases, the number of cells containing purinosomes was found to increase.187 In 

addition, inhibition of purinosome formation by small molecules correlated with a decrease in the 
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mitochondrial activity (assessed by measuring the production of malate) whereas the stimulation 

of purinosome formation resulted in increased malate production. Altogether, this demonstrates 

that there is a physical and functional link between the purinosome and the mitochondria.       

Although the exact nature of the link between the purinosome and the mitochondria remains to 

be explored, several hypotheses can be generated to explain the close proximity between these 

two entities. First, the de novo pathway requires five molecules of ATP to produce one molecule 

of IMP. The localisation of the purinosome complex next to the mitochondria would ensure a 

constant flux of ATP into the de novo pathway thus ensuring a proper function of the pathway. In 

addition, formate, the precursor of 10-formyltetrahydrofolate (10-f-THF), a cofactor used by two 

enzymes of the de novo synthesis of purine (i.e GART and ATIC), is exported from the 

mitochondria. Thus, a close proximity between the two entities would ensure the proper activity 

of these two purinosome enzymes.   

The nature of the relationship between purinosome formation and mitochondrial activity was 

further assessed using a screening of the human kinome. The mammalian target of rapamycin 

(mTOR), known for its implication in modulating mitochondrial physiology as well as regulating 

nucleotide metabolism, was found to affect the colocalisation of the purinosome with the 

mitochondria, with the inhibition of mTOR using rapamycin disrupting this colocalisation.187-190 

In addition to mTOR, other kinases and signalling pathways have been found to modulate 

purinosome formation. As an example of such, the core proteins of the purinosome, PPAT, GART 

and FGAMS, were found as potential substrates of casein kinase II (CK2).191 The involvement of 

the kinase was determined by inhibiting it with specific small molecules which resulted in 

purinosome formation, although a different inhibitor of CK2 was, in contrast, found to disrupt 

purinosome formation. The mechanisms by which CK2 and its inhibitors modulate purinosome 

formation remain mostly unclear but this data suggests that CK2-mediated pathways might 

reversibly regulate purinosome formation. In the same way, purinosome assembly and 

disassembly was found to be modulated by the activation of the Gi-coupled protein receptors, 

suggesting that the formation of the complex might be resulting from GPCR signalling.192  

Overall, since its discovery in 2008, the purinosome complex has been found to interact with 

many other cellular components (organelles, cytoskeleton proteins, chaperone proteins, etc.) and 

its formation to be modulated by the cellular environment. It now seems clear that the 

purinosome complex requires interactions with these cellular components in order to function 

and ultimately synthesise purines, as previously described. The mechanism by which the 

purinosome forms would provide insight into how such a complex works. In pathophysiological 

conditions, the purinosome could be of high therapeutic interest as purines, and to a larger extent 
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nucleotide synthesis, is a process that has been extensively studied and targeted in various 

pathologies that involve enhanced or uncontrolled DNA and RNA synthesis, especially in diverse 

types of cancers.    

1.4 Aims of the project 

Due to its high occurrence in cancer tumours, hypoxia has been widely studied over the last few 

decades. Cancer cells have developed many ways to adapt and survive to these low oxygen 

environments including metabolic reprogramming. The metabolic adaptation of hypoxic cancers 

cells involves many alterations at the gene expression level, most of which are regulated by the 

Hypoxia-inducible Factors (HIFs). The HIF-1 transcription factor has been shown to induce the 

upregulation of many metabolic genes from pathways such as glycolysis, ultimately aiming at 

providing nutrients and metabolites to ensure cell growth and proliferation in low oxygen 

conditions. Upregulation of glycolysis provides substrates for diverse downstream pathways, all of 

which provide substrates and cofactors for nucleotide synthesis. For years, it has been 

hypothesised that upregulated pathways in hypoxia would lead to increased nucleotide synthesis, 

but currently very little is known about the effect of hypoxia on nucleotide biosynthesis.193  

In parallel, in 2008, a protein macro-complex composed of the six enzymes of the de novo purine 

biosynthetic pathway was characterised for the first time and was referred to as the 

purinosome.164 Later, this complex has been shown to coincide with an increased rate of the de 

novo production of the purines.169 Such a metabolon is of high therapeutic interest as inhibiting its 

formation could prevent the increased formation of purines and downstream nucleic acid 

synthesis thus limiting cell growth and proliferation.  

As healthy cells are known to mostly rely on salvage purine synthesis, determining whether 

hypoxic cancer cells preferentially use the de novo purine biosynthesis as a way to refill their 

purine pool could enable to distinguish them from their healthy counterparts and to specifically 

target them.141-143 Indirect inhibitors of the nucleotide biosynthesis such as antifolates (e.g 

methotrexate) have been used for years but present the disadvantage to be unspecific towards 

nucleotide synthesis as folate species have other functions in the cell metabolism.153,154 In a 

pathological context such as cancers, tumour hypoxia represents a challenging target as it remains 

resistant to radiotherapy. If the purinosome complex is found to be a feature of hypoxic cancer 

cells, it can be thought that development of inhibitors of purinosome formation would enable to 

directly target hypoxic cancer cells by inhibiting their de novo purine biosynthesis. These inhibitors 

could be used in combination to radiotherapy as a treatment against cancerous tumours.  
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As such, this work will focus on deciphering the impact of hypoxia on purinosome formation and 

purine nucleotide synthesis in hypoxic cancer cells. Preliminary work within the Tavassoli Lab 

suggested an increased formation of these complexes in hypoxic cancer cells compared to 

normoxic conditions (unpublished data). This project will involve a multidisciplinary approach, 

using a variety of biochemical and cell based tools. Experiments including gene knockouts, 

colocalisation assays, proteomics and metabolomics approaches as well as gene and protein 

expression assays will be conducted to characterise for the first time the formation of 

purinosomes in hypoxia and its impact on the pool of purines in cancer cells.               

The first step of this project will be to fully characterise the formation of purinosomes in hypoxia 

using microscopy techniques on cancers cells. These experiments will involve transiently 

expressed fluorescently tagged purinosome enzymes in addition to the analysis of endogenous 

proteins using label-free techniques. Following this, the involvement of HIF-1 in this process will 

be probed in order to understand the role of the transcription factor in this process. In addition, 

the effect of hypoxia on the purine pool will be assessed in order to determine any potential link 

between the purinosome complex and purine biosynthesis.   
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Chapter 2 Results and Discussion 

2.1 Probing and characterising the formation of purinosome complexes 

In regards to all of the metabolic changes occurring in cancer cells experiencing hypoxia, it was 

hypothesised that the synthesis of purines could also be affected in low oxygen environments. As 

the formation of purinosome complexes has previously been shown to correlate with increased 

de novo purine biosynthesis (in purine-depleted conditions)169, the first step into this project was 

to assess purinosome formation in hypoxic cancer cells. Preliminary work carried out by Dr Ishna 

Mistry within the Tavassoli Lab (University of Southampton, UK), suggested an increased 

formation of these clusters in hypoxia compared to normoxia (unpublished data).  

From this promising preliminary work, it was decided that these experiments would be repeated 

and that the formation of these complexes would be further characterised, first by observing the 

formation of the clusters in hypoxia using diverse microscopy techniques, then by deciphering the 

processes underlying this hypoxia-induced formation.  

 Characterising the formation of purinosomes using microscopy techniques 

To initiate the project, enzymes of the de novo purine biosynthesis, tagged with a fluorescent 

protein, were expressed into cervical cancer (HeLa) cells. For this purpose, DNA plasmids encoding 

for FGAMS-mCherry and ADSL-GFP (obtained from Prof. Stephen Benkovic Lab, Penn State 

University, USA) were used.    

First, a plasmid encoding mCherry-tagged FGAMS, the fourth enzyme of the pathway and one of 

the core proteins of the purinosome, was transiently transfected into HeLa cells. The cells were 

then incubated for 24 h in normoxia or hypoxia (1% oxygen) and were subsequently observed and 

imaged by confocal microscopy. When cultured in normoxic conditions for 24 h, the enzyme was 

found to be evenly distributed throughout the cell cytoplasm as indicated by the homogenous 

fluorescence in the cell cytoplasm (Figure 13a). However, when cells were incubated in hypoxic 

conditions for 24 h, the phenotype observed in normoxia changed to a fluorescently clustered 

distribution where each fluorescent cluster is likely to constitute a single purinosome complex 

(Figure 13b).     

It is to mention that, although the homogenous fluorescence phenotype was largely predominant 

in normoxia, a small number of cells containing purinosomes was observed in presence of oxygen. 

If, as hypothesised, the formation of purinosome complexes reflects the activity of the de novo 
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purine biosynthesis pathway, it would be expected to observe cells containing purinosomes in 

normoxia. Indeed, although in physiological conditions most of the purine pool originates from 

the salvage pathway, a small fraction of the purine pool remains produced via the de novo 

synthesis in culture media containing purines.141-143 The presence of purinosomes as well as a 

basal rate of the de novo synthesis of purines has previously been observed in HeLa cells cultured 

in presence of purines.169, 187   

In order to determine the extent to which the formation of purinosomes was increased in 

hypoxia, HeLa cells were transfected with a plasmid encoding FGAMS-mCherry and were 

subsequently incubated in normoxia or hypoxia (1% oxygen) for 24 h. For each condition, the 

number of purinosome-positive cells were counted and normalised to the total number of 

transfected cells counted (purinosome-positive and purinosome-negative). The results are 

presented as a relative purinosome formation compared to normoxia (Figure 13c). After 24 h in 

hypoxia, when considering the percentages of purinosome-positive cells in both conditions, 19% 

of transfected HeLa cells were found to display purinosomes in normoxia compared to 40% in 

hypoxia, thus representing a 2.1-fold increase in purinosome formation in hypoxic conditions. 

As a comparison, purinosome formation was also assessed in the conditions that first enabled the 

discovery of the purinosome complex. These culture conditions, where the cell media was 

deprived of purines, are referred to as purine-depleted conditions. As previously reported, cells 

had to be kept in purine-depleted conditions for seven days prior to purinosome counting. When 

the number of purinosome-positive cells was assessed in these conditions, a 2.3-fold increase 

compared to normoxia was observed (44% of purinosome-positive cells in purine-depleted 

conditions), similar to the increase observed in hypoxic conditions (Figure 13c). Together, this 

data suggests that hypoxia triggers purinosome formation.       
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Figure 13.  Purinosome formation in HeLa cells transfected with FGAMS-mCherry encoding 

plasmid. (a) When cultured in normoxia for 24 h, cells displayed a homogenous 

fluorescence indicating that the fluorescently tagged protein is evenly distributed 

throughout the cytoplasm. (b) Incubation in hypoxia (1% oxygen) for 24 h induced 

the formation of a clustered fluorescent pattern within the cytoplasm. Scale bar 

represents 25 µm. Blue channel represents DAPI staining. Red channel represents 

FGAMS-mCherry. (c) HeLa cells transfected with FGAMS-mCherry displayed a 2.1-fold 

increase in the number of purinosome-positive cells in hypoxia compared to 

normoxia after 24 h of incubation. Cells cultured in purine-depleted conditions also 

displayed a 2.3-fold increase compared to normoxia. Data are means (n=3) ± SEM. 

Significance was determined using unpaired Student t test, **** p < 0.0001, * p < 

0.05. The number in brackets indicates the number of cells counted per condition. 
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To ensure that the observed clusters were not the result from mCherry aggregation and that the 

clustering formation was not only observed with FGAMS, the same transient transfection was 

repeated using another de novo purine enzyme tagged with a different fluorescent protein. 

Therefore, a plasmid encoding for a GFP-tagged ADSL, a peripheral purinosome enzyme that 

catalyses the eighth step of the pathway, was transiently transfected into HeLa cells.   

Similar results to the ones obtained with FGAMS-mCherry were observed with the ADSL-GFP 

fusion construct (Figure 13 and Figure 14, respectively). After 24 h in normoxic conditions, the 

cells displayed an homogenous fluorescence throughout the cytoplasm (Figure 14a), whereas in 

hypoxic conditions, the fluorescence was observed in isolated clusters (Figure 14b). These results 

suggest that the fluorescent clusters are due to the co-compartmentalisation of the relative de 

novo enzymes and not due to the aggregation of the fused fluorescent tags (mCherry and GFP).  

To further assess purinosome formation in hypoxia, the counting of purinosome-positive cells was 

carried out using a construct encoding ADSL-GFP. Following an incubation in normoxia and 

hypoxia for 24 h, the number of purinosome-positive cells was determined in the same way as 

with the FGAMS-mCherry construct. Consistent with the results obtained from the transfection of 

the plasmid encoding FGAMS-mCherry, a 2-fold increase in purinosome formation was observed 

in hypoxic cells (31%) transfected with ADSL-GFP when compared to normoxic cells (15%) (Figure 

14c). This data is in line with the increased purinosome formation previously observed in hypoxic 

HeLa cells transfected with FGAMS-mCherry (Figure 13c), thus strengthening the hypothesis that 

purinosome formation is enhanced in hypoxic conditions.       
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Figure 14.  Purinosome formation in HeLa cells transfected with ADSL-GFP encoding plasmid. 

(a) When cultured in normoxia for 24 h, cells displayed a homogenous fluorescence 

indicating that the fluorescently tagged protein is evenly distributed throughout the 

cytoplasm. (b) Incubation in hypoxia (1% oxygen) for 24 h induced the formation of a 

clustered fluorescent pattern within the cytoplasm. Scale bar represents 25 µm. Blue 

channel represents DAPI staining. Green channel represents ADSL-GFP (c) HeLa cells 

transfected with ADSL-GFP displayed a 2-fold increase in the number of purinosome-

positive cells in hypoxia compared to normoxia after 24 h of incubation. Data are 

means (n=3) ± SEM. Significance was determined using unpaired Student t test, * p < 

0.05. The number in brackets indicates the number of cells counted per condition. 

In order to ensure that the hypoxia-induced formation of purinosome was not cell type specific, 

the formation of the complexes, which in the above-mentioned experiments was described in 

cervical cancer cells HeLa, was then probed and counted in a breast cancer cell line, MDA-MB-231 

(Figure 15). Similarly to HeLa cells, a 2-fold increase in purinosome formation was observed in 

these cells compared to normoxic conditions, thus suggesting that the hypoxic purinosome 

formation is not cell type specific and can occur in different tissues.   
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Figure 15. Relative purinosome formation in hypoxic and normoxic MDA-MB-231 cells. 

Hypoxic conditions (1% oxygen) induced a 2-fold increase in the number of 

purinosome-positive cells compared to normoxia after 24 h of incubation. Data are 

means (n=3) ± SEM. Significance was determined using unpaired Student t test, **** 

p < 0.0001. The number in brackets indicates the number of cells counted per 

condition.  

Purinosome formation was previously quantified by transfecting two individual constructs 

encoding two fluorescently-tagged purinosome enzymes into HeLa cells (Figure 13 and Figure 14. 

As a result, the formation of the complex was found to be increased by 2-fold in hypoxia for both 

FGAMS-mCherry and ADSL-GFP constructs, reaching a maximum of 40% of positive cells in 

hypoxic HeLa cells transfected with FGAMS-mCherry. This heterogeneity observed within the cell 

population (i.e 60% of the hypoxic cells not displaying purinosomes), raised the question of 

whether the hypoxic formation of the complex could depend upon cell cycle phases as previously 

described in purine-depleted conditions.178 Indeed, cells maintained in purine-depleted conditions 

were found to display a purinosome formation that varied depending on the phase of the cell 

cycle, with a maximum of positive cells observed in G1 phase. As such, HeLa cells were 

synchronised in G1 phase and the purinosome formation was quantified following incubation in 

normoxia and hypoxia. As a result, the total percentages of purinosome-positive cells remained 

similar to non-synchronised cells (i.e 15% and 28.5% in normoxia and hypoxia, respectively), thus 

leading to a 2-fold increase in hypoxia as previously observed without synchronisation (Figure 16). 

This data suggests that hypoxic purinosome formation is not a function of the cell cycle.    
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Figure 16.  Relative purinosome formation in HeLa cells synchronised in G1 phase and 

incubated in normoxia and hypoxia. HeLa cells were transfected with FGAMS-GFP 

and subsequently incubated in normoxia and hypoxia (1% oxygen) for 16 h in media 

containing 0.5 mM of dibutyryl-cAMP (db-cAMP).  Data are means (n=3) ± SEM. 

Significance was determined using unpaired Student t test, *** p < 0.001. The 

number in brackets indicates the number of cells counted per condition.  

The individual transient transfections of two different plasmids, each encoding one enzyme of the 

de novo purine biosynthesis pathway, led to the formation of clusters likely to be purinosomes in 

both cases (Figure 13 and Figure 14). In order to further assess whether the observed clusters 

were purinosomes, additional analyses were required.  

As previously reported, the purinosome complex is comprised of the six enzymes of the de novo 

pathway. The simultaneous transient transfection of two plasmids encoding for two enzymes of 

the de novo purine pathway is a strategy that had been previously used to observe the 

colocalisation of the two proteins within the purinosome complex.164  

This way, in order to assess whether the hypoxia-induced clusters observed as a result of 

transfection of plasmids encoding ADSL-GFP and FGAMS-mCherry were purinosomes, the two 

plasmids encoding these proteins were transiently co-transfected into HeLa cells. The cells were 

then incubated for 24 h in normoxia or in hypoxia and were subsequently observed (Figure 17). 

When incubated in normoxia both fluorescently tagged proteins exhibited a diffuse cytoplasmic 

distribution, indicating that both proteins were being expressed and homogenously distributed 

throughout the cytoplasm. When the two fluorescent channels were overlaid, the resulting 

merged image displayed an orange homogenous fluorescence indicating that both proteins were 

expressed simultaneously and did not display any particular compartmentalisation within the cell. 

The incubation in hypoxia of co-transfected cells revealed the presence of a clustered pattern for 

both FGAMS-Cherry and ADSL-GFP (Figure 17). When the two channels were overlaid, the 
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clustered pattern found for FGAMS-mCherry matched the one found for ADSL-GFP, indicating a 

high degree of colocalisation between the two proteins.  

In order to determine the degree of this colocalisation, the pictures acquired under hypoxic 

conditions were analysed using ImageJ software and the Pearson’s coefficient was calculated. The 

Pearson’s coefficient translates the level of colocalisation between two entities, with no 

colocalisation between the analysed proteins resulting in a coefficient equal to 0, whereas a 

perfect colocalisation results in a Pearson’s coefficient of 1. In the case of the hypoxic clusters 

formed by FGAMS-mCherry and ADSL-GFP within the same cell (Figure 17), the coefficient was 

found to be 0.83 (after 200 iterations of Coste’s approximation), indicating a very high level of co-

localisation between the two proteins, thus suggesting that the observed clusters were 

purinosome complexes. In addition, it should be notes that the Pearson’s coefficient value 

obtained was consistent with the literature reporting the colocalisation of these same two 

enzymes within the purinosome complex in purine-depleted conditions.164  

 

Figure 17.  Colocalisation of FGAMS-mCherry and ADSL-GFP in HeLa cells cultured for 24 h in 

normoxia or hypoxia. FGAMS-mCherry was co-transfected with ADSL-GFP and the 

two channels were merged. Co-transfection of the two proteins exhibited diffuse 

cytoplasmic distribution in normoxia and purinosome formation in hypoxia, where 

the two enzymes colocalised with a Pearson’s coefficient of 0.83 (after 200 iterations 

of Coste’s approximation). 

To further characterise the colocalisation between FGAMS-mCherry and ADSL-GFP within the 

purinosome complexes, the HeLa cell incubated in hypoxia for 24 h presented in Figure 17 was 

analysed using Z-scan imaging in confocal microscopy. Fifteen images were acquired at different 

focal planes throughout the entire volume of the cell. These planes, also referred to as stacks, 

were acquired from the top to the bottom of the cell following the z axis. The 2D view of the 
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analysed cell is presented in Figure 18a where the x and y axis are displayed in red and green 

lines, respectively.  

The acquisition of 15 stacks enabled the observation of the cell in three dimensions: x-y plane 

(Figure 18a), x-z plane (Figure 18b) and y-z plane (Figure 18c). As observed on the x-y plane, only 

one cluster is present at the intersection of the x and y axis. When observed in the x-z plane 

(Figure 18b), the deconvolution of this single purinosome cluster along the z axis clearly shows 

that the green fluorescence is present on precisely the same x-y coordinates as the red 

fluorescence. Similarly, in the y-z plane (Figure 18c), two clusters are visible and they both display 

a green fluorescence on top of the red florescent signal. These fluorescent signals clearly indicate 

that ADSL-GFP and FGAMS-mCherry are located together, in this case with ADSL located on a 

higher z coordinate than FGAMS. This observation is coherent with the purinosome organisation 

into which the two proteins are located together within the complex. A volume reconstruction of 

the cell, made from the 15 stack images, displays the fluorescence distribution along the z axis 

(Figure 18d). This 3D volume enabled the detection of the clusters within the cell cytoplasm, 

where each isolated peak represents an individual purinosome complex.  

  



Chapter 2 

44 

 

Figure 18.  Z-stack imaging in confocal microscopy presenting FGAMS-mCherry and ADSL-GFP 

co-clustering within the cytoplasm. HeLa cell, co-transfected with plasmids encoding 

FGAMS-mCherry and ADSL-GFP, cultured in hypoxia for 24 h displayed a co-clustering 

of the two enzymes within purinosome complexes. (a) Overlay of 15 stacks in a 2D 

representation following the x-y plane. (b) x-z plane view from panel (a). One 

purinosome aligned on the x axis. (c) y-z plane view from panel (a). Two purinosomes 

aligned on the y axis. The fluorescent signals displayed green fluorescence in high z 

values and red fluorescence in low z values indicating that the two enzymes were 

located on the same x-y location but on different z-stacks. (d) Volume reconstitution 

of the cell from 15 stacks. The co-transfection of plasmids encoding fluorescently 

tagged proteins confirmed that the clusters observed firstly with FGAMS-mCherry 

and secondly with ADSL-GFP in HeLa cells exposed to hypoxia were purinosomes as 

the two proteins were found to colocalise. 
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To further confirm that the observed clusters were purinosomes and that these entities were 

distinguishable from other cellular bodies, a marker of cellular stress bodies tagged with GFP was 

transfected into HeLa cells so as to compare the physical characteristics of the two different 

complexes and ensure that they were distinct from one another.  

To first probe this, a plasmid encoding Ras GTPase-activating protein-binding protein (G3BP), a 

stress body marker, fused to GFP, was transiently transfected into HeLa cells which were 

subsequently observed by fluorescence microscopy. As a result, two cellular phenotypes were 

observed within the cell population. G3BP-GFP was found to be either homogenously distributed 

with the cell cytoplasm (Figure 19a) or to cluster into stress bodies (Figure 19b).      

 

Figure 19.  HeLa cells expressing G3BP-GFP. HeLa cells were transiently transfected with a 

plasmid encoding the stress body marker G3BP fused to fluorescent protein GFP. 

G3BP-GFP was found to be either homogenously distributed throughout the 

cytoplasm (a) or to cluster into stress bodies (b). Scale bar represents 25 µm.   

To determine whether stress bodies and purinosomes were two distinct cellular bodies, two 

plasmids encoding FGAMS-mCherry and G3BP-GFP, respectively, were co-transfected into HeLa 

cells that were further maintained in hypoxia for 24 h. Following the hypoxic incubation, the cells 

were observed by confocal microscopy as before and a Z-stack imaging was a carried out to 

analyse the localisations of the different complexes. Purinosomes were observed with FGAMS-

mCherry (Figure 20a) and stress bodies were formed with G3BP-GFP, the latter displaying a 

morphology clearly distinct from the purinosomes as previously reported (Figure 20b).178 When 

the two channels were overlaid, the clusters formed from each fluorescently tagged protein did 

not colocalise (Figure 20c). The Pearson’s coefficient between the two proteins was found to be    

-0.003 after 200 Coste’s approximations, indicating that the two proteins did not colocalise. In 

addition, the 3D reconstruction of the cell volume clearly showed that the red clusters and the 
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green clusters were distinct from one another, strengthening the fact that purinosomes and stress 

bodies are two distinct entities that do not colocalise (Figure 20d).     

 

Figure 20.  Confocal fluorescence microscopy presenting the co-transfection of FGAMS-

mCherry and G3BP-GFP. HeLa cells co-transfected with FGAMS-mCherry and G3BP-

GFP encoding plasmids displayed purinosomes following 24 h of hypoxic incubation 

(1% oxygen) (a) and stress bodies (b). Overlay of the two channels indicated that the 

two proteins did not colocalise (-0.003 Pearson’s coefficient after 200 Coste’s 

approximations) (c). Reconstruction of the 3D volume of the cell showed that the red 

clusters and the green clusters were found at different localisations within the cell 

cytoplasm (d). Scale bar represents 25 µm.      

Although the co-expression of G3BP-GFP and FGAMS-mCherry into HeLa cells indicated that stress 

bodies and purinosomes were different cellular bodies, it remained ensure whether the formation 

of the purinosome clusters resulted from a hypoxia-induced stress or if this was the consequence 

of an actual metabolic adaptation.  

In order to probe this, the number of cells containing stress bodies was quantified in HeLa cells 

transfected with the plasmid coding for G3BP-GFP following an incubation in normoxia or hypoxia 
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for 24 h (Figure 21). As a result, approximately 20% of HeLa cells were found to display stress 

bodies, both in normoxia and hypoxia, without any significant difference between the two 

conditions. This way, as hypoxia did not induce an increased formation of stress bodies in cells, it 

could be concluded that the hypoxic increase in purinosome formation was not resulting from 

cellular stress.     

 

Figure 21.  Quantification of HeLa cells containing stress bodies in normoxia and hypoxia. HeLa 

cells transfected with G3BP-GFP were observed by fluorescence microscopy and the 

number of cells containing stress bodies was normalised to the total number of cells 

transfected, i.e displaying green fluorescence. No significant difference in the 

number of cells containing stress bodies was observed between normoxia and 

hypoxia (1% oxygen) following 24 h of incubation. Data are means (n=3) ± SEM. 

Significance was determined using unpaired Student t test. The number in brackets 

indicates the number of cells counted per condition.  

Despite clear evidence of the co-clustering of ADSL and FGAMS in hypoxia (Figure 17 and Figure 

18), the possibility that this clustering was the result of aggregation of the fluorescent proteins 

themselves (GFP and mCherry) had to be ruled out. Indeed, the aggregation of fluorescently 

labelled proteins is a known phenomenon, and the use of label-free techniques was thus required 

to strengthen the evidence in favour of hypoxic purinosome formation.194 

The first label-free technique used in this study was immunofluorescence and enabled the 

determination of the cellular localisation of the previously studied purinosome proteins ADSL and 

FGAMS. HeLa cells were incubated with primary antibodies specific for ADSL and FGAMS, followed 

by an incubation with secondary antibodies coupled to fluorophores Alexa 488 or Alexa 568, 

respectively. The presence of the fluorophores enabled the imaging of the cells by fluorescence 

microscopy and the determination of the localisation of the proteins of interest within the cell. As 

a result, an homogenous fluorescent pattern was observed for both ADSL and FGAMS, regardless 

of the oxygen conditions (Figure 22).  
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Figure 22.  Detection of ADSL and FGAMS by immunofluorescence in HeLa cells incubated in 

normoxia and hypoxia. HeLa cells were maintained in normoxia or hypoxia (1% 

oxygen) for 24 h and were subsequently incubated with primary antibodies specific 

for ADSL or FGAMS. Secondary antibodies conjugated to Alexa 488 and Alexa 568 

were used to detect and localise ADSL and FGAMS, respectively. Cells were stained 

with DAPI. Scale bar represents 25 µm. 

Clustering of the enzymes could be expected in hypoxia in order to reveal purinosome complexes, 

but no such fluorescent clusters were observed. Different hypothesis can be raised regarding the 

absence of visible fluorescent clusters by immunofluorescence. Firstly, it can be hypothesised that 

despite clustering in purinosome complexes, there are still remaining free purinosome enzymes 

within the cell cytoplasm. The presence of these individual proteins (i.e not present in a 

purinosome cluster), would result in fluorescence throughout the cytoplasm thus yielding a high 

fluorescent background sufficient to hide the presence of the clusters. Furthermore, as a primary 

antibody recognises an epitope of the protein of interest, it could be thought that depending on 

the orientation of the protein of interest within the purinosome complex, the epitope might be 
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less accessible to the primary antibody, thus limiting the detection. In addition, if multiple copies 

of a given protein are present within the purinosome, their orientation/organisation in the 

complex might vary from one copy to another which would result in not all the copies being 

detectable by immunofluorescence. Finally, as the stoichiometry of the complex is unknown, it is 

likely that at least some of the purinosome complexes contain only one copy of each protein. As 

such, the recognition by the antibody of an enzyme within the purinosome complex would not be 

distinguishable from a “free” cytoplasmic purinosome enzyme.  

In order to enable the detection of purinosome complexes based on endogenous proteins levels 

and according to the fact that these clusters were not detectable using immunofluorescence, 

another label free immunostaining-based technique was used:  Proximity Ligation Assay (PLA) 

(Figure 23.).195 PLA is an in cellulo immunoassay similar to immunofluorescence that enables the 

detection of a close proximity between two proteins of interest, thus making it an extremely 

valuable assay when studying protein macro-complexes. In this assay, the cells are cultured under 

specific conditions and subsequently fixed, permeabilised and treated with two primary 

antibodies targeting two proteins of interest, A and B (step 1). The primary antibodies are then 

recognised by two different secondary antibodies linked to DNA probes (step 2). Following this, 

consecutive addition of ligase and polymerase enzymes enable the two DNA probes to bind to 

each other and to be amplified (step 3). Fluorescently-labelled complementary oligonucleotides 

are then added so as to bind the amplified DNA. The formed “ball” of DNA is detectable by 

microscopy as it emits a red fluorescent signal (step 4). If the two proteins of interest are close to 

each other (i.e less than 40 nm distance) (Figure 23.a) the two DNA probes are able to bind and 

amplify, thus inducing a PLA signal. However, if the proteins of interest are too far away from one 

another, no PLA signal is detected (Figure 23.b). The advantage of this assay compared to 

immunofluorescence is that, regardless of the stoichiometry of the complex, if two purinosome 

enzymes are in close proximity, their colocalisation will be detected.  

To ensure that no non-specific interactions occurred, control experiments were carried out (not 

shown). Each primary antibody used was tested on its own in the presence of both secondary 

antibodies to ensure that no non-specific red signal appeared. In addition, secondary antibodies 

were also tested in the cells in the absence of primary antibodies to ensure that they did not 

display any non-specific binding to any protein within the cell (as indicated by the absence of red 

signal).  
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Figure 23.  Mechanism of the Proximity Ligation Assay technique. Step 1) Two proteins A and B 

are recognised by two specific primary antibodies. Step 2) Addition of two secondary 

antibodies linked to DNA probes that recognise the primary antibodies. Step 3) 

Addition of ligase induces the binding of the two DNA probes to each other if these 

two are in close proximity (< 40 nm). Step 4) Addition of polymerase induces an 

amplification of DNA and apparition of a red fluorescent signal. (a) The close 

proximity of the two proteins of interest A and B is indicated by a red fluorescent 

signal when observed under a microscope. (b) If the two proteins A and B are more 

than 40 nm away from each other, no PLA signal is detected.   

In order to study the colocalisation of the purinosome enzymes, the PLA technique was applied to 

the previously investigated enzymes, ADSL and FGAMS. Cells were incubated for 24 h, either in 

normoxia or in hypoxia, and subsequently used for the PLA assay. In this case, no PLA signal was 

detected in normoxia (Figure 24a). However, after incubation in hypoxia for 24 h, PLA signals 

were observed within the cytoplasm of the cells, indicating a colocalisation between ADSL and 

FGAMS (Figure 24b). As a positive control, the colocalisation of these two enzymes was also 

assessed in purine-depleted conditions, into which the two enzymes are known to colocalise 

(Figure 24c). In absence of purines, PLA signals were observed within the cells in the same extent 

as the signals observed in hypoxic conditions, confirming a colocalisation between ADSL and 

FGAMS both in purine-depleted conditions and in hypoxia.     

Following this, pictures obtained from the PLA experiment presented in Figure 24a-c were used to 

quantify the colocalisation between ADSL and FGAMS in normoxia, hypoxia and normoxia in 

purine-depleted conditions (Figure 24d). In normoxic HeLa cells, 10% of the cells were found to be 

purinosome-positive. This number increased to 88% in hypoxia and 87% in purine-depleted 
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conditions, yielding to a 8.8-fold and 8.7-fold increase in purinosome formation compared to 

hypoxia, respectively. 

 

Figure 24.  Proximity Ligation Assay between ADSL and FGAMS in HeLa cells. (a) HeLa cells 

cultured in normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. 

(c) HeLa cells cultured in purine-depleted conditions. PLA signals were observed in 

hypoxia and purine-depleted conditions indicating a colocalisation between ADSL and 

FGAMS in these conditions. The PLA signals appear as red dots. White arrows point 

to individual PLA signal. Cells were stained with DAPI. Scale bar represents 25 µm. (d) 

Quantification of the colocalisation between ADSL and FGAMS by PLA in HeLa cells 
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maintained in normoxia, hypoxia and purine-depleted conditions (purine -ve). The 

number of cells containing PLA signals in each condition was quantified using 7 

individual pictures per condition. Data are means (n=7) ± SEM. Significance was 

determined using unpaired Student t test, **** p < 0.0001. The number in brackets 

indicates the number of cells counted per condition. 

It should be noted that the decision of whether a cell should be considered as purinosome-

positive during the PLA experiment was based on previous data. Indeed, previous experiments 

carried out within the laboratory by Dr Ishna Mistry helped determine the physical characteristics 

of the hypoxic purinosome complexes. In this experiment, HeLa cells were transfected either with 

FGAMS-mCherry or ADSL-GFP and the number of clusters per cell was determined. The number of 

clusters per cell was found to vary between 6 and 220 with the median being 42 clusters per cell 

(Figure 25). In regard of this data, it was decided that a cell would be considered as positive if it 

contained at least six PLA signals.  

 

Figure 25.  Number of purinosome clusters per cell transfected with FGAMS mCherry and 

ADSL-GFP. HeLa cells were transfected with plasmids encoding FGAMS-mCherry or 

ADSL-GFP and the number of clusters per cell was quantified in hypoxia (1% oxygen, 

24 h).  

In order to further confirm that the clusters observed were purinosomes, the PLA analysis was 

extended to a third enzyme of the pathway, GART. The colocalisation between GART and FGAMS 

was assessed, both in normoxic and hypoxic conditions in HeLa cells cultured for 24 h (Figure 26). 

As previously observed between ADSL and FGAMS, very little colocalisation was observed in 

normoxia (Figure 26a). However, the number of PLA signals was found to increase in hypoxia, 

suggesting an enhanced occurrence of the colocalisation between GART and FGAMS in this 

condition (Figure 26b).  
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Figure 26.  Proximity Ligation Assay between FGAMS and GART in HeLa cells. (a) HeLa cells 

cultured in normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. 

PLA signals were observed in hypoxia indicating a colocalisation between GART and 

FGAMS in this condition. The PLA signals appear as red dots. White arrows point to 

individual PLA signal. Cells were stained with DAPI. Scale bar represents 25 µm. 

Using fluorescently-labelled proteins and label-free techniques, ADSL and FGAMS as well as 

FGAMS and GART have been shown to colocalise in HeLa cells maintained in hypoxia, thus 

strengthening the evidence of enhanced hypoxic purinosome formation. Although a maximum of 

40% of the transfected cells were found to contain purinosomes following transfection, 88% were 

found to be purinosome-positive when looking at endogenous protein colocalisation. This 

difference in number of positive cells between the two techniques could be the result of diverse 

variables. For example, when considering purinosome counting in transfected cells, it can be 

thought that although the protein of interest is overexpressed and observable thanks to its 

fluorescent protein tag, there is still endogenous protein present within the cell. As a result, while 

purinosome complexes are formed, any of these two types of proteins can join the complex. In 

the case of an endogenous protein clustering with the purinosome, the resulting complex would 

not be seen as no fluorophore would be part of the purinosome. Furthermore, it is to note that so 

far, no data related to the stoichiometry within the complex is available. As such, if it is 

hypothesised that the stoichiometry within the complex is one copy of each protein of the 

pathway, the complex would not be visible as a fluorescently tagged enzyme comprised within 

the purinosome would not be distinguishable from an isolated fluorescent signal within the 

cytoplasm. From this, it can be hypothesised that the clusters observed as a result of transfection 

contain more than one copy of the protein of interest. In contrast, PLA is a technique aiming at 

indicating the close proximity between two endogenous proteins of interest. Using this technique, 

it can be thought that any colocalisation between two proteins of the purinosome complex would 
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be detectable, thus revealing a number of purinosome-positive cells closer to the real occurrence 

of endogenously formed purinosome complexes.  

Although PLA showed that most of the hypoxic HeLa cells contained purinosomes, due to the 

limitations of the technique such as the complexity in quantifying the number of PLA signals and 

considering that the cells are fixed (thus limiting the interpretation of a live occurring 

phenomenon), transfection of fluorescently-labelled purinosome proteins was used in the next 

steps of this work as a quantification technique. 

So far, purinosomes were quantified and observed in hypoxic cells maintained in low oxygen 

environments for 24 h. In order to determine the time-course of purinosome formation in 

hypoxia, a set-up of hypoxic live microscopy was developed in order to record purinosome 

formation over time.  

As such, a gas bottle containing a hypoxic gas mixture (1% oxygen, 5% carbon dioxide, 94% 

nitrogen) was used (Figure 27, panel 1). The gas bottle was plugged into a gas regulator in order 

to control the output pressure of gas into the tubing, with the input pressure coming from the gas 

bottle being kept at its minimum (Figure 27, panel 2). In order to further control the gas flow, the 

gas tubing was plugged to a flowmeter set on its minimum gas flow speed (20 mL/minute) (Figure 

27, panel 3). The extremity of the gas tube coming from the flowmeter was placed into a sealed 

35 mm cell culture dish. To enable this, the lid of the cell culture dish had previously been 

perforated on both sides, with an inlet diameter of approximately 4 mm so as to enable the 

proper fitting of the gas tubing and an outlet measuring approximately 1-2 mm (Figure 27, panel 

4). The cell culture dish was then subsequently placed onto a DeltaVision Elite live imaging 

microscope equipped with a 37 °C incubator (Figure 27, panel 5).    

To ensure high quality imaging, HeLa cells were plated onto a glass-bottom dish and were 

transfected with FGAMS-mCherry one day prior to recording.  
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Figure 27. Equipment set up for live recording of purinosome formation. A gas bottle 

containing a hypoxic gas mixture (1) was plugged into a gas pressure regulator in 

order to control the output gas flow (2). To further decrease the gas flow, gas tubing 

was plugged into a flowmeter to ensure a flow rate of 20 mL per minute (3). The 

outgoing gas tubing was placed into the lid of a sealed 35 mm glass-bottom cell 

culture dish containing HeLa cells previously transfected with FGAMS-mCherry (4). 

The dish was then placed onto the platform of a DeltaVision Elite live imaging 

microscope equipped with a 37°C incubator (5).  

To initiate the live cell recording, HeLa cells that were transfected with FGAMS-mCherry and 

displayed an homogenous fluorescence were selected and their coordinates on the dish were 

saved in order to image each of them at different time points. Pictures were acquired every 15 

minutes for 4 hours for each selected cell. Image analysis enabled the reconstitution of the live 

formation of purinosomes by following the cellular fluorescence and associated localisation of 

FGAMS within the cell cytoplasm (Figure 28). As observed, the purinosome complexes start to 

appear at approximately 2 hours and 15 minutes. However, it should be noted that due to the 

time required to set up the experiment, the hypoxia gas flow had been opened and running 
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through the dish for approximately 15 minutes prior beginning of imaging, explaining the absence 

of a picture at time 0 h.  

 

Figure 28.  Purinosome formation in hypoxic HeLa cells recorded by live microscopy and 

observed using FGAMS-mCherry. HeLa cells transfected with FGAMS displayed an 

homogenous fluorescence at the beginning of the live recording. Hypoxic gas mixture 

was sent through the cell culture dish in order to maintain the cells in a low oxygen 

environment. Recording of the cellular localisation of FGAMS over time enabled the 

observation of the formation of purinosomes within the cell cytoplasm from 

approximately 2 hours and 15 minutes. Purinosome complexes remained formed 

until the end of the recording.   

To further assess the rate of the purinosome formation over time in hypoxia, the number of 

purinosome-positive cells was counted at different time points. HeLa cells were transiently 

transfected with a plasmid encoding for FGAMS-mCherry as before and were subsequently 

incubated in hypoxia for 1 h, 2 h, 3 h, 4 h, 6 h, 8 h and 10 h (Figure 29).    

From 0 h to 2 h of incubation in hypoxia, the proportion of purinosome-positive cells significantly 

dropped to approximately 0.6-fold change compared to normoxia. This decrease in the number of 

purinosome-containing cells is not unexpected as it is known that some cell lines start responding 

to hypoxia within 30 minutes of incubation. This early decrease could reflect an adaptation of 

HeLa cells to the deprivation of oxygen, requiring them to adapt their metabolisms to their new 

environment. This way,  it could be hypothesised that two hours represents the time required for 

the cells to initiate their response to hypoxia. At 2 h, the number of purinosome-positive cells was 
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found to be at its lowest level, before increasing from 3 h until reaching a plateau at 10 h of 

incubation. From 10 h onwards,  the number of purinosome-positive cells did not significantly 

change, and no significant difference was observed between 10 h and 24 h.  

The increase in purinosome formation starting between 2 h and 3 h correlates with the data 

obtained from live recording of purinosome formation in hypoxia where the clustering of FGAMS 

occurred at 2 hours and 15 minutes.  

It has previously been reported that purinosomes forming under purine-depleted conditions are 

reversible and disrupt upon purine supplementation. In the case of hypoxia-induced formation, if 

hypoxia represents the stimuli triggering purinosome formation, a reoxygenation of the cells 

containing complexes would be expected to lead to a disruption of those complexes. To probe 

this, HeLa cells transfected with FGAMS-mCherry were incubated in hypoxia for 10 h and 

subsequently reoxygenated for 2 h (Figure 29). When the number of purinosome-positive cells 

were counted in these conditions, it was found that the levels of purinosome formation had 

reversed back to normoxic levels. This data suggests that the purinosome complex that is 

triggered by a hypoxic environment is transient and reversible upon reoxygenation, thus 

suggesting that the cells might use the purinosomes only in certain environmental conditions and 

can modulate its formation depending on their purine need.  

 

Figure 29.  Time lapse of hypoxia-induced purinosome formation in HeLa cells. HeLa cells 

cultured in hypoxia (1% oxygen) from 0 h to 2 h displayed a decrease in the total 

number of purinosome positive cells. From 3 h, the number of positive cells started 

to increase until reaching a maximum at approximately 6 h. From 6 h to 10 h, the 

number of positive cells did not significantly change and reached a plateau. Data are 

means (n=3) ± SEM. At least 400 cells were counted for each time point.   
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 Role of HIF-1α in the formation of purinosomes in hypoxia 

In the first part of this work, hypoxia was shown to induce a significant increase in purinosome 

formation, which was found to occur gradually over time whilst cells were incubated in hypoxia. In 

order to understand how this formation was triggered, the role of the main regulator of the 

response to hypoxia, HIF-1α, was assessed. To probe whether HIF-1 was involved in purinosome 

formation, the first step was to assess purinosome formation whilst knocking out the hif1a gene.  

As such, HeLa cells were treated with a HIF-1 small interfering RNA (siRNA), which is a small RNA 

fragment that specifically binds the HIF-1 mRNA and induces its degradation via the Dicer/RISC 

machinery, thus leading to the silencing of the gene.196  Here, HeLa cells were co-transfected with 

a plasmid coding for FGAMS-mCherry and HIF-1α siRNA and were subsequently incubated in 

hypoxia for 24 h. The number of purinosome-positive cells was counted, and it was found that 

HeLa cells treated with HIF-1α siRNA displayed a drop in the number of positive cells compared to 

hypoxic untreated cells (Student t-test **, p < 0.01) (Figure 30). The decrease in purinosome 

formation led to a relative purinosome number comparable to normoxic levels (Student t-test, no 

statistical difference), indicating that silencing the hif1a gene completely prevents the hypoxia-

induced formation of the complexes. It should be noted that the efficiency of HIF-1 siRNA in 

decreasing HIF-1 expression was assessed by qPCR and is presented in Figure 38. 

 

Figure 30.  Effect of the knocking down of HIF-1α on the number of purinosome-positive cells. 

Cells treated with HIF-1α siRNA and incubated in hypoxia displayed a percentage of 

positive cells similar to normoxic conditions (no statistical difference) indicating that 

depriving the cells of HIF-1α prevents the hypoxia-induced formation of 

purinosomes. The data shown for normoxia and hypoxia are the same as in Figure 13 

but are presented here for the comparison. Data are means (n=3) ± SEM. Significance 

was determined using unpaired Student t test, **** p < 0.0001, ** p < 0.01. The 

number in brackets indicates the number of cells counted per condition.  
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To further confirm that the hypoxia-induced formation of purinosomes was mediated by HIF-1 

another control experiment was required. As previously described in section 1.1.2, HIF-1 is 

constantly being degraded in the presence of oxygen due to the activity of PHD enzymes that use 

oxygen as substrate. As such, in order to mimic the effects of hypoxia, inhibitors of the PHD 

proteins can be used, thus preventing the degradation cascade of HIF-1α.197 One of the most 

commonly used inhibitors of the PHDs is deferoxamine (DFX), that acts as an iron chelator 

competing the endogenous iron(II) required for PHD activity. Addition of DFX to normoxic cells is 

referred to as chemically-induced hypoxia.198 

Prior to assessing the effect of DFX on purinosome formation, a viability test was carried out to 

ensure that treating the cells with 100 µM of DFX did not induce cell toxicity. The viability of  the 

treated HeLa cells was measured by trypan blue exclusion test. Briefly, in this test cells are 

resuspended and mixed with a trypan blue dye. If the treatment causes damage to the cells, the 

membrane is likely to lose its integrity and become permeable, thus enabling the dye to enter the 

cells and stain them blue. The cell suspension is then placed in a haemocytometer and the 

number of stained cells, as well as the total number of cells, are counted and the percentage of 

viable cells (not stained) is calculated.199  

This viability test was carried out on cells incubated in normoxia, hypoxia and DFX-treated (100 

µM) in normoxia for 24 h (Figure 31). All three conditions were found to result in cell viability 

above 98% indicating that none of these treatments were toxic or harmful to the cells.  

 

Figure 31.  Assessment of the cell viability of HeLa cells treated with DFX using trypan blue 

exclusion test. HeLa cells were incubated in normoxia, hypoxia or normoxia with 100 

µM DFX for 24 h. Number of live cells (not stained) was normalised to the total 

number of cells and represented as percentages of cell viability. Treatment is 

considered as not harmful or toxic if cell viability is above 95%. Data are means (n=3) 

± SEM. 
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As DFX is known to enable the stabilisation of HIF-1, HeLa cells were treated with 100 µM of DFX 

for 24 h in normoxic conditions and protein levels were analysed by western blot (Figure 32). In 

normoxia, HIF-1α protein levels are low and multiple degradation bands were observed. However, 

in hypoxia, the levels of HIF-1α were higher than in normoxia, and treatment with DFX under 

normoxic conditions led to even higher protein levels.    

 

Figure 32.  Effect of deferoxamine on HIF-1α analysed by western blot. The protein level of HIF-

1α in normoxic cells (N) was low and degradation products were observed. 

Environmental hypoxia (H, 1% oxygen) and chemically-induced hypoxia (DFX) induced 

the up-regulation of HIF-1α.  -actin was used as an internal loading control.   

To further confirm that the hypoxic formation of purinosomes was mediated by HIF-1, HeLa cells 

were transiently transfected with the plasmid encoding FGAMS-mCherry as before and were 

subsequently treated with 100 µM DFX for 24 h in normoxia (Figure 33). As expected, the number 

of purinosome-positive cells observed in DFX-treated cells increased by approximately 2-fold, thus 

reaching a level similar to hypoxic conditions (no significant difference by Student t-test). This 

data confirmed that the hypoxia-induced formation of purinosomes is mediated by HIF-1α and is 

not dependent upon oxygen levels directly. 
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Figure 33. Effect of DFX treatment on the number of purinosome-positive HeLa cells cultured 

in normoxic conditions. Cells treated with DFX and incubated in normoxia for 24 h 

displayed a number of positive cells similar to hypoxic conditions (no statistical 

difference), indicating that the stabilisation of HIF-1α by DFX leads to the same 

results as environmental hypoxia on purinsome formation. The data shown for 

normoxia and hypoxia are the same as in Figure 13 but are presented here for 

comparison. Data are means (n=3) ± SEM. Significance was determined using 

unpaired Student t test, **** p < 0.0001, *** p < 0.001. The number in brackets 

indicates the number of cells counted per condition.  

Both inhibition of HIF-1α in hypoxia and its chemical stabilisation in normoxia were found to 

impact upon purinosome formation. These results indicate that the transcription factor is likely to 

be a key element responsible for the purinosome formation in response to hypoxia.  

In order to understand how HIF-1 is linked to purinosome formation, a time-course on the 

protein levels of the transcription factor was carried out at the same time points as the ones used 

in the overtime measurement of purinosome formation (Figure 29). It was found that the protein 

levels of HIF-1 over time increased in hypoxia until reaching a maximum at 3 h. It should be 

noted that after 3 h, the protein levels of HIF-1 gradually decreased which is consistent with 

previous reports.200, 201  

When looking at hypoxic purinosome formation, it was found that the number of cells-containing 

complexes started to increase from approximately 3 h, which highly correlates with HIF protein 

levels. Although HIF-1 levels decrease after 3 h, the purinosome formation was in contrast found 

to keep increasing, likely because the downstream effects of HIF activation persist.  

The correlation between the time at which HIF-1 levels peak and the initiation of purinosome 

formation represents additional evidence of a link between these two processes.  
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Figure 34.  Protein levels of HIF-1 over time in hypoxia. HeLa cells were cultured in hypoxia 

(1% oxygen) for different incubation times and the levels of HIF-1 protein at each 

time point was analysed. -actin was used as loading control. HIF-1 protein levels 

increased until reaching a maximum at 3 h and then gradually decreased to remain 

stable from approximately 8 h of hypoxic incubation.   

To further probe the involvement of HIF-1 in the hypoxic purinosome formation, the formation 

of the complex was assessed in the renal cell adenocarcinoma cell line 786-O, which does not 

express HIF-1 (Figure 35).63 The cells were transfected with a plasmid encoding FGAMS-mCherry 

and placed in hypoxia for 24 h. When purinosome formation was assessed in these cells, no 

increase was observed under hypoxic conditions. However, when cells were placed in purine-

depleted conditions, a 6.6-fold increase in purinosome formation was observed, suggesting that 

786-O cells are able to make purinosomes but the lack of HIF-1 prevents the formation of the 

complexes in hypoxic conditions.   

 

Figure 35.  Relative purinosome formation in 786-O cells cultured in hypoxia and purine-

depleted conditions. Hypoxic conditions (1% oxygen) did not induce any increase in 

the number of purinosome-positive cells compared to normoxia. Cells in purine-

depleted conditions displayed a 6.6-fold increase in purinosome formation. Data are 

means (n=3) ± SEM. Significance was determined using unpaired Student t test, *** p 

< 0.005. The number in brackets indicates the number of cells counted per condition.  
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It has been shown that HIF-1α plays a pivotal role in triggering purinosome formation in cells 

experiencing hypoxia. However, the presence of the protein within the purinosome complex 

remained to be assessed. As such, a proximity ligation assay (PLA) was carried to probe the 

colocalisation of HIF-1α and ADSL (Figure 36). HeLa cells were incubated in normoxia and hypoxia 

for 24 h and treated as before for this assay. When observed by confocal microscopy, red signals 

were observed in both normoxia and hypoxia (Figure 36 a and b, respectively). The presence of 

PLA signal in normoxia can likely be considered as background signals, as HIF-1α is known to be 

degraded in the presence of oxygen. The fact that the primary antibody specific for HIF-1α 

recognises only a small epitope within the entire protein can partly explain this background 

recognition by the antibody. In addition, no difference in the number of red signals was observed 

between normoxia and hypoxia thus suggesting that HIF-1α does not preferentially interact with 

ADSL in one condition over the other. This data suggests that the transcription factor is not part of 

the purinosome complex. Moreover, HIF-1α is known to be translocated into the nucleus in 

hypoxia indicating that a positive PLA signal involving an interaction with HIF-1 would be 

expected to be found within the nucleus and a colocalisation between the cytoplasmic ADSL and 

HIF-1α would be unexpected.202 As the purinosomes are cytoplasmic clusters, it would therefore 

be unlikely to find HIF-1α within the purinosome complex.  

 

Figure 36.  Proximity Ligation Assay between ADSL and HIF-1α in normoxia and hypoxia. (a) 

Cells cultured in normoxia for 24 h. (b) Cells cultured in hypoxia (1% oxygen) for 24 h. 

PLA signals appear in both normoxia and hypoxia indicating a background signal. No 

increase in the number of PLA signals in hypoxia indicates that HIF-1α is unlikely to be 

part of the purinosome complex. The PLA signals appear as red dots. Cells were 

stained with DAPI. Scale bar represents 25 µm.    
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The chemical stabilisation of HIF-1 using DFX was found to induce purinosome formation under 

normoxic condition and in contrast, the inhibition of HIF-1 using siRNA in hypoxia prevented 

purinosome formation. In addition, the protein levels of HIF-1 were found to correlate with the 

overtime rate of formation of the purinosome complexes. Altogether, this data presents HIF-1 as 

a modulator of purinosome formation in hypoxia, although the transcription factor has not been 

found as part of the complex. Despite observations indicating that HIF-1α triggers purinosome 

formation in hypoxia, its mechanism of action remains unclear. Additional experiments were 

carried out in order to decipher the role of HIF-1α in hypoxic purinosome formation and will be 

presented and discussed in the next section of this work.    

 Effects of hypoxia on mRNA and protein levels of purine synthesis associated 

proteins 

As a transcription factor, HIF-1 acts by modulating the regulation (increase or decrease) of 

downstream target genes. As such, the first hypothesis regarding the mode of action of HIF-1 in 

purinosome formation was that HIF-1 could directly impact upon the gene expression of the 

purinosome enzymes themselves. To probe this, quantitative PCR (qPCR) was carried out on 

complementary DNA (cDNA) reverse-transcribed from mRNA previously extracted from HeLa cells 

cultured for 24 h in hypoxia and normoxia.   

First, in order to ensure that the cells were responsive to the hypoxic environment, the gene 

expression of HIF-1 and VEGF, a target gene of HIF known to be up-regulated in hypoxia, was 

quantified in normoxia and hypoxia (Figure 37).203 To improve the reliability of the normalisation, 

all gene expressions obtained from qPCR analysis were normalised to two reference genes, 18S 

and -actin, that were measured and averaged. The gene expression in hypoxia was normalised to 

the gene expression normoxia in order to report the change in gene expression between the two 

conditions as a fold-change. After 24 h in hypoxia, the gene expression of hif1a was found to 

slightly increase in hypoxia with no statistical significance compared to normoxic conditions, as 

previously reported.204 As such, the impact of hypoxia on HIF-1α is mostly reflected on a protein 

level as previously seen in Figure 32. In parallel, the gene expression of vegf was found to 

significantly increase in hypoxia (3.8 fold-change, Student t-test ****, p <0.0001). This significant  

increase in vefg gene expression confirmed that the hypoxic conditions into which the cells were 

cultured were effective and that the cells were properly responding to this low oxygen 

environment.  
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Figure 37.  Relative mRNA expression of HIF-1α and VEGF in normoxia and hypoxia. Gene 

expression was normalised to the average of reference genes 18S and -actin 

expression. Gene expression in hypoxia was normalised to normoxia. Data are means 

(n=3) ± SEM. Significance compared to normoxia was determined using unpaired 

Student t test, **** p < 0.0001.  

In order to assess whether the purinosome formation was a consequence of HIF-1α upregulating 

the gene expression of the enzymes of the de novo pathway, qPCR analysis was carried out as 

before on the six genes encoding for these six enzymes (Figure 38). As for HIF-1α and VEGF, the 

gene expression was measured after 24 h of incubation in normoxia or hypoxia. The gene 

expression in hypoxia was normalised to normoxia and was expressed as fold-change. Overall, no 

significant change was found in the gene expression of the purinosome enzymes with the 

exception of FGAMS which was found to slightly decrease in hypoxia (0.75 fold-change). If the 

purinosome formation was a consequence of a HIF-induced upregulation of the gene expression 

of the de novo enzymes, the gene expression of at least one or more enzymes would be expected 

to increase.  

Earlier in this study, an siRNA specific for HIF-1α was used to show that purinosome formation 

was modulated by HIF-1α. In order to ensure that the knockout of HIF-1α was efficient and that 

the decrease in the purinosome number observed when cells were treated with this siRNA was 

not due to a downregulation of the gene expression of the de novo enzymes, qPCR analysis was 

carried out to determine the level of gene expression of the six purinosome enzymes under HIF-

1 knock-out conditions. HeLa cells were cultured in hypoxia with HIF-1α siRNA for 24 h and the 

gene expression of all above-mentioned proteins was determined (Figure 38).  

First, the results suggest that the silencing of the hif1a gene was efficient, as its mRNA expression 

was found to be extremely low following siRNA treatment (0.2-fold compared to normoxia). In 

addition, the expression of VEGF was found to significantly decrease in the presence of HIF-1α 

siRNA (1.6-fold in hypoxia with HIF-1 siRNA vs. 3.8-fold in hypoxia untreated), thus indicating 
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that the downstream upregulation of the target genes of HIF-1 is mostly inhibited in these 

conditions. The gene expression of the enzymes of the de novo purine biosynthetic pathway 

remained mostly similar to normoxia. FGAMS which was found to slightly decrease in hypoxia 

(0.75-fold) displayed a slightly further decrease when the cells were treated with HIF-1 siRNA 

(0.6-fold-change, ** significance compared to normoxia). Although this decrease in FGAMS gene 

expression seems to be significant, the reasons for this remain unclear.  

 

Figure 38.  Relative mRNA expression of the enzymes of the de novo purine biosynthetic 

pathway in normoxia and hypoxia and effect of HIF-1α siRNA. The gene expressions 

of the purinosome enzymes in hypoxia remained mostly similar to their expression in 

normoxic conditions. FGAMS seemed to slightly decrease (**). HIF-1α siRNA down-

regulates the gene expression of HIF-1α (0.2-fold compared to normoxia, ***) and 

VEGF (1.6-fold in hypoxia with HIF-1 siRNA, ** significance compared to 

normoxia,**** significance compared to hypoxia). However, HIF-1 siRNA did not 

affect the gene expression of the purinosome enzymes. FGAMS, that slightly 

decreased in hypoxia, shows a decrease when treated with siRNA in hypoxic 

conditions (0.6-fold change,** compared to normoxia). Gene expression was 

normalised to the average of reference genes 18S and β-actin expression. Gene 

expression of hypoxia and hypoxia with HIF-1α siRNA treatment was normalised to 

normoxia. Data are means (n=3 in hypoxia + HIF-1 siRNA or n=5 in hypoxia) ± SEM. 

Significance was determined using unpaired Student t test, ** p < 0.01, , *** p < 

0.005, **** p < 0.0001. Data for HIF-1 and VEGF in normoxia and hypoxia are from 

Figure 37 and are used for comparison only.  

As the qPCR analyses enabled the observation that HIF-1α was not impacting the gene expression 

of most of the purinosome enzymes, the next key point was to control the protein levels of these 

enzymes in hypoxia. An increase in the protein levels of the de novo enzymes could result in the 
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formation of purinosomes. To probe this, HeLa cells were cultured in normoxia and hypoxia as 

before, and the protein content of the cells was extracted in order to be further analysed by 

western blot (Figure 39). Unsurprisingly, the protein levels matched the corresponding gene 

expression for each target protein. HIF-1α, presented as a positive control of the hypoxic 

conditions, clearly increased in low oxygen environments, further supporting the efficiency of the 

cell response under hypoxic conditions.  Furthermore, all the purinosome enzymes displayed 

similar protein levels between normoxia and hypoxia, with the exception of ATIC that displayed a 

small increase in hypoxia, although no explanation for this has been found. In addition, the 

decreased gene expression of FGAMS previously observed in hypoxia did not reflect on the 

protein levels.  

 

Figure 39.  Western blots of the de novo purine biosynthetic pathway enzymes and HIF-1α in 

normoxia and hypoxia. HIF-1α protein level displayed a clear increase in hypoxia. 

Five out of six de novo enzymes did not display any change in protein levels following 

hypoxia incubation. ATIC appeared to slightly increase in hypoxia. β-actin was used as 

an internal loading control. 25 or 50 µg of proteins were loaded per lane depending 

on the target protein. Blots were repeated at least twice to ensure the reproducibility 

of the results.   

Despite minors changes encountered in the gene expressions and the protein levels of the six 

purinosome enzymes, it is clear that hypoxic conditions have no effect on the general expression 
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of the enzymes, suggesting that the hypoxic purinosome formation does not result from gene or 

protein upregulation of the de novo purine biosynthetic enzymes.  

In cells, the purine pool is maintained by the coordination of two pathways, the de novo 

biosynthesis and the salvage pathway, as previously described (Figure 10). Although it is clear that 

hypoxia and HIF-1 did not affect the expression of the enzymes of the de novo pathway, an 

effect of hypoxia on the expression of the salvage enzymes can be hypothesised. In fact, if 

purinosome formation does not result from the upregulation of the de novo enzymes, a decrease 

in the expression of the salvage enzymes and downstream synthesis of purines via this pathway 

could hypothetically lead to purinosome formation to maintain the purine pool.  

As such, the effect of hypoxia on the gene expression and protein levels of the two salvage 

enzymes, APRT and HPRT, was assessed (Figure 40). After 24 h of incubation in hypoxia, no 

change in gene expression was observed for any of the two enzymes compared to normoxic levels 

(Figure 40a). In the same way, no change in protein levels was observed between hypoxic and 

normoxic conditions (Figure 40b).  

 

 

Figure 40.  qPCR and western blot analysis of the purine salvage enzymes APRT and HPRT. (a) 

The gene expressions of the salvage enzymes were not affected in hypoxia compared 

to normoxia (no statistical difference). (b) Similarly, no difference was observed for 

the protein levels between normoxia and hypoxia. For the qPCR analysis, significance 

compared to normoxia was determined using unpaired Student t test. Blots were 

repeated three times to ensure reproducibility of the results.    

To conclude this first section, it was determined that the formation of purinosomes is enhanced in 

hypoxia by 2-fold when utilising transiently transfected fluorescently-tagged enzymes, and by 8.8-

fold when observing endogenous colocalisation of purinosome enzymes. This process was found 
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to be mediated by HIF-1 and, despite clear evidence that the transcription factor is responsible 

for the clustering of the six de novo purine biosynthesis enzymes, its mode of action has been 

shown to be indirect as no direct effect on the expression of the purinosome enzymes and salvage 

enzymes was found. The formation of the complex was found to occur in different cell types thus 

supporting the idea that the biological relevance of the complex is applicable to different tissues.        

Although the link between HIF-1α and the purinosome is established but remains so far unclear, it 

is strongly hypothesised that this mechanism involves intermediate actors. Previous reports 

showed that different proteins, such as chaperones from the Heat Shock Proteins (HSP) family, 

have been reported to interact with the purinosome in purine-depleted conditions.179 As such, in 

the next section of this work, the role of different members of the HSP family in the purinosome 

formation in hypoxia, as well as their link to HIF-1 will be assessed and discussed.  

In addition, as the purinosome was shown to be a transient complex that disrupts upon 

reoxygenation, different conditions aiming at modulating the hypoxic purinosome formation were 

assessed so as to provide further insight into the functioning of the complex.  
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2.2 Uncovering the cellular processes affecting the hypoxia-mediated 

purinosome formation 

 Involvement of members of the HSP family in purinosome formation 

In 2013, French et al. reported the involvement of two members of the HSP family in  purinosome 

formation when purines were depleted from the media.179  These two chaperones, namely Hsp90 

and Hsp70 isoform 1, also referred to as HspA1 or Hsp70-1, were found to be involved in the 

maintenance of the purinosome complex. Inhibition of either of them, separately or 

simultaneously, led to the disruption of the complex. A few years later, further studies 

investigated the role of Hsp90 in the process of purinosome formation and it was found that 

Hsp90 interacts with only two enzymes of the complex, PPAT and FGAMS, and is responsible for 

processing them prior to complexation within the purinosome complex.184  In parallel, in 2009, 

Hsp70 isoform 2, also known as HspA2 or Hsp70-2, was reported to be up-regulated by HIF-1α in 

hypoxia.205  

In regards to this data , the role of these three HSPs was investigated in the hypoxic purinosome 

formation. First, the gene expression of the three chaperones was assessed in order to determine 

whether they were affected by low oxygen environments. As such, HeLa cells were cultured in 

normoxia and hypoxia for 24 h and the mRNA levels of Hsp70-1, Hsp70-2 and Hsp90 were 

measured (Figure 41). Although Hsp70-1 and Hsp90 did not display any significant difference in 

their hypoxic gene expression compared to normoxic conditions, Hsp70-2 was found to 

significantly increase in hypoxia (2.5-fold change) compared to normoxia, in line with previous 

reports.205 
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Figure 41.  Relative mRNA expression of three members of the HSP family in hypoxia 

compared to normoxia. The gene expression of Hsp70-1 and Hsp90 in hypoxia (1% 

oxygen) remained similar to their expression in normoxic conditions. However, a 

significant increase was observed for Hsp70-2 in hypoxia (****). Gene expression 

was normalised to the average of reference genes 18S and β-actin expression. Gene 

expression in hypoxia was normalised to normoxia. Data are means (n=3) ± SEM. 

Significance was determined using unpaired Student t test, **** p < 0.0001.   

To further probe the effect of hypoxia on the three HSPs, their protein levels were assessed by 

western immunoblotting following incubation of HeLa cells in normoxia and hypoxia for 24 h 

(Figure 42). No change in the protein levels of Hsp90 and Hsp70-1 was observed in hypoxia and 

only Hsp70-2 was found to increase, consistent with their previously observed gene expression. 

 

Figure 42.  Western immunoblotting of Hsp70-1, Hsp70-2 and Hsp90 in normoxia and hypoxia. 

The protein levels of Hsp90 and Hsp70-1 remained unaffected in hypoxia (1% 

oxygen). Consistent with the qPCR data, Hsp70-2 protein levels increased in hypoxia. 

β-actin was used as an internal loading control. 25 µg of proteins were loaded per 
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lane. Blots were repeated two or three times to ensure the reproducibility of the 

results.   

As Hsp70-2 was found to be the only chaperone to be upregulated in hypoxia out of the three 

HSPs studied, the effect of HIF-1 siRNA treatment on the gene expression of Hsp70-2 was 

assessed in order to determine whether the observed hypoxia-induced increase was the result of 

HIF activity (Figure 43). Upon HIF-1α knockout in hypoxia, the gene expression of Hsp70-2 

significantly decreased compared to untreated hypoxic cells, indicating that its upregulation in 

hypoxia is HIF-1α dependent. It is to note that a significant difference in the gene expression was 

observed for Hsp70-2 between normoxia and hypoxia with HIF-1α siRNA (***, p < 0.001 by 

Student t-test) with the gene expression in hypoxia treated with HIF-1 siRNA displaying lower 

levels than in normoxic conditions. It can be hypothesised that the expression level of HIF-1α in 

normoxia, even if low, partly regulates the basal expression of Hsp70-2.  

 

 

Figure 43. Relative mRNA expression of Hsp70-2 in cells treated with HIF-1 siRNA in hypoxia. 

In cells treated with HIF-1 siRNA, the gene expression of Hsp70-2 dropped to 0.44-

fold compared to normoxia (***). HIF-1 siRNA significantly prevents the hypoxia-

induced increase in the gene expression of Hsp70-2 (****). The data presented for 

the hypoxic gene expression of Hsp70-2 are reused from Figure 41 for comparison. 

Gene expression was normalised to the average of reference genes 18S and β-actin 

expression. Gene expression in hypoxia was normalised to normoxia. Data are means 

(n=3) ± SEM. Significance was determined using unpaired Student t test, , *** p < 

0.001, **** p < 0.0001.   
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Following these observations and based on previous litterature, it was then hypothesised that the 

three HSPs could be part of the purinosome complex in hypoxia. Although Hsp90 and Hsp70-1 

were known to be part of the purinosome complex in purine-depleted conditions, the 

involvement of Hsp70-2 was yet to be determined.179 To assess the presence of these proteins 

within the purinosome complex, PLA experiments were carried out.  

The first chaperone studied was Hsp70-2 and its potential colocalisation with ADSL was assessed 

by PLA (Figure 44). In HeLa cells cultured in normoxia for 24 h, no PLA signal was observed 

suggesting that the two proteins were not in close proximity in this condition (Figure 44a). 

However, when cells were cultured under hypoxic conditions (Figure 44b), many PLA signals were 

present, revealing a high colocalisation between ADSL and Hsp70-2. In order to determine 

whether this colocalisation was a characteristic specific to hypoxia, the same experiment was 

repeated in purine-depleted conditions (known to induce purinosome formation) (Figure 44c). 

Surprisingly, only a small number of PLA signals were detected when compared to hypoxic 

conditions. This last observation suggests that Hsp70-2 is present within the purinosome complex 

in both purine-depleted conditions and hypoxia, although the chaperone seems to interact with 

the complex preferentially in hypoxia. 
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Figure 44.  Proximity Ligation Assay between ADSL and Hsp70-2 in normoxia, hypoxia and 

purine-depleted conditions. (a) HeLa cells cultured in normoxia for 24 h did not 

display PLA signals (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h displayed a 

high number of PLA signals suggesting a colocalisation between the two proteins. (c) 

HeLa cells cultured in purine-depleted media for 24 h displayed some PLA signals 

suggesting a colocalisation between the two proteins but to a lesser extent when 

compared to hypoxia. The PLA signals appear as red dots. Cells were stained with 

DAPI. White arrows point towards individual PLA signal. Scale bar represents 25 µm.   

To determine whether Hsp70-1 and Hsp90 were present in the hypoxic purinosome as previously 

reported in purine-depleted conditions, a PLA experiment was carried out between Hsp70-1 and 

ADSL (Figure 45). When cells were cultured in normoxia, a low number of PLA signals was 

observed suggesting a low degree of colocalisation between the proteins in this condition (Figure 

45a). However, when cells were placed in hypoxia, the number of PLA signals observed increased 

compared to normoxia, suggesting an enhanced colocalisation between the two proteins of 

interest in low oxygen environments (Figure 45b).     
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Figure 45. Proximity Ligation Assay between ADSL and Hsp70-1 in normoxia and hypoxia. (a) 

HeLa cells cultured in normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% 

oxygen) for 24 h. Few PLA signals were detected in normoxia while a larger number 

of PLA signals were detected in hypoxia, indicating that the colocalisation between 

Hsp70-1 and ADSL was enhanced in this condition. The PLA signals appear as red 

dots. Cells were stained with DAPI. 

In the same way, the colocalisation between FGAMS and Hsp90 was assessed by PLA in HeLa cells 

cultured in normoxia and hypoxia for 24 h (Figure 46). As previously observed between ADSL and 

Hsp70-1, a small number of PLA signals was detected in normoxia (Figure 46a). The presence of 

positive PLA signals in normoxia can be explained by the fact that Hsp90 is a chaperone 

responsible for the folding and stabilisation of a large number of proteins in physiological 

conditions, including FGAMS.184 When the cells were cultured in hypoxia, many more PLA signals 

were observed indicating an increased colocalisation between the two proteins compared to 

normoxia, supporting the hypothesis that Hsp90 is present within the hypoxic purinosome 

complex (Figure 46b). 
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Figure 46.  Proximity Ligation Assay between FGAMS and Hsp90 in normoxia and hypoxia. (a) 

HeLa cells cultured in normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% 

oxygen) for 24 h. A small number of signals were detected in normoxia while a more 

significant number of signals were detected in hypoxia, suggesting a high 

colocalisation of the two proteins in hypoxia. The PLA signals appear as red dots. 

Cells were stained with DAPI. 

Hsp90, Hsp70-1 and Hsp70-2 have all been shown to colocalise with proteins of the purinosome in 

hypoxia. Although Hsp90 and Hsp70-1 were already known to be involved in the purinosome 

complex in purine-depleted conditions, there is now strong evidence that they also interact with 

the complex in hypoxia. Furthermore, Hsp70-2 was shown to highly interact with ADSL in hypoxia 

but significantly less in purine-depleted media thus suggesting that Hsp70-2 might be interacting 

with the purinosome preferentially in hypoxia.  

When conducting a PLA experiment, the positive red signals reflect the close proximity between 

the two proteins of interest. In the previous experiments, it was shown that Hsp90, Hsp70-1 and 

Hsp70-2 were colocalising with purinosome enzymes in hypoxia, however this does not imply that 

the chaperones are required for the support/formation of the purinosome complex.  

In order to probe this, the hypoxic formation of purinosomes was assessed in hypoxia in the 

presence of siRNAs specific for Hsp90, Hsp70-1 and Hsp70-2 (Figure 47). If the chaperones are 

necessary for the formation/maintenance of the complex, it would be expected that their 

knockout prevents the hypoxic purinosome formation. As such, it was found that when HeLa cells 

were treated with any of the three siRNA, the relative purinosome formation compared to 

hypoxic non-treated cells significantly decreased. Silencing of the genes encoding Hsp90 and 

Hsp70-1 induced a relative purinosome formation comparable to normoxic levels. Silencing of 

Hsp70-2 induced a significant decrease in purinosome formation compared to hypoxic conditions 

although this decrease did not reach to normoxic levels. The overall purinosome formation in 
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hypoxic cells treated with Hsp70-2 siRNA remained slightly above normoxic levels (* p < 0.05 

significance by Student t test). The origin of the difference of effect on purinosome formation of 

Hsp70-2 siRNA compared to Hsp90 and Hsp70-1 siRNAs remains unknown however.  

To summarise, all three studied members of the HSP family are required to ensure the hypoxia-

induced purinosome formation.   

   

Figure 47. Relative purinosome formation in HeLa cells cultured in hypoxia in the presence of 

siRNAs specific for Hsp70-2, Hsp70-1 and Hsp90. HeLa cells maintained in hypoxia 

(1% oxygen) and treated with Hsp90 and Hsp70-1 siRNA displayed a number of 

positive cells similar to normoxic conditions (no statistical difference). Cells cultured 

with Hsp70-2 siRNA in hypoxia also displayed a decrease when compared to hypoxia 

untreated (***), but the number of purinosome-positive cells remained higher than 

in normoxia. The data shown for normoxia and hypoxia are the same as in Figure 13 

but are presented here for comparison. Data are means (n= at least 2) ± SEM. 

Significance was determined using unpaired Student t test, * p < 0.05, *** p < 0.001. 

The number in brackets indicates the number of cells counted per condition.  

In order to evaluate whether the observed effects of the siRNAs targeting the three chaperones 

were specific to hypoxic purinosomes, especially in the case of Hsp70-2 which was found to 

preferentially colocalise with ADSL in hypoxia compared to purine-depleted conditions, the same 

experiment using siRNAs was repeated in purine-depleted conditions (Figure 48). In line with 

previous reports which indicated that an inhibition of Hsp90 and Hsp70-1 led to a 2-fold decrease 

in relative purinosome formation in purine depleted conditions, the same effect was observed 

here using siRNAs instead of small molecule inhibitors.179 In purine-depleted media, siRNA 

treatments against Hsp90 and Hsp70-1 led to a 1.5-fold and 1.6-fold decrease, respectively, 
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compared to hypoxic untreated cells. However, it was surprisingly found that Hsp70-2 siRNA also 

induced a decrease in purinosome formation (1.7-fold change compared to hypoxia untreated). 

This last result was unexpected due to the fact that by PLA, Hsp70-2 was not colocalising as much 

with ADSL in purine-depleted media when compared to hypoxia (Figure 44).  

 

Figure 48.  Relative purinosome formation in HeLa cells treated with Hsp90, Hsp70-1 and 

Hsp70-2 siRNAs in purine-depleted conditions. Purine-depleted conditions induced a 

2.4-fold increase in the number of purinosome-positive cells compared to normoxia. 

Treatment with Hsp70-1 siRNA, Hsp70-2 siRNA and Hsp90 siRNA induced significant 

decreases in the number of purinosome-positive cells (1.64-fold, 1.7-fold and 1.55-

fold, respectively). Data are means (n=3) ± SEM. Significance was determined using 

unpaired Student t test, ** p < 0.01, *** p < 0.001, **** p < 0.0001. The number in 

brackets indicates the number of cells counted per condition.  

Due to the increase in PLA signals between ADSL and Hsp70-2 in hypoxia, it can be hypothesised 

that the previously determined hypoxia-induced upregulation of Hsp70-2 is partly responsible for 

the increased purinosome formation in hypoxia. The increased availability of the chaperone can 

potentially trigger purinosome formation in hypoxia by contributing to the stabilisation of the 

complex. To probe this, purinosome formation was assessed in normoxic cells into which Hsp70-2 

was up-regulated by transient plasmid transfection. To do so, first a control experiment was 

carried out where a plasmid encoding Hsp70-2 fused to GFP was transfected into HeLa cells 

(Figure 49a). Following normoxic incubation, a clear fluorescence was observed in the cells 

suggesting that the fusion protein was properly expressed.  

Following this, the same construct encoding Hsp70-2 without GFP was transfected into HeLa cells 

that were subsequently incubated in normoxia for 24 h. As a second means of control of the 
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proper expression of Hsp70-2 in these cells, Hsp70-2 protein levels were assessed (Figure 49b). As 

such, western immunoblotting was carried out on Hsp70-2 from HeLa cells transfected with the 

Hsp70-2-encoding construct which were compared to mock transfect cells (i.e endogenous 

Hsp70-2 levels). In cells transfected with the Hsp70-2-encoding construct, a clear increase in 

protein levels was observed, thus suggesting an increase in the expression of the chaperone as a 

result of the transfection.

 

Figure 49.  Upregulation of Hsp70-2 in HeLa cells. (a) HeLa cells were transiently transfected 

with a plasmid encoding Hsp70-2 fused to fluorescent protein GFP. The cells 

displayed green fluorescence indicating that Hsp70-2 was properly expressed. (b) 

Western immunoblotting of Hsp70-2 with and without transfection of a Hsp70-2 

encoding plasmid. The protein levels of Hsp70-2 increased in cells transfected with 

plasmid encoding Hsp70-2 (+) compared to mock transfected cells (-). β-actin was 

used as an internal loading control. 25 µg of proteins were loaded per lane. Blots 

were repeated twice to ensure the reproducibility of the results.   

As it was confirmed that the transfection of a Hsp70-2-encoding plasmid enabled the proper up-

regulation of the protein, HeLa cells were then either co-transfected with this construct and a 

plasmid encoding FGAMS-mCherry or transfected with FGAMS-mCherry alone. Following 

normoxic incubation for 24 h,  purinosome formation was assessed in HeLa cells and no increase 

was observed in cells transfected with the Hsp70-2 construct (Figure 50). Although Hsp70-2 is up-

regulated in hypoxia in a HIF-1-dependent manner, its artificial upregulation in normoxic 

conditions was not sufficient to induce purinosome formation.    
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Figure 50.  Relative purinosome formation in normoxia with or without Hsp70-2 upregulation. 

HeLa cells were either mock transfected (-) or transfected with a plasmid encoding 

Hsp70-2 (+) and subsequently maintained in normoxia for 24 h. The number of cells 

containing purinosome was assessed and a small decrease was observed in the 

treated cells compared to untreated (*) suggesting that the upregulation of Hsp70-2 

did not induce purinosome formation in normoxia. Data are means (n=3) ± SEM. 

Significance was determined using unpaired Student t test, * p < 0.05. The number in 

brackets indicates the number of cells counted per condition.  

Following these observations, many assumptions can be made about the roles of the HSPs in the 

hypoxic purinosome formation. It is now clear that each of Hsp90, Hsp70-1 and Hsp70-2 are 

required for the formation of the purinosome complex in hypoxia. Although Hsp70-2 was thought 

to be exclusively found in the purinosome in hypoxia, its silencing in purine-depleted media also 

led to a decrease in purinosome formation, indicating that this chaperone is involved in the 

purinosome formation / maintenance in these conditions (Figure 48). However, this result is in 

contrast with the PLA experiment where it was found that Hsp70-2 was colocalising with ADSL 

preferentially in hypoxia compared to purine-depleted conditions. (Figure 44).  

Different causes for this phenomenon can be hypothesised. As Hsp70-2 has been reported to 

interact with both Hsp70-1 and Hsp90, it can be thought that a silencing of Hsp70-2 is likely to 

prevent the proper activity of its chaperone partners, thus inducing a decrease in purinosome 

formation.168,206 Although this hypothesis can be viable for both purine-depleted conditions and 

hypoxia, the increased number of PLA signals in hypoxia compared to purine-depletion supports 

the hypothesis that Hsp70-2 is prevalently involved in the hypoxia-induced purinosome complex. 

However, despite being necessary for the complex to form in hypoxia, the HIF-mediated 

upregulation of Hsp70-2 is not the origin of the hypoxic purinosome formation as upregulating 

the protein in normoxia did not trigger purinosome formation.  
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Overall, all three HSPs can be found within the hypoxic purinosome complex and constitute an 

important factor in its formation. Although required in the assembly of the complex in hypoxia, 

the above-mentioned data suggests that the HSP proteins are not at the origin of the purinosome 

formation. It can be strongly hypothesised that other hypoxia-related factors and / or  

mechanisms are involved in the process of hypoxic purinosome formation. 

To further determine how the hypoxic purinosome functions and on what features its assembly 

relies, different conditions aiming at modulating the hypoxic purinosome formation were 

investigated. As such, various conditions were assessed in order to modify the environment of the 

purinosome proteins to further understand the relationship between the multi-enzyme complex 

and its environment.  

 Inhibiting the formation of purinosomes 

The purinosome complex was first described in artificial cellular conditions where cells had been 

cultured in purine-depleted media. Few cases of purinosome formation in “natural” conditions 

have been reported since then, one being in fibroblasts derived from a patient suffering from 

AICA-ribosiduria.170 This extremely rare and severe pathology results from a deficiency of the last 

enzyme of the de novo purine biosynthesis, ATIC.207 When purinosome formation was studied in 

these cells maintained in purine-depleted conditions, no purinosome was observed although their 

healthy fibroblast counterparts cultured in the same conditions contained purinosomes. This data 

suggested that the formation of the purinosome complex likely required all the enzymes of the 

pathway to be present and structurally intact. This hypothesis was further probed and confirmed 

by the same research group a few years later. In their later work, the authors used CRISPR-

knockout HeLa cells and deleted each enzyme of the de novo purine pathway individually.171 Upon 

culturing in purine-depleted conditions, it was found that a deficiency in any enzyme of the de 

novo pathway induced a disruption of the purinosome formation.  

Following the hypothesis that purinosome formation requires the presence of all purinosome 

enzymes, HeLa ATIC CRISPR-KO cells were used to probe the purinosome formation in hypoxia. 

The previously reported cells were obtained from Dr M. Zikanova’s lab (Charles University, 

Prague, Czech Republic) and were previously controlled by western immunoblotting to show the 

absence of ATIC in this cell line.171 

These cells were transfected with a plasmid encoding FGAMS-GFP and were incubated in 

normoxia untreated or in the presence of 100 µM DFX in order to chemically induce hypoxic 

conditions (Figure 51). Compared to untreated cells in normoxia, treatment with DFX did not 

induce purinosome formation in ATIC-KO HeLa cells, although the same treatment was found to 
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result in purinosome formation in wild-type HeLa cells (Figure 33). This data suggests that the 

hypoxic purinosome formation relies, like in purine-depleted conditions, on the presence and 

structural integrity of ATIC, and likely of all six purinosome enzymes.  

It is to note that the observation of these cells in low oxygen conditions was attempted multiple 

times but consistently resulted in poor fluorescence for unknown reasons, thus explaining the 

choice of DFX treatment instead.   

 

Figure 51.  Relative purinosome formation in ATIC knockout HeLa cells. ATIC KO HeLa cells 

were transfected with a construct encoding FGAMS-GFP and were subsequently 

cultured in normoxia untreated or in the presence of DFX (100 µM) for 24 h. 

Although DFX induced purinosome formation in WT HeLa cells (Figure 33), no 

increase was observed in ATIC KO cells. Data are means (n=3) ± SEM. Significance was 

determined using unpaired Student t test, * p < 0.05. The number in brackets 

indicates the number of cells counted per condition.  

After it was found that the presence of ATIC was required for the formation of the purinosome in 

hypoxia, whether ATIC had to be functional for the complex to form remained unknown. In order 

to probe this, the formation of purinosomes was assessed in HeLa cells treated with a small 

molecule inhibitor of ATIC named Compound 14 (Cpd14). In 2012, this small molecule was found 

to inhibit the homodimerisation of the ATIC enzyme, resulting in increased levels of monomeric 

ATIC.208 Further studies demonstrated that an inhibition of the homodimerisation of ATIC using 

Cpd14 prevented the enzymatic reaction from occurring, thus leading to an accumulation of 

ATIC’s substrate (i.e AICAR).209      

As such, Cpd14 was used to inhibit ATIC and the resulting effect on hypoxic purinosome formation 

was assessed. The first step was to determine any potential cytotoxic effect of the compound on 

HeLa cells. To determine this, a cytotoxicity assay was carried out on HeLa cells cultured in 

normoxia and hypoxia with compound 14 at different doses (Figure 52). As the final DMSO 

concentration in cells treated with Cpd14 was 0.5%, a DMSO alone control was also included. 
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Cpd14 was dosed at 50 µM, 100 µM and 250 µM, and no cytotoxic effect was observed even at 

the highest dose (no significant different by Student t test). Similarly, the DMSO control did not 

display any cytotoxicity.   

 

Figure 52.  Cytotoxicity of Cpd14 in HeLa cells incubated in normoxia and hypoxia and treated 

at different doses for 24 h. HeLa cells were either untreated, treated with 0.5% 

DMSO (DMSO control) or treated with Cpd14 at 50 µM, 100 µM and 250 µM. No 

cytotoxic effect was observed for the DMSO control compared to untreated cells. No 

cytotoxic effect was observed for Cpd14 at any of the doses studied. Data are means 

(n=3) ± SEM. Significance was determined using unpaired Student t test. No 

significant difference between untreated cells and the other conditions was 

observed. 

As a result, in order to assess purinosome formation in hypoxic HeLa cells treated with Cpd14, the 

compound was used at 250 µM. HeLa cells were transfected with the plasmid encoding FGAMS-

GFP as before and were subsequently maintained in normoxia untreated, hypoxia untreated, and 

hypoxia with Cpd14 for 24 h following transfection (Figure 53). As a result, compared to untreated 

normoxic cells, untreated hypoxic cells displayed the same increase in purinosome formation as 

previously observed (Figure 13), whereas the treatment with Cpd14 in hypoxic cells was found to 

drive the number of purinosome-positive cells back to normoxic levels, indicating that Cpd14 

prevents purinosome formation in hypoxia. This data suggests that purinosome formation relies 

not only on the presence of ATIC (and likely every purinosome enzyme), but potentially on its 

ability to function. 
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Figure 53.  Effect of Cpd14 on relative purinosome formation in hypoxic HeLa cells. HeLa cells 

were transfected with a plasmid encoding FGAMS-GFP and were subsequently placed 

in normoxia untreated as well as hypoxia (1% oxygen), untreated and treated with 

Cpd14 (250 µM), for 24 h. Treatment with Cpd14 prevented the hypoxia-induced 

purinosome formation. Data are means (n=3) ± SEM. Significance was determined 

using unpaired Student t test, ** p < 0.01. The number in brackets indicates the 

number of cells counted per condition. 

The previously obtained data in cells treated with Cpd14 suggested that the proteins of the 

purinosome have to be functional in order to enable the formation of the complex. As a 

metabolon, it is to be expected that the formation of the multi-enzyme purinosome complex is 

related to the metabolism of the de novo purine biosynthesis. As such, if the formation of the 

hypoxic purinosome formation correlates with the ability of the de novo pathway to function, 

alterations within the purine metabolism would be expected to impact upon purinosome 

formation. Such experiments have been carried out in cells lacking one of the salvage enzymes, 

HPRT (artificially knocked out or pathologically deficient).181, 210 In purine-rich conditions these 

cells displayed an enhanced purinosome formation compared to wild-type cells, suggesting that 

when the salvage pathway is not functional (i.e synthesis of purines solely relies on the de novo 

pathway), the formation of purinosomes is triggered. In these cells, the formation of purinosomes 

was shown to enable the compensation for the purine loss induced by salvage deficiency.    

To probe whether the purinosome complexes in hypoxia were also responsive to alterations 

within the purine metabolism, the salvage pathway was stimulated by supplementing the cell 

media with hypoxanthine, the base transformed into IMP by the HPRT enzyme.211 If the 

hypothesis that hypoxic purinosome formation occurs in response to purine demand and 

correlates with an enhanced rate of the de novo pathway is accurate, then stimulating the salvage 

pathway should induce a downregulation of the de novo pathway, ultimately resulting in a 

disruption of the purinosome complexes.  
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To assess this, hypoxanthine was added to the culture media of HeLa cells maintained in hypoxia 

(Figure 54). Following 24 h of incubation, untreated hypoxic cells displayed an ~2-fold increase in 

purinosome formation as previously observed. However, when cells were cultured in the 

presence of hypoxanthine, no increase in purinosome formation was observed, suggesting that 

supplementation with the purine base prevents the formation of the complex in hypoxia. This is 

likely caused by the upregulation of the salvage pathway which ultimately maintains the purine 

pool, thus making the de novo synthesis of purines and associated purinosome formation 

dispensable.  

 

Figure 54. Effect of hypoxanthine on relative purinosome formation in hypoxic HeLa cells. 

HeLa cells were transfected with a construct coding for FGAMS-mCherry and were 

subsequently placed in normoxia and hypoxia (1% oxygen) untreated and treated 

with hypoxanthine (60 µM) for 24 h. Treatment with hypoxanthine prevented the 

hypoxia-induced purinosome formation. Data are means (n=3) ± SEM. Significance 

was determined using unpaired Student t test, **** p < 0.0001. The number in 

brackets indicates the number of cells counted per condition. 

In the second section of this work, various cellular processes and components were found to 

impact upon the hypoxic purinosome formation. Three members of the HSP family, Hsp90, Hsp70-

1 and Hsp70-2 were found to colocalise with the purinosome complex in hypoxic cells. Although 

Hsp70-2 was found to be upregulated in a HIF-dependent manner in hypoxia, this increase in 

protein levels was not sufficient to trigger purinosome formation as an artificial upregulation of 

the chaperone in normoxia did not induce purinosome formation. As previously described in 

purine-depleted conditions using small molecules inhibitors, the inhibition of Hsp90 and Hsp70-1 

in hypoxia using siRNA prevented purinosome formation.179 In addition to these two chaperones, 

inhibition of Hsp70-2 by siRNA was also found to prevent the assembly of the purinosome 

complex. Whether Hsp70-2 plays a direct role on individual de novo purine biosynthesis enzymes 



Chapter 2 

86 

or whether its involvement in the purinosome complex relies on its ability to partner with other 

chaperones remains unknown. To summarise, it is clear that the purinosome complex, for its 

formation / maintenance, requires interactions with the three above-mentioned chaperones, 

although the exact mechanism is yet to be determined.  

The use of ATIC KO HeLa cells enabled the determination that a deficiency in one enzyme of the 

pathway prevents the formation of the complex, as previously observed in different conditions.170, 

171 In addition, in wild-type HeLa cells expressing all six enzymes of the pathway, chemical 

inhibition of the previously knocked out ATIC enzyme using Cpd14 also resulted in the disruption 

of the purinosome complex. Together, this data suggests that the formation of the complex relies 

on all six enzymes of the pathway to be present and functional. This feature of the purinosome 

formation was described using only one enzyme of the pathway but this experiment could be 

extended to the other five enzymes, although a similar disruption of the complex would be 

expected, as previously observed in purine-depleted conditions.171  

Finally, based on the hypothesis that the purinosome complex forms in response to an adaptation 

of the purine metabolism, it was found that stimulating the salvage pathway by addition of 

hypoxanthine resulted in the disruption of the complex in hypoxia. This data supports the idea 

that the hypoxic formation of the purinosome reflects metabolic changes in the purine 

metabolism, more specifically, that it correlates with an upregulated de novo purine biosynthesis, 

as previously reported in purine-depleted conditions.169  

The responsiveness of the purinosome formation to the addition of hypoxanthine raises the 

hypothesis that many more metabolic stimuli might impact and/or trigger purinosome formation. 

The de novo biosynthesis of purines relies on the availability of many substrates and co-factors 

provided by parallel metabolic pathways. Such pathways involve, for example, glycolysis and the 

pentose phosphate pathway, as well as the de novo serine biosynthesis and the one-carbon 

metabolism. As most of these metabolic pathways are known to be up regulated in hypoxia (see 

section 1.1.4), it is therefore highly possible that their upregulation, and thus the increased 

availability of substrates and co-factors for the de novo purine biosynthesis, affects the formation 

of the purinosome complex in hypoxia. 

The next section of this work will focus on defining the links between the de novo purine 

biosynthesis and parallel metabolic pathways, as well as understanding how these pathways can 

impact upon purinosome formation in hypoxia. 
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2.3 Determining the nature of the link between purine synthesis and 

parallel metabolic pathways in hypoxic cancer cells 

Following the observation that addition of hypoxanthine prevented the purinosome formation in 

hypoxia, further investigations were carried out to determine the nature of the link between the 

complex and various pathways that feed into the de novo purine biosynthesis.   

 Alterations in metabolic pathways linked to the de novo purine biosynthetic 

pathway affect purinosome formation 

The glycolysis pathway is responsible for converting the incoming glucose molecules into pyruvate 

in the cell cytoplasm (Figure 55, pink pathway). Intermediates of this pathway are commonly 

rewired into other metabolic pathways such as the pentose phosphate pathway and the serine 

biosynthesis (Figure 55, green and orange pathway, respectively), all of which provide substrates 

and co-factors to the de novo purine biosynthesis (Figure 55, blue pathway).  

 

Figure 55.  Scheme representing the interconnections between the de novo purine 

biosynthesis and associated metabolic pathways.  

As such, due to its main role in providing metabolites to the de novo purine biosynthesis pathway 

and considering its upregulation in hypoxia, the role of the glycolysis pathway in the hypoxic 

purinosome formation was first assessed.  
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In order to determine whether the hypoxia-induced glycolysis was impacting the formation of the 

purinosome complex in low-oxygen environments, the first enzyme of the pathway, hexokinase 

(HK), was inhibited using 2-deoxyglucose (2-DG).212 The effect of this inhibition was probed by 

assessing the relative purinosome formation in normoxic and hypoxic cells treated with 5 mM of 

2-DG compared to untreated cells (Figure 56). When cells were treated with 2-DG in hypoxia, the 

purinosome formation was prevented with a relative purinosome formation similar to the one 

observed in normoxic untreated cells. 2-DG treatment did not display any effect on basal 

normoxic purinosome formation. Altogether, this data suggests that a functional glycolysis 

pathway is required for purinosome formation to occur in hypoxia.    

 

 

 

Figure 56.  Effect of 2-deoxyglucose on relative purinosome formation in HeLa cells maintained 

in normoxia and hypoxia. HeLa cells were transfected with FGAMS-GFP and were 

subsequently placed in normoxia and hypoxia (1% oxygen) untreated and treated 

with 2-deoxyglucose (2-DG, 5 mM) for 6 h. Treatment with 2-DG prevented the 

hypoxia-induced purinosome formation. Data are means (n=3) ± SEM. Significance 

was determined using unpaired Student t test, * p < 0.05, *** p < 0.001. The number 

in brackets indicates the number of cells counted per condition. 

As purinosome formation was found to depend on a functional glycolysis pathway, the 

involvement of other metabolic pathways in the formation of the complex was assessed. The 

glycolysis metabolism is at the origin of downstream branched metabolic pathways that use 

glycolytic intermediates as substrates. As an example of such, the pentose phosphate pathway 

uses glucose-6-phosphate, the product of the first reaction of the glycolysis, to produce ribose-5-

phosphate, the sugar unit used as substrate in the de novo purine biosynthesis. This way, the PPP 

is a crucial metabolism for the de novo purine biosynthesis to occur. As the PPP is also partly 

upregulated in hypoxia, and according to the reliance of purinosome formation on glycolysis, the 

link between a functional PPP and purinosome formation in hypoxia was assessed.  



Chapter 2 

89 

To do so, purinosome formation was assessed in HeLa cells treated with 6-aminonicotinamide (6-

AN), a small molecule inhibitor of the PPP (Figure 57). 6-AN is known to inhibit two enzymes of 

the PPP, the first enzyme, G6PD, as well as the third enzyme of the pathway 6-phosphogluconate 

dehydrogenase (PGD). 213-215 Upon treatment with 6-AN, hypoxic HeLa cells displayed a significant 

decrease in purinosome formation compared to untreated hypoxic cells. The resulting relative 

purinosome formation was found to be even lower than untreated normoxic cells. In the same 

way, treatment of normoxic cells with 6-AN also decreases the purinosome formation compared 

to untreated normoxic cells. This data suggests that not only does 6-AN prevent the hypoxic 

purinosome formation, but it also, to some extent, decreased purinosome formation compared to 

basal normoxic levels. Although this phenomenon does not have a defined explanation, different 

hypothesis can be raised. First, this decrease in normoxic purinosome formation upon treatment 

with 6-AN can result from the fact that normoxic purinosomes, despite being present in less cells 

than in hypoxia, still rely on the substrate availability provided by the PPP to form. In addition, 6-

AN is known to inhibit two PPP enzymes which could induce an enhanced inhibitory effect on 

purinosome formation compared to the inhibition of a single enzyme.  

 

Figure 57.  Effect of 6-aminonicotinamide on relative purinosome formation in HeLa cells 

maintained in normoxia and hypoxia. HeLa cells were transfected with FGAMS-GFP 

and were subsequently placed in normoxia and hypoxia (1% oxygen) untreated and 

treated with 6-aminonicotinamide (6-AN, 1 mM) for 6 h. Treatment with 6-AN 

prevented the hypoxia-induced purinosome formation. Data are means (n=3) ± SEM. 

Significance was determined using unpaired Student t test, * p < 0.05, *** p < 0.001. 

The number in brackets indicates the number of cells counted per condition. 

To further analyse the effect of inhibiting the PPP on hypoxic purinosome formation, another 

approach was used. Instead of inhibiting PPP enzymes using a small molecule inhibitor like 6-AN, 

only one enzyme, G6PD, was knocked out using a specific siRNA. This approach enabled the 
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targeting of only one enzyme and can be compared to the previous data obtained with 6-AN 

treatment. 

As such, purinosome formation was assessed as before in HeLa cells co-transfected with a plasmid 

encoding FGAMS-mCherry and a construct encoding either G6PD siRNA or a G6PD siRNA scramble 

sequence as a negative control (Figure 58). These two constructs were built by Dr Anthony Pedley 

(Pennsylvania State University, USA) using shRNA sequences against G6PD (and scramble) that 

were previously reported and tested for their efficiency in inducing a knock down of G6PD 

expression.216 To ensure that only the cells expressing the siRNAs were taken into account in the 

purinosome counting, a gene encoding the GFP protein was incorporated into the G6PD siRNA 

encoding constructs, so that only green fluorescent cells were analysed for their purinosome 

content. As a result, HeLa cells transfected with only FGAMS-mCherry displayed an increased 

purinosome formation in hypoxia as previously observed. However, in cells co-transfected with 

G6PD siRNA, this hypoxic purinosome formation was prevented. In contrast, the negative control 

scramble G6PD siRNA did not prevent the hypoxic purinosome formation, suggesting a specific 

effect of the G6PD siRNA towards inhibiting purinosome formation. Altogether, this data suggests 

that hypoxic purinosome formation is prevented when one of the PPP enzyme, in this case G6PD, 

is not present, likely because of a decreased availability of de novo purine biosynthesis substrates 

provided by the PPP. This data is in line with previously observed results in HeLa cells treated with 

6-AN (Figure 57).       

 

Figure 58.  Relative purinosome formation in HeLa cells treated with G6PD siRNA and scramble 

G6PD siRNA. HeLa cells were transfected with FGAMS-mCherry alone, co-transfected 

with FGAMS-mCherry and psiRNA-G6PD or co-transfected with FGAMS-mCherry and 

psiRNA-G6PD-scramble. Cells were subsequently placed in normoxia and hypoxia (1% 

oxygen) for 24 h. G6PD siRNA prevented hypoxia-induced purinosome formation 

whereas its scramble counterpart did not have any effect. Data are means (n= 3) ± 

SEM. Significance was determined using unpaired Student t test, ** p < 0.01, **** p 
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< 0.0001. The number in brackets indicates the number of cells counted per 

condition. 

Inhibition of metabolic pathways that feed into the de novo purine biosynthesis, either by using 

small molecule inhibitors or siRNA, determined that the hypoxic purinosome formation requires 

the pathways upstream of the de novo purine biosynthesis to be functional. This data strongly 

suggests that the hypoxic purinosome formation relies on the availability of substrates and co-

factors provided by glycolysis and PPP and that the formation of the multi-enzyme complex is 

highly modulated and responsive to metabolic stimuli received by the cell.  

 Physical proximity between the purinosome and enzymes from functionally 

associated pathway 

Purinosome formation was found to be modulated by alterations of metabolic pathways linked to 

the de novo purine biosynthesis, thus linking the formation of the complex to the functionality of 

the de novo biosynthetic pathway. Although it seems clear that the purinosome complex requires 

the glycolysis and PPP to be functional in order to form, the nature of the link between the 

pathways requires further unravelling. 

The purinosome complex is referred to as a metabolon, a protein macro-complex comprised of 

enzymes that belong to the same pathway, in this case, the de novo biosynthesis of purines. 

However, the purinosome was not the first metabolon reported. Its discovery was inspired by 

other already existing metabolons from different metabolic pathways, with one of the most 

commonly studied being the glycolysis pathway. Over the years, macro-complexes containing 

enzymes of glycolysis have been reported in different organisms and mammalian cell types.217-219 

The first evidence of a human glycolytic metabolon was found in human erythrocytes where 

GAPDH, PFK, PK and LDH enzymes were co-clustering on the cell membrane.220 Following this, in 

2017, a glycolytic metabolon was characterised in human cancer cells, thus broadening the 

understanding of how cancer cells might use metabolons to regulate the metabolite flux in 

metabolic pathways.221 This metabolon, referred to as the glucosome, was found to be comprised 

of all rate-limiting glycolytic enzymes (i.e PFK liver isoform (PFKL), FBPase and PK). The co-

transfection of two constructs encoding for FGAMS fluorescently tagged with orange fluorescent 

protein (OFP) and PFKL-GFP, enabled the visualisation of the two metabolons, glucosome and 

purinosome, simultaneously in the cell cytoplasm. Interestingly, preliminary microscopy analysis 

in this study suggested that the two complexes were localised next to one another, thus 

suggesting a physical/functional relationship between the two entities and ultimately, between 
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the two pathways. In parallel, in vitro studies carried out using a microfluidic device showed that 

the first four enzymes of glycolysis assemble by substrate-driven chemotaxis.222  

In regard of these findings, and according to the high responsiveness of the hypoxic purinosome 

to metabolic alterations within glycolysis and the PPP, it was hypothesised that individual 

enzymes of glycolysis and the PPP might be colocalising with the purinosome complex. The 

colocalisation of enzymes belonging to pathways that feed into the de novo purine biosynthesis 

with the purinosome complex would reflect an efficient protein localisation aiming at facilitating 

and improving the metabolic flux from one pathway to another. The next section of this work will 

describe how the close proximity between the purinosome complex and enzymes from associated 

pathways was assessed in hypoxic cells.  

In order to probe the colocalisation of the purinosome complex with other proteins, a pull-down 

assay was carried out. The ultimate aim of this assay was to determine any localisation between 

proteins from other pathways and the purinosome, obtain a qualitative list of the proteins that 

were interacting with the purinosome in hypoxia in order to guide the next steps of this work into 

more specific assays such as fluorescent microscopy and PLA.   

As such, in this assay, FGAMS, which is known to interact with every other enzymes of the de novo 

pathway within the purinosome complex, was used as bait. It is to note that the commonly used 

name of this protein is FGAMS but it can also be referred to as PFAS, in line with the name of its 

encoding gene pfas. As such, as the next steps of this work involved searches in protein databases 

into which the protein is referred to PFAS instead of FGAMS, the protein will be referred to as 

PFAS in the next part of this work. 

To carry out the pull-down experiment, a construct encoding for PFAS fused to a tandem 

StrepTagII tag (PFAS-2xStrepTagII) was transfected into HeLa cells. Following 24 h of incubation, 

the cells were further incubated for 24 h in normoxia or hypoxia.  

As a first control, the presence and expression level of PFAS-2xStrepTagII was assessed in the 

lysates of HeLa cells in order to ensure that the protein was expressed equally in normoxia and 

hypoxia. As a result, PFAS-2xStrepTagII was detected by western immunoblotting using an anti-

StrepTagII antibody (Figure 59). Protein levels of PFAS-2xStrepTagII were found to be similar in 

normoxia and hypoxia, indicating that the protein is equally expressed in both conditions, 

regardless of the oxygen levels.  
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Figure 59.  Western immunoblotting to assess expression of PFAS-2xStrepTagII in HeLa cells 

maintained in normoxia and in hypoxia. Following transfection, HeLa cells were 

incubated in normoxia for 24 h and subsequently incubated for a further 24 h in 

normoxia and hypoxia (1% oxygen). Lysates were used to assess expression of PFAS-

2xStrepTagII using anti-StrepTagII antibody. The protein levels of PFAS-2xStrepTagII 

were found to be similar in normoxia and hypoxia. β-actin was used as an internal 

loading control.  

As PFAS-2xStrepTagII was found to be similarly expressed in both normoxia and hypoxia, the next 

level of control in the pull-down assay was to determine whether the quantity of PFAS-

2xStrepTagII isolated by pull-down in each condition was affected by oxygen levels. As such, the 

same transfection and incubation process with lysate samples was used for a subsequent pull-

down assay using streptavidin coated magnetic beads. Using western immunoblotting, PFAS-

2xStrepTagII was detected in both normoxic and hypoxic conditions with more protein detected in 

hypoxia (Figure 60a). Band intensities were measured and revealed a 3-fold increase in the 

protein levels of the bait in hypoxia compared to normoxia (Figure 60b).  

 

Figure 60. Expression of pulled down PFAS-2xStrepTagII assessed by western immunoblotting. 

Samples resulting from pull-down assay were taken for western immunoblotting 

analysis using anti-StrepTagII antibody to detect PFAS-2xStrepTagII. (a) The bait was 

detected in both normoxia and hypoxia (1% oxygen). (b) Band intensity 

measurements carried out on western blot in Figure 60a indicated a 3-fold increase 
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in protein levels in hypoxia compared to normoxia. The western blot was repeated at 

least twice to ensure the reproducibility of the results.  

Together, these two controls suggest that although the protein is being expressed similarly in 

HeLa cells maintained in normoxia and hypoxia, three times as much PFAS-2xStrepTagII protein is 

being pulled-down in hypoxia compared to normoxia. This data suggest that one PFAS protein 

clusters with more copy of PFAS, likely in a 3 to 1 ratio in hypoxia compared to normoxia, 

according to the band intensity measurements. This result is not unexpected as the purinosome is 

known to be a complex comprised of the six enzymes of the de novo biosynthetic pathway of 

purines where more than one copy of each protein that compose the cluster can be expected, 

although no report have established the stoichiometry within the complex yet.  

So far, the pull-down assay proved to be working as the bait, PFAS-2xStrepTagII was found to be 

properly caught. However, it was yet to be determined whether any prey proteins could be 

captured using this assay. As such, in order to carry out a broad screening of any potential prey 

being present in normoxic and hypoxic conditions, samples resulting from the pull-down assay 

were prepared as before (with the exception that the proteins were kept attached on the beads 

instead of being eluted). These were subsequently sent for mass spectrometry proteomics 

analysis to the Centre for Proteomic Research at the Institute for Life Sciences (IfLS) (University of 

Southampton).   

As a result of this proteomic analysis, 554 different proteins were detected in normoxia, and 710 

proteins in hypoxia. 92 proteins were found to be detected in normoxia only and 248 proteins 

were detected exclusively in hypoxia. In order to analyse this data, each protein was referred to as 

its Uniprot number and the lists of proteins were submitted to the online STRING database for 

analysis. The STRING database enables the creation of networks between proteins using reported 

data issued from experiments or computational predictions.   

The first analysis was carried out on the 92 proteins specific to normoxia. Amongst these 92 

proteins, 39 were found to be related to the cell cytoskeleton including 24 that were structural 

proteins involved in intermediate filaments (e.g keratin). These 39 proteins can presumably be 

accounted for as non-specific proteins as no previous data suggested an interaction between 

PFAS and intermediate filaments. In addition to these, 20 proteins were found to be individual 

nodes, indicating that they do not have any previously reported interactions with any other 

proteins present within the same list. Finally, the overall view of the network highlighted that only 

one sub-network was present when looking at these 92 proteins (composed of the above-

mentioned cytoskeleton-related proteins), indicating that the proteins exclusive to normoxia do 
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not have any special interactions between one another and likely result from non-specific 

interactions with PFAS or the strep-tag.   

Following this, the list of 248 proteins exclusive to hypoxia was submitted to the STRING database 

and analysed. A sub-network containing 64 proteins was found. All of these proteins were part of 

the same network as they were purine nucleotide-binding proteins, with most of them (45 out of 

64) being GTP-binding proteins such as small GTPases and G-alpha protein subunits from the Ras 

family. The presence of that many purine nucleotide-binding proteins was unexpected but rather 

interesting, although no definite explanation for this is known. This can hypothetically be 

explained by the fact that they would perhaps be located close to the purine production site 

within the cell cytoplasm in order to bind to their corresponding nucleotide faster than if they 

were randomly distributed throughout the cell. However, this phenomenon, which could happen 

to be a random coincidence, would need further investigation to determine whether the presence 

of purine nucleotide-binding proteins in close proximity to PFAS was an actual hypoxia-specific 

phenomenon, or simply a random non-specific event caused by the high number of proteins 

caught in the hypoxic pull-down samples (i.e 710 proteins in total).    

The main aim of this proteomics analysis was to determine whether any interaction between 

PFAS and proteins from associated pathway was enhanced or exclusive to hypoxic conditions, 

known to be favourable for purinosome formation. As such, the analysis was then orientated 

towards proteins belonging to the cell metabolism. The entire list of proteins present in hypoxia 

(710 proteins) as well as the list of protein present in normoxia (554 proteins) were submitted to 

the string database and analysed for the presence of proteins belonging to pathways related to 

the purine metabolism. 

As such, proteins belonging to the purine biosynthesis, the pentose phosphate pathway (PPP), the 

glycolysis pathway and the one-carbon metabolism were detected. In addition, members of the 

HSP family, previously reported to be involved in the hypoxic purinosome formation, were 

detected and studied. Overall, 28 pulled down prey proteins belonging to these pathways or 

families were detected and are presented as a network in Figure 61. All these proteins were 

detected in hypoxia including 11 that were only detected in these low-oxygen conditions and not 

pulled down in normoxia. As a result, when using PFAS as bait, 4 proteins of the purine 

biosynthesis (including PFAS) (green box), 14 proteins from glycolysis (red box), 4 proteins from 

the PPP (blue box), 3 proteins from the one-carbon metabolism (yellow box) and 3 proteins from 

the HSP family (grey box) were pulled down in hypoxia using PFAS as bait. It should be noted that 

more members of the HSP family were detected in the proteomics analysis but only Hsp90 
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(HSP90AA1), Hsp70-1 (HSPA1A) and Hsp70-2 (HSPA2) were considered due to their previously 

demonstrated involvement in the hypoxic purinosome formation. 

 

Figure 61.  STRING network of proteins pulled down in hypoxic HeLa cells using PFAS as bait. 

PFAS (central green node in green box) was used as bait and enabled the pull-down 

of 3 other purine biosynthesis related proteins (green box). Proteins from the PPP 

(blue box), glycolysis (red box), the one-carbon metabolism (yellow box) and three 

members of the HSP family (grey box) were detected in hypoxia. Each protein is 

presented as a node labelled with the name of the protein of interest.  

From this broad proteomics screening, it was determined that the pull-down assay using PFAS as 

bait enabled the isolation and detection of prey proteins, including proteins from pathways linked 

to the de novo purine biosynthesis.  

In addition to listing the proteins detected in a given pull-down sample, the proteomics analysis 

also provided quantitative data and enabled the quantification of each detected protein in each 

sample. As such, the quantity of each protein, reported in nanograms, was used to determine the 

change in protein levels between normoxia and hypoxia. For each protein, the quantity of protein 

detected in the hypoxic sample was normalised to that of the normoxic sample and fold-changes 

were calculated for the 28 proteins studied. These proteins were then classified by pathway or 

family as presented in Figure 61, and their fold-changes presented in heat-maps that will be 

further discussed.   
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2.3.2.1 Further assessing purinosome formation in hypoxia and the involvement of Hsp 

proteins. 

The first pathway of interest is the purine biosynthesis pathway. PFAS was found to be three 

times as abundant in hypoxia as in normoxia (Figure 62), consistent with the previously observed 

western immunoblotting analysis (Figure 60), thus reinforcing the hypothesis that PFAS clusters 

with itself in hypoxia. As previously suggested following the analysis on the pull-down sample 

(Figure 60), this 3-fold increase in PFAS levels in hypoxia might reflect the stoichiometry of this 

protein within the complex as the detected protein here is the total level of PFAS protein, both 

endogenous and StrepTagII-tagged.  

In addition, proteins of the purinosome complex, ATIC and PAICS were pulled-down exclusively in 

hypoxia (Figure 62), suggesting a strong interaction between the bait, PFAS, and these two 

proteins. No interaction between PFAS and these two proteins was observed in normoxia. This is 

in line with the previous results suggesting that the purinosome formation is substantially 

enhanced in hypoxia. Although it can seem surprising to only pull down two out of the five 

remaining purinosome enzymes in hypoxia, these results are in line with previous reports into 

which the same experiment was carried out in purine-depleted conditions and enabled the 

detection of ATIC and PAICS only when PFAS was used as bait.179   

Interestingly, the salvage enzyme that convers adenine into AMP, namely adenine phosphoribosyl 

transferase (APRT), was also found to be pulled down in hypoxia and to be absent in normoxia 

using PFAS as bait. This result was unexpected but could suggest that, although the purinosome 

complex forms in hypoxia (suggesting an upregulation of the de novo purine biosynthesis)169, the 

salvage pathway may still be efficient in these conditions, and so the enzymes that compose this 

pathway may be in close proximity to the purinosome. Assessing the close proximity between the 

salvage enzymes and the purinosome complex would require further investigation.  
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Figure 62.  Heat-map presenting the levels of proteins belonging to the purine metabolism, 

determined from proteomics analysis carried out in normoxia and hypoxia from a 

pull-down assay. Fold-changes were calculated by normalising the amount of protein 

in nanograms in hypoxic conditions to that measured in normoxic conditions. Red 

box indicates that the protein of interest is absent in this condition. Dark green box 

indicates that the protein is present only in this condition. Fold-changes are indicated 

in their corresponding box, coloured according to the fold-change base colour 

gradient.    

In order to determine whether the results observed in the proteomics analysis were reliable, the 

pull-down experiment was repeated as before and the samples were analysed by western 

immunoblotting instead of mass spectrometry. The presence of some of the prey proteins 

determined in the pull-down list was assessed. As such, immunoblotting against PAICS and ATIC 

was carried out. Although ATIC was not detectable, likely due to the detection limit of western 

immunoblotting, PAICS was however detected in both normoxia and hypoxia (Figure 63). In line 

with the observation made from the proteomics results (Figure 62), PAICS was found to be more 

present in the hypoxia sample than in normoxia, thus supporting the results previously obtained 

by proteomics.  

 

Figure 63.  Expression of pulled down PAICS using PFAS-2xStrepTagII as bait assessed by 

western immunoblotting. Samples resulting from pull-down assay were taken for 

western immunoblotting analysis using anti-PAICS antibody. The prey was detected 

more in hypoxia (1% oxygen) than in normoxia.  
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Following this finding, it could be of interest in the context of future experiments, to carry out a 

similar western immunoblotting analysis on the three remaining purinosome enzymes PPAT, 

GART and ADSL despite these not being detected in the list of pulled down proteins in hypoxia. 

As Hsp70-1, Hsp70-2 and Hsp90 were previously shown to interact with the hypoxic purinosome 

complex, the presence of these three chaperones was assessed in the pulled down samples. All 

three proteins were detected in the hypoxic samples, where Hsp90 and Hsp70-1 displayed a 2.9 

and 2.3-fold increase in hypoxia, respectively, compared to normoxic conditions (Figure 64). In 

addition, Hsp70-2 could not be detected in normoxia and was only present in hypoxia, suggesting 

that the interaction between PFAS and Hsp70-2 is specific to hypoxia (Figure 64). This result is in 

line with previously observed data collected from the PLA analysis between ADSL and Hsp70-2 

where normoxic cells did not contain any PLA signals compared to hypoxic cells that displayed a 

high number of PLA signals (Figure 44). Together, this data suggests that the interaction between 

the purinosome and Hsp70-2 is substantially enhanced in hypoxia and potentially even specific to 

these low oxygen environments. Further experiments would be required to further assess this. In 

the same way, the enhanced interaction between Hsp90 or Hsp70-1 with PFAS (Figure 64) is in 

line with the results previously observed by PLA where a stronger PLA signal was observed in 

hypoxic conditions compared to normoxia for both the PFAS/Hsp90 (Figure 46) and ADSL/Hsp70-1 

(Figure 45) interactions.   

 

Figure 64.  Heat-map presenting the levels of proteins belonging to the HSP family, 

determined from proteomics analysis carried out in normoxia and hypoxia from a 

pull-down assay. Fold-changes were calculated by normalising the amount of protein 

in nanograms in hypoxic conditions to that measured in normoxic conditions. Red 

box indicates that the protein of interest is absent in this condition. Dark green box 

indicates that the protein is present only in this condition. Fold-changes are indicated 

in their corresponding box, coloured according to the fold-change base colour 

gradient.      

The data resulting from the pull-down assay provided further evidence of an enhanced 

purinosome formation in hypoxia, as suggested by the presence of purinosome proteins (ATIC and 

PAICS). The presence of the three members of the Hsp family that were previously found to be 
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required and present within the hypoxic purinosome complex was also observed and found to be 

enhanced or exclusive to hypoxic conditions, in line with the previously observed data (section 

2.2.1).  

2.3.2.2 Assessing the close proximity between purinosome enzymes and proteins from 

glycolysis 

The second pathway of interest in this proteomics analysis is glycolysis. Fourteen proteins 

belonging to this pathway were detected in hypoxia, with four of them being undetectable in 

normoxic conditions and one of them being less present in hypoxia (Figure 65). As such, analysis 

of the glycolytic proteins pulled down in normoxia and hypoxia suggests that glycolytic enzymes 

displayed an enhanced interaction with PFAS in hypoxic conditions as 13 out of 14 displayed an 

increased fold-change in hypoxia. This strengthens the hypothesis of an enhanced close proximity 

between the purinosome and glycolytic enzymes in low oxygen environments.              

The proteins that were more present in hypoxia displayed a 2.0 to 4.5-fold increase compared to 

normoxic conditions. In addition, four proteins were found to be exclusively detected in hypoxic 

conditions : aldolase B (ALDOB), lactate dehydrogenase A-like isoform 6B (LDHAL6B), 

phosphoglycerate mutase isoform 4 (PGAM4) and phosphofructokinase platelet isoform (PFKP). 

Interestingly, it was the platelet isoform of PFK that was detected in the hypoxic samples. The 

liver isoform of this enzyme (PFKL) has been reported to form “glycolytic bodies” under hypoxic 

stress in HepG2 cells, and to form the glucosome complex in cells transfected with a PFKL-GFP 

construct. 222,221 Although both isoforms have been reported to be upregulated in hypoxia, only 

PFKL has so far been described to form glycolytic complexes.224 This data suggests that, in this 

pull-down, PFKP seems to preferentially interact with the purinosome in hypoxic conditions, 

although this hypothesis requires further investigation. 
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Figure 65.  Heat-map presenting the levels of proteins belonging to the glycolysis pathway, 

determined from proteomics analysis carried out in normoxia and hypoxia from a 

pull-down assay. Fold-changes were calculated by normalising the amount of protein 

in nanograms in hypoxic conditions to that measured in normoxic conditions. Red 

box indicates that the protein of interest is absent in this condition. Dark green box 

indicates that the protein is present only in this condition. Fold-changes are indicated 

in their corresponding box, coloured according to the fold-change base colour 

gradient. Glycolytic enzymes are listed from top to bottom in their order of 

occurrence within the pathway.        

Following this wide proteomics screening, the colocalisation of different proteins was assessed 

using PLA in order to verify the data obtained from the proteomics analysis. This was used to 

determine whether the interactions observed in the proteomics analysis were reflecting actual 

protein interactions within the cells 

As observed in the proteomics analysis, although PFKL is the isoform of PFK reported to form 

glycolytic complexes, it was determined that the platelet isoform (PFKP) was present exclusively in 

the hypoxic sample, thus suggesting a strong interaction with the bait (Figure 65). As such, the 
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colocalisation between PFAS and PFKP was assessed by PLA, both in normoxic and hypoxic cells. 

Although the two proteins seem to interact in normoxia as shown by the presence of PLA signals 

(Figure 66a), a substantially higher number of PLA signals can be observed in hypoxic cells (Figure 

66b). This result is consistent with the data obtained from the proteomics analysis and suggests 

an enhanced interaction between PFAS and PFKP in hypoxic cells. It should be noted that although 

PFKP was not detected in the normoxic pull-down sample by proteomics analysis, some PLA 

signals are still detected in normoxic cells when looking at this protein-protein interaction, which 

might suggest that the quantity of PFKP pulled down in normoxia was below the detection limit of 

the mass spectrometry equipment.  

 

Figure 66.  Proximity ligation assay between PFAS and PFKP. (a) HeLa cells cultured in normoxia 

for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. A small number of 

signals was detected in normoxia while a higher number of signals was detected in 

hypoxia suggesting a high colocalisation of the two proteins in hypoxia. The PLA 

signals appear as red dots. Cells were stained with DAPI. Scale bar represents 25 µm. 

As PFKP was found to highly interact with PFAS in hypoxic cells, the interaction between PFAS and 

the PFKL isoform was next assessed in order to determine whether the interaction between PFK 

and the purinosome was isoform specific. Both normoxic and hypoxic cells displayed some PLA 

signals (Figure 67a and 67b, respectively) but no difference in the number of signals was 

observed. The number of signals was comparable to the normoxic interaction between PFAS and 

PFKP (Figure 66a), thus indicating little interaction between PFAS and PFKL. This data suggests 

that although PFKL was found to slightly interact with PFAS, this interaction is not enhanced in a 

low oxygen environment. 
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Figure 67.  Proximity ligation assay between PFAS and PKFL. (a) HeLa cells cultured in normoxia 

for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. A small number of 

signals was detected in normoxia with a similar number of signals observed in 

hypoxia suggesting that the colocalisation between the two proteins is not enhanced 

in hypoxia. The PLA signals appear as red dots. Cells were stained with DAPI. Scale 

bar represents 25 µm. 

The PLA data obtained from the PFAS-PFKP and PFAS-PFKL interactions confirmed what was 

previously observed in the proteomics analysis (Figure 65). Together, this data suggests that the 

observed increase in interaction between PFAS and PFKP in hypoxia (Figure 65 and Figure 66) is 

specific to the platelet isoform of PFK and not applicable to the liver isoform. It can thus be 

hypothesised that the 13 glycolytic proteins that displayed an enhanced interaction with PFAS in 

hypoxia by proteomics (Figure 65) are also in close proximity with PFAS, and to some extent with 

the purinosome complex, in these conditions. 

Overall, 14 glycolytic enzymes were found in the list of proteins pulled down in hypoxia. The PLA 

assay confirmed that PFAS was preferentially interacting with PFKP and not PFKL and that this 

interaction was enhanced in hypoxia.  

2.3.2.3 Assessing the close proximity between purinosome enzymes and proteins from the 

pentose phosphate pathway (PPP) 

Following the analysis of the glycolysis pathway, proteins from the pentose phosphate pathway 

(PPP) were analysed in the pull-down samples. Four proteins belonging to this pathway were 

detected with one of them, phosphogluconate dehydrogenase (PGD), being absent in normoxia 

(Figure 68). A small decrease in fold-change was observed in hypoxia for the transaldolase 

(TALDO) enzyme (0.9-fold change in hypoxia compared to normoxia). The two remaining 
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enzymes, glucose-6-phosphate dehydrogenase (G6PD) and transketolase (TKT), were both found 

to increase in hypoxia at a 2.3 and 3.4-fold change, respectively. Together, this data suggests that 

enzymes of the PPP are preferentially pulled down in hypoxia compared to normoxia, thus 

indicating an enhanced interaction between PFAS and proteins from the PPP in these conditions.   

 

Figure 68.  Heat-map presenting the levels of proteins belonging to the PPP, determined from 

proteomics analysis carried out in normoxia and hypoxia from a pull-down assay. 

Fold-changes were calculated by normalising the amount of protein in nanograms in 

hypoxic conditions to that measured in normoxic conditions. Red box indicates that 

the protein of interest is absent in this condition. Dark green box indicates that the 

protein is present only in this condition. Fold-changes are indicated in their 

corresponding box, coloured according to the fold-change base colour gradient. PPP 

enzymes are listed from top to bottom in their order of occurrence within the 

pathway.            

To further assess the reliability of this proteomics data, the pull-down experiment was repeated 

as before and the presence of one of the prey proteins from the PPP found within the list 

generated from the proteomics analysis was assessed by western immunoblotting. As such, the 

samples resulting from the pull-down were used to probe for the presence of G6PD, both in 

normoxic and hypoxic conditions. In line with the results obtained from the mass spectrometry 

proteomics (Figure 68), G6PD was found to be significantly more present in the hypoxia sample 

compared to  the normoxic one (Figure 69).   

 

Figure 69. Expression of pulled down G6PD using PFAS-2xStrepTagII as bait assessed by 

western immunoblotting. Samples resulting from the pull-down assay were taken for 

western immunoblotting analysis using anti-G6PD antibody. The prey was detected 

more in hypoxia (1% oxygen) than in normoxia. 
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Following this, the close proximity between purinosome proteins and proteins from the PPP was 

assessed by PLA. According to the pull-down assay data, PGD was found exclusively in hypoxia and 

the levels of G6PD were found to be increased by 2.3 fold in hypoxia (Figure 68). This result was 

particularly interesting as inhibition of these two proteins using a small molecule inhibitor (6-

aminonicotinamide) or siRNA was previously shown to prevent the hypoxic purinosome formation 

(Figure 57 and Figure 58). As such, in order to confirm the enhanced interaction between the 

purinosome and G6PD found by pull-down assay in hypoxia, the close proximity between G6PD 

and GART, a core enzyme of the purinosome, was assessed. Normoxic cells did not display PLA 

signals (Figure 70a), however, many PLA signals were observed in hypoxia (Figure 70b). This result 

is in line with the previously observed pull-down data suggesting an enhanced interaction 

between the purinosome and G6PD in hypoxia.  

 

Figure 70.  Proximity ligation assay between GART and G6PD. (a) HeLa cells cultured in 

normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. A small 

number of signals was detected in normoxia while a larger number of signals was 

detected in hypoxia suggesting an enhanced colocalisation of the two proteins in 

hypoxia. The PLA signals appear as red dots. Cells were stained with DAPI. Scale bar 

represents 25 µm. 

In addition, to further probe the results obtained from the pull-down analysis, the colocalisation 

between GART and PGD, another protein from the PPP, was assessed. Very few PLA signals were 

observed in normoxic cells (Figure 71a). In contrast, a high number of PLA signals was observed in 

hypoxia, suggesting an increased colocalisation between GART and PGD in hypoxic conditions 

(Figure 71b). This result supports the data previously obtained from the pull-down assay where 

PGD was only caught in hypoxic conditions.   
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Together, this data suggests that proteins from the PPP (i.e G6PD and PGD) display enhanced 

interactions with proteins from the purinosome in hypoxia.  

 

Figure 71.  Proximity ligation assay between GART and PGD. (a) HeLa cells cultured in normoxia 

for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. A small number of 

signals was detected in normoxia while a higher number of signals was detected in 

hypoxia suggesting a high colocalisation of the two proteins in hypoxia. The PLA 

signals appear as red dots. Cells were stained with DAPI. Scale bar represents 25 µm.  

It is interesting to note that proteins from both glycolysis and the PPP have been pulled down in 

hypoxia using a protein from the purinosome as bait. In addition to these proteins, there are more 

enzymes required in the synthesis of substrates and co-factors used in the de novo purine 

biosynthesis that did not get caught in the pull-down experiment. One of them is the enzyme 

enabling the synthesis of the first substrate of the de novo and salvage purine biosynthesis, 

namely phosphoribosyl pyrophosphate (PRPP). PRPP is synthesised from ribose-5-phosphate, the 

final product of the PPP, by PRPP synthase, also known as PRPS1 (Figure 72). This enzyme does 

not belong to either the PPP or the purine biosynthesis pathway but links the two pathways and is 

indispensable for purine biosynthesis to function. 

 

Figure 72.  Synthetic pathway of PRPP. Phosphoribosyl pyrophosphate (PRPP) is synthesised by 

conversion of ribose-5-phosphate issued from the pentose phosphate pathway (PPP) 

by PRPP synthase (PRPS1). PRPP is then used as substrate into purine biosynthesis 

(both salvage and de novo). 



Chapter 2 

107 

As such, the close proximity between PRPS1 and the purinosome was next assessed using PLA 

between PRPS1 and GART, a core enzyme of the purinosome complex. When cells were 

maintained either in normoxia (Figure 73a) or in hypoxia (Figure 73b), a small number of PLA 

signals was observed with no obvious difference in their number between the two conditions, 

suggesting a weak colocalisation between the two proteins of interest independently of the 

oxygen levels.  

 

Figure 73.  Proximity ligation assay between GART and PRPS1. (a) HeLa cells cultured in 

normoxia for 24 h. (b) HeLa cells cultured in hypoxia for 24 h. A small number of 

signals was detected in normoxia with a similar number of signals observed in 

hypoxia suggesting that the colocalisation between the two proteins is not enhanced 

in hypoxia. The PLA signals appear as red dots. Cells were stained with DAPI. Scale 

bar represents 25 µm. 

Although PRPS1 did not display an enhanced colocalisation with GART in hypoxia compared to 

normoxia, the close proximity of PRPS1 with proteins of the purinosome was further assessed by 

probing the colocalisation of PRPS1 and PPAT by PLA. PPAT is the first enzyme of the de novo 

purine biosynthesis and catalyses the conversion of PRPP into phosphoribosyl amine (PRA). As 

PPAT uses the product of PRPS1 as substrate, it could be hypothesised that the two enzymes are 

in close proximity when channelling the metabolite from one enzyme to another. As such, when 

analysing the colocalisation between PPAT and PRPS1, normoxic cells were found to display a 

small number of PLA signals suggesting some colocalisation between the two proteins in these 

conditions (Figure 74a). However, a subsequent increase in the number of PLA signals was 

observed in hypoxia, suggesting an enhanced colocalisation between the two proteins of interest 

in this condition (Figure 74b). 
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Similarly to proteins from glycolysis and the PPP, PRPS1 was found to display an enhanced 

colocalisation with proteins from the purinosome, although only its colocalisation with PPAT was 

enhanced. As PPAT is the first enzyme of the de novo purine biosynthesis, it can be thought that 

its colocalisation with PRPS1 occurs independently of the purinosome complex and that PPAT is in 

close proximity with PRPS1 prior to joining the purinosome.   

 

Figure 74.  Proximity ligation assay between PPAT and PRPS1. (a) HeLa cells cultured in 

normoxia for 24 h. (b) HeLa cells cultured in hypoxia for 24 h. A small number of 

signals was detected in normoxia while a higher number of signals was detected in 

hypoxia suggesting an increased colocalisation of the two proteins in hypoxia. The 

PLA signals appear as red dots. Cells were stained with DAPI. Scale bar represents 25 

µm.      

To summarise, enzymes from the PPP were found to preferentially or exclusively interact with 

PFAS in hypoxia. This has been further assessed and confirmed using PLA where two enzymes of 

the pathway, G6PD and PGD, showed an increased colocalisation with the core purinosome 

enzyme GART in hypoxia. In addition, PRPS1, the enzyme that links the PPP to the purine 

biosynthesis by ensuring the synthesis of PRPP was also shown to display an enhanced co-

localisation with the first enzyme of the de novo purine biosynthesis, PPAT. However, no increase 

in the colocalisation between PRPS1 and GART was observed in hypoxia. This last result suggests 

that the hypoxia-induced increase in colocalisation between PPAT and PRPS1 might occur 

independently of the purinosome complex or that PRPS1 is in close proximity with the 

purinosome complex but the organisation of the complex itself places the two proteins far away 

from each other, thus preventing the appearance of a PLA signal. The summary of the interactions 

determined by PLA are summarised in Table 1   
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Table 1.  Summary of protein-protein interactions detected by PLA between purinosome 

proteins and proteins from associated pathways. Green boxes indicate that the 

interaction was enhanced in hypoxia (1% oxygen, 24 h) compared to normoxia (21% 

oxygen, 24 h). Red boxes indicate that the interaction between the two proteins was 

similar in hypoxia and in normoxia (no increase). N/A indicates that the given 

interaction was not assessed by PLA.    

Purinosome proteins  
Associated  
proteins 

PFAS GART PPAT 

PFKP  N/A N/A 

PFKL  N/A N/A 

G6PD N/A  N/A 

PGD N/A  N/A 

PRPS1 N/A   

 

2.3.2.4 Assessing the close proximity between purinosome enzymes and proteins from the 

one-carbon metabolism (OCM) 

Another pathway that was found to be of interest when studying the de novo synthesis of purines 

is the one-carbon metabolism (OCM). Comprised of the de novo synthesis of serine as well as the 

folate cycle, the OCM is a major source of co-factors required for the de novo purine biosynthesis, 

as previously described in section 1.1.4. As such, the presence of enzymes from the OCM was 

investigated in the list of proteins pulled down by PFAS in hypoxia, and three enzymes of the OCM 

were detected in the hypoxic pull-down samples (Figure 75). The first OCM protein detected was 

phosphoglycerate dehydrogenase (PHGDH) which constitutes the first enzyme of the de novo 

serine biosynthesis and uses 3-phosphoglycerate, a glycolytic intermediate, as substrate (as 

previously described in section 1.1.4). PHGDH was detected in both normoxia and hypoxia but 

displayed a 3.6 fold increase in hypoxia, suggesting an enhanced interaction with PFAS in these 

conditions. In addition, two enzymes from the folate cycle, serine hydroxymethyltransferase 

isoform 2 (SHMT2, mitochondrial isoform of SHMT) and methylenetetrahydrofolate 

dehydrogenase 1 (MTHFD1, cytoplasmic isoform of MTHFD) were detected exclusively in hypoxic 

conditions. It is interesting that both cytosolic and mitochondrial proteins from the folate cycle 

were detected, as it correlates with previous reports suggesting that the purinosome colocalises 

with the mitochondria.186, 187 It can be thought that this proximity between the purinosome 

complex and the mitochondria is also a feature of the hypoxia-induced purinosome and that this 
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facilitates the exchange of co-factors (e.g 10-f-THF) between the mitochondria and the 

purinosome in order to feed into the de novo purine biosynthesis.  

 

Figure 75.  Heat-map presenting the levels of proteins belonging to the one-carbon 

metabolism, determined from proteomics analysis carried out in normoxia and 

hypoxia from a pull-down assay. Fold-changes were calculated by normalising the 

amount of protein in nanograms in hypoxic conditions to that measured in normoxic 

conditions. Red box indicates that the protein of interest is absent in this condition. 

Dark green box indicates that the protein is present only in this condition. Fold-

changes are indicated in their corresponding box, coloured according to the fold-

change based colour gradient.       

In order to further confirm the enhanced proximity between PFAS and enzymes from the OCM in 

hypoxia, the colocalisation between PFAS and MTHFD1 was assessed by PLA. Some PLA signals 

were detected in normoxic conditions (Figure 76a) suggesting that the two enzymes tend to 

colocalise a little in this condition. However, when the cells were cultured in hypoxia, the number 

of PLA signals substantially increased indicating an enhanced colocalisation between these two 

proteins in low oxygen environments, thus confirming the observation made in the proteomics 

results (Figure 76b).  
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Figure 76.  Proximity ligation assay between PFAS and MTHFD1. (a) HeLa cells cultured in 

normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. A small 

number of signals was detected in normoxia while a higher number of signals was 

detected in hypoxia suggesting an increased colocalisation of the two proteins in 

hypoxia. The PLA signals appear as red dots. Cells were stained with DAPI. Scale bar 

represents 25 µm. 

Altogether, this data suggests an enhanced interaction between proteins from the one-carbon 

metabolism and PFAS in hypoxic conditions. It can be hypothesised that this close proximity 

enables a facilitated transport of metabolites between the one-carbon metabolism and the de 

novo purine biosynthesis.  

Overall the proteomics analysis revealed an interaction between PFAS and other proteins of the 

purinosome only in hypoxic conditions, thus strengthening the previously observed results 

suggesting an enhanced purinosome formation in hypoxia compared to normoxia. In addition, 

many proteins from related pathways (i.e glycolysis, PPP, one-carbon metabolism) were found to 

interact with PFAS preferentially, and in some cases exclusively, in hypoxia, thus suggesting a 

close proximity between these proteins and the purinosome complex in low oxygen conditions. 

The presence of proteins belonging to pathways that feed into the de novo pathway strengthens 

the hypothesis that proteins cluster or get in close proximity in order to render the metabolite 

flux more efficiently between pathways.  

Such a broad screening provided an insight into the nature of the proteins that would be in close 

proximity with the hypoxic purinosome, but this analysis on its own is rather preliminary and 

requires further investigation. Although the proteomics analysis provided much information 

regarding potential protein-protein interactions, the data presented in this analysis were issued 

from one replicate (one normoxic and one hypoxic sample). Despite many attempts, the observed 
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results could not be repeated, although western immunoblotting analysis on PFAS-2xStrepTagII in 

pull-down samples, as previously presented in Figure 60, still enabled the detection of the bait. As 

such, although the assay was still efficient, the proteomic analysis did not enable the generation 

of a list of prey proteins.  

 Assessing the colocalisation of the purinosome with mitochondria 

In 2016, the purinosome complexes were first reported to spatially colocalise with the 

mitochondrial network in purine-depleted conditions.187 The association between these two 

entities was determined using a fluorescently tagged FGAMS-mEos2 and an immunofluorescence 

targeting a mitochondrial protein, TOM20. This colocalisation was found to be mTOR-mediated 

thus suggesting the presence of a functional link between the mitochondria and the nucleotide 

metabolism. 

As two OCM enzymes were detected in the hypoxic pull-down sample with one being 

mitochondrial (i.e SHMT2), it was then hypothesised that the hypoxic purinosome might also 

colocalise with the mitochondria. 

In order to assess this, the close proximity between a purinosome enzyme, PFAS, and TOM20, a 

protein located on the outer mitochondrial membrane which points into the cytoplasm, was 

probed using a PLA assay. HeLa cells were cultured in normoxia and hypoxia in normal purine 

conditions, as well as in normoxia in purine-depleted conditions, the latter being used as positive 

control. Few PLA signals were detected in normoxia suggesting a very low level of colocalisation 

between the two proteins of interest in this condition (Figure 77a). However, when cells were 

cultured in hypoxic conditions, the number of PLA signals substantially increased indicating an 

enhanced colocalisation of PFAS and TOM20 in low oxygen environments (Figure 77b). Cells in 

purine-depleted conditions also displayed a high number of PLA signals (Figure 77c), in line with 

previous reports indicating the colocalisation of PFAS-mEos2 and TOM20.187 The number of PLA 

signals detected in hypoxia was similar to that observed in purine-depleted conditions, thus 

indicating that the close proximity between PFAS and the mitochondria occurs in a very similar 

manner in hypoxia compared to previously reported purine depleted conditions.  
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Figure 77.  Proximity Ligation Assay between PFAS and TOM20. (a) HeLa cells cultured in 

normoxia for 24 h. (b) HeLa cells cultured in hypoxia (1% oxygen) for 24 h. (c) HeLa 

cells cultured in normoxia in purine-depleted conditions for 24 h. A small number of 

signals was detected in normoxia while a higher number of signals was detected in 

hypoxia and normoxia purine-depleted, suggesting a high colocalisation of the two 

proteins in these two last conditions. The PLA signals appear as red dots. Cells were 

stained with DAPI. Scale bar represents 25 µm.      

To further analyse the close proximity between the hypoxic purinosome and the mitochondria, 

additional microscopy analyses were carried out. As such, HeLa cells were transfected with a 

construct encoding FGAMS-GFP and were subsequently incubated in hypoxia for 24 h. The 

mitochondria was then stained using a MitoTracker Deep Red dye. Following fixing, the cells were 

observed on a confocal microscope. Both the mitochondrial network (Figure 78a) and the 

purinosomes (Figure 78b) were detected.  
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In order to obtain high resolution imaging, the cells were imaged in a different way to traditional 

confocal microscopy, referred to as Super-Resolution Radial Fluctuations (SRRF). This imaging 

technique is based on confocal imaging but involves the processing of the pictures in an ImageJ 

plugin called NanoJSRRF that enables the reduction of the fluorescent background in order to 

achieve a higher resolution image, currently down to approximately 150 nm for GFP.226 

As the background reduction is based on the emission fluctuations of the fluorophore, 100 image 

frames need to be acquired in the shortest possible time so as to then be processed via the 

above-mentioned plugin, resulting in the pictures presented in Figure 78. Overlay of the SRRF-

processed red channel (Figure 78a) and green channel (Figure 78b) provided a merged picture 

showing the cellular localisation of the mitochondria and the purinosome complexes 

simultaneously (Figure 78c). The small region of interest (ROI) within the cell displayed in Figure 

78c was zoomed in (8.3-fold compared to original picture) and is presented in Figure 78d. In this 

ROI, the red fluorescence of the mitochondria can nicely be seen in extremely close proximity to 

the green fluorescence, strengthening the hypothesis that the hypoxic purinosomes, like their 

purine-depleted counterparts, localise near the mitochondria.  

To strengthen this observation, a Pearson’s colocalisation coefficient was calculated to determine 

the degree of colocalisation between the two fluorophores, Mitotracker Deep Red and GFP. 

Following 200 Coste’s iterations, the colocalisation coefficient was found to be of 0.525,  

indicating that the cellular localisation of each fluorophore is not random and that FGAMS-GFP 

and Mitotracker Deep Red display a significant colocalisation in hypoxic cells. This reinforces the 

observations made in Figure 78 that purinosomes colocalise with the mitochondria in hypoxia.    
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Figure 78.  High resolution imaging of purinosomes and mitochondria in hypoxic HeLa cells. 

Hypoxic HeLa cells (1% oxygen) transfected with FGAMS-GFP and stained for their 

mitochondria using MitoTracker Deep Red were imaged using confocal imaging 

coupled to SRRF. (a) Mitochondria was observed using MitoTracker Deep Red. (b) 

Cells were transfected with FGAMS-GFP and incubated in hypoxia, leading to 

purinosome formation. (c) Merge of (a) and (b). (d) Zoom on ROI represented as a 

white square in (c), 8.3-fold zoom factor. Purinosomes (green) were localised near 

mitochondria filaments (red). Scale bar represents 25 µm.       

Taken together, the data obtained from the pull-down analysis and the microscopy experiments 

strongly suggest that the purinosome protein PFAS (FGAMS), and to a larger extent the 

purinosome complex, colocalises with the mitochondria in hypoxic conditions. The summary of 

the different results suggesting this close proximity are presented in Figure 79.   
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Figure 79.  Scheme summarising the interactions between PFAS and the mitochondria-related 

proteins. The purinosome enzyme PFAS (in red) was found to colocalise with TOM20 

(in blue) using a PLA experiment. In addition, pull-down analysis showed that in 

hypoxia PFAS interacted with cytosolic and mitochondrial enzymes of the one-carbon 

metabolism MTHFD1 and SHMT2, respectively (in green), with the increased PFAS-

MTHFD1 interaction in hypoxia further supported by PLA data.  

In addition to its close proximity with the mitochondrial protein TOM20 (Figure 79, blue protein), 

PFAS (Figure 79, red protein) was found to interact with SHMT2 and MTHFD1 by pull-down 

analysis in hypoxia (Figure 79, green proteins), results later strengthened by the increased 

number of PLA signals between PFAS and MTHFD1 in hypoxia compared to normoxic conditions.  

It is of high interest to observe metabolic enzymes such as MTHFD1 and SHMT2 being pulled 

down using purinosome enzymes in hypoxia, as this could indicate that the observed close 

proximity between purinosomes and mitochondria reveals a metabolic link between the two 

entities, as previously suggested for the purinosome/mitochondria association in purine-depleted 

conditions.187 MTHFD1 and SHMT2 are part of a metabolism called the one-carbon metabolism 

(OCM), and more specifically the folate cycle, which plays a major role in providing co-factors for 

multiple pathways such as the de novo purine biosynthesis, methionine synthesis and dTMP 

synthesis.   

Although the data presented in this section strongly suggested the presence of potential 

interactions between the de novo purine biosynthesis and other metabolic pathways (glycolysis, 
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PPP, OCM), the nature of the functional link between purinosomes and enzymes from associated 

metabolic pathways (both cytosolic and mitochondrial) is yet to be determined.  

As such, the next and last section of this work will focus on understanding the hypoxic metabolism 

of purine synthesis using metabolomics experiments based on isotope labelling. The main aims 

were i) to determine whether the formation of the purinosome complex in hypoxia correlates 

with increased purine biosynthesis via the de novo pathway ii) whether the pathways associated 

with the de novo purine biosynthesis are altered in hypoxic conditions and if so, how does this 

affect the de novo purine biosynthesis.   
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2.4 Tracing metabolite synthesis into the purine de novo pathway using 

isotope labelling. 

The use of metabolomics analysis for the understanding of metabolic pathways and 

interconnections between various metabolisms has become widely utilised and optimised over 

the last few years. Isotope incorporation into metabolites extracted from cells is a powerful tool 

used to unravel yet unknown reactions, enzymatic mechanisms and pathway adaptations to 

various cellular conditions. The incorporation of isotope-labelled molecules into the cell media 

enables the tracing of the newly formed metabolites, as these will be easily detectable by mass 

spectrometry analysis due to the mass incorporation that will distinguish them from their 

unlabelled counterparts.  

In this work, the initial hypothesis was that as purinosome formation was found to be significantly 

enhanced in hypoxia, their formation would correlate with an increased purine synthesis via the 

de novo pathway, as previously observed and reported in purine-depleted conditions.169 In order 

to probe this, three different isotope-labelling experiments were carried out to obtain a wide 

range of complementary data, ultimately used to understand the metabolism around the hypoxic 

purine synthesis. The common aim of these experiments was to determine whether de novo 

purine synthesis was carried out in hypoxia, determine whether the rate of the pathway was 

increased or decreased and finally, determine how the pathways associated with the de novo 

purine biosynthesis were affected by hypoxic conditions.  

These three different approaches utilised either 13C labelling or 15N labelling and are presented in 

Figure 80, where carbon atoms are represented as circles and nitrogen atoms as squares. These 

three experiments were carried out independently and utilised three isotope-labelled molecules, 

each of them being represented by a different colour and enabling the formation of different 

possible isotopes. The blue labelling represents the experiment involving the supplementation of 

cell media with glucose uniformly labelled on the six carbons using 13C, referred to as 13C6-glucose. 

The resulting isotope-labelled metabolites can be directly traced into glycolysis and in the de novo 

purine biosynthesis, leading to additional masses of up to M+9 for IMP, AMP and GMP. The pink 

labelling represents the incorporation of labelled 15N-glutamine, a co-factor used twice during the 

10-step synthesis leading to IMP, thus enabling the formation of M+1 and M+2 isotopologues for 

IMP and AMP (pink labelling, Figure 80). In addition, glutamine is used once in the conversion of 

IMP into GMP, thus leading to the formation of M+3 GMP species (pink labelling, Figure 80). 

Finally, the third approach involved the use of 15N-serine (Figure 80, green labelling), which via its 

conversion into glycine, enables the incorporation of one labelled nitrogen atom into the purine 

ring at the second step of the pathway, leading to M+1 nucleotide monophosphate species.   
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Figure 80.  Scheme tracing isotope incorporation into the de novo purine biosynthesis 

pathway. Different isotope-labelled molecules were added individually and 

separately to the cell media during different experiments: 13C6-Glucose, 15N-Serine 

and 15N-Glutamine (amide). All possibilities of resulting metabolites are presented.  
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 Using 15N-(amide)-glutamine to assess isotope incorporation into nucleotide 

monophosphates. 

The first approach used in this study was based on the use of 15N(amide)-glutamine (Figure 80, 

pink squares). This amino acid is of particular interest when studying the de novo purine 

biosynthesis as it is used twice as a co-factor in the pathway. First by PPAT (step 1) and then by 

GART (step 4), thus leading to a +2 mass incorporation in the final product IMP (referred as M+2 

IMP). In addition, glutamine is also used in the synthesis of GMP from IMP, enabling the 

incorporation of a third isotope-labelled nitrogen atom, thus making the newly formed GMP 

detectable with a +3 in mass (M+3) compared to the unlabelled GMP molecule. In parallel, the 

newly synthesised AMP molecule, like its precursor IMP, would be detectable via the formation of 

its M+2 isotopologue.  

It should be noted that although glutamine is used twice in the pathway (10 steps leading to IMP), 

unlabelled endogenous glutamine is still present in the cell and can be incorporated in the newly 

synthesised nucleotide monophosphates, resulting in the appearance of M and M+1 

isotopologues.  

In this experiment, HeLa cells were placed in hypoxia for 12 h prior to the isotope pulse. This time 

point was chosen as it was previously determined to be the time at which purinosome formation 

reaches its maximum. Cells were placed in hypoxia or normoxia for 12 h (in the presence of 

purines, referred to as P+), or in normoxia with no purines in the media (referred to as P-). 

Normoxia P- was used as a positive control as this condition was previously demonstrated to 

induce de novo purine biosynthesis (coupled to purinosome formation).169 Cells were 

subsequently cultured in a growth media supplemented with 15N-(amide)-glutamine for 4 h whilst 

being maintained in normoxia P+, hypoxia P+ and normoxia P-. Following this, the cells were 

collected for downstream metabolite analysis.  

Before analysing the isotope incorporation into the nucleotide monophosphates, the total 

abundance of IMP, AMP and GMP was assessed in all three conditions in order to determine 

whether hypoxic conditions induced a change in the total availability of the purine 

monophosphates. As a result, no significant difference in total metabolite abundance was 

observed for IMP, AMP or GMP between hypoxic and normoxic conditions (P+) (Figure 81). 

However, culturing the cells in purine-depleted conditions (normoxia P-) induced an increase in 

the total abundance of IMP and AMP, likely generated by the increased de novo purine synthesis, 

in line with previous reports.169  
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Figure 81.  Total abundance of purine nucleotide monophosphates in normoxia (P+), hypoxia 

(P+), and normoxia in purine-depleted conditions (P-). The total abundance of IMP, 

AMP, and GMP was measured in HeLa cells maintained in hypoxia (P+) (1% oxygen), 

normoxia (P+) and normoxia purine-depleted conditions (P-) for 16 h. No statistical 

difference was observed for any of the three nucleotide monophosphates between 

normoxic and hypoxic conditions (P+). Normoxia P- induced an increase in total 

abundance of IMP and AMP. Data are means (n=3) ± SEM. Significance was 

determined using unpaired Student t test, * p < 0.05, ** p < 0.01.  

Although the total metabolite abundance is normalised to cell number, the cell proliferation rate 

between normoxic and hypoxic cells was assessed to determine whether the following 

metabolomics results could be biased by a significant difference in cell proliferation. A decreased 

cell proliferation could be associated with a decreased metabolite consumption, which could then 

impact upon the interpretation of isotope incorporation.  

As such, to ensure that hypoxic cell proliferation was not affected compared to normoxic cells, the 

cell growth of HeLa cells was assessed. No difference was observed after 24 h of culture between 

normoxia and hypoxia, suggesting that HeLa cells do not slow down their proliferation in low 

oxygen environments ( 

Figure 82). This data suggests that the cells are likely to display similar metabolite consumption in 

both oxygen conditions and that all of the metabolomics obtained result strictly from metabolic 

differences between normoxic and hypoxic cells.  
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Figure 82.  Cell growth of HeLa cells after 24 h of incubation in normoxia and hypoxia. The 

number of cells were measured after 24 h of incubation in normoxia or hypoxia (1% 

oxygen) and normalised to the number of cells at time 0 h. Data are means (n=3) ± 

SEM.  

Following this, the mass incorporation resulting from the 15N-glutamine pulse was determined by 

analysing the isotopologue profiles of the nucleotide monophosphates. If the de novo pathway is 

upregulated, incorporation of 15N-glutamine should lead to the synthesis of M+2 IMP molecules 

and M+2 AMP molecules (Figure 80, pink squares). In addition, the de novo synthesis of GMP 

should lead to the formation of an M+3 species as one molecule of glutamine is used in the 

conversion of IMP into GMP. Based on this, it should be noted that in the case of a salvage 

synthesis of GMP, the precursor IMP molecule would be unlabelled (resulting from a conversion 

of hypoxanthine) and the IMP to GMP conversion would lead to the incorporation of singly 

labelled nitrogen atom from glutamine into the newly synthesised GMP molecule, resulting in an 

M+1 isotopologue formation.  

This way, in this experiment, the isotopologue profile of IMP revealed that in normoxia after 4 h 

isotope pulse, the total pool of IMP was still comprised of more than 95% of unlabelled molecule 

(97%), consistent with a normoxic purine biosynthesic process mostly reliant on the salvage 

pathway (Figure 83a). However, it was rather surprising to observe the same isotopologue 

repartition in hypoxic conditions after 4 h isotope pulse as this indicates that in hypoxia too, the 

synthesis of IMP relies mostly on the salvage pathway (97% of unlabelled IMP in the total pool) 

(Figure 83a). Neither normoxia P+ nor hypoxia P+ enabled the detection of the M+2 IMP 

isotopologue, suggesting no activity of the de novo pathway in these conditions. However, when 

determining the isotope incorporation into IMP in purine-depleted conditions (normoxia P-), the 

significant appearance of M+2 IMP isotopologues after 4 h of isotope pulse was observed (38% of 

total IMP pool), consistent with previous reports indicating that in these conditions, the de novo 

purine biosynthesis is upregulated (Figure 83a).169  
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Similarly, the isotopologue profile of AMP revealed the same trend, with most of the normoxic 

and hypoxic AMP pool remaining unlabelled after 4 h isotope pulse (both displaying 98.5% of 

unlabelled AMP), thus indicating that regardless of the oxygen levels, AMP is synthesised via the 

salvage pathway in these two conditions (Figure 83b). However, when cells were cultured in 

normoxia in the absence of purines (normoxia P-), the appearance of an M+2 AMP species was 

detected (33% of total AMP pool), indicating an increased de novo biosynthesis in these 

conditions (Figure 83b), consistent with previous reports and in line with the similar observations 

made with IMP in normoxia P- (Figure 83a).169 

Following this, the isotopologue profile of GMP was analysed. In normoxia and hypoxia (P+), 57%  

of the total pool was composed of M+1 GMP species after 4 h pulse, consistent with a salvage 

synthesis of the molecule (Figure 83c). It is to note that this large fraction of M+1 was detected 

after 4 h isotope pulse but was extremely low prior to the isotope pulse (0 h), indicating that the 

M+1 GMP molecules detected after 4 h isotope pulse result from newly synthesised molecules 

that incorporated a labelled nitrogen atom. In parallel, as the M+1 GMP isotopologue results from 

the salvage with incorporation of labelled glutamine, the unlabelled GMP molecules (M fraction) 

also result from the salvage pathway but this time with the incorporation of an unlabelled 

glutamine molecule instead of 15N-glutamine, hence the absence of labelling. In normoxia P-, 50% 

of the total fraction of GMP was found to be the M+3 GMP isotope after 4 h pulse, consistent with 

a de novo mode of synthesis of the molecule in this condition (Figure 83c).  

As a control, the isotope incorporation was also studied in uridine monophosphate (UMP). UMP is 

a pyrimidine nucleotide monophosphate that can be synthesised de novo from a glutamine 

molecule in a six-step reaction.225 As such, isotope incorporation from 15N-glutamine can also be 

traced into UMP in the case of de novo synthesis of this nucleotide. Here, when tracing labelled 

nitrogen incorporation, it was found that a very low fraction of UMP was labelled (M+1) after 4 h 

isotope pulse in normoxia (15%) and hypoxia (14%) (P+) (Figure 83d). However, a significant 

increase in the fraction of M+1 UMP was observed in purine-depleted conditions (60% of total 

UMP pool), consistent with an increased synthesis of UMP in this condition (Figure 83d).  

It should be noted that increased UMP synthesis via the de novo pathway in purine-depleted 

conditions has, to the best of our knowledge, not been reported in the literature so far. However, 

the composition of the culture media used in “purine-depleted conditions” is composed of culture 

media supplemented with dialysed FBS. Dialysed FBS is of particular interest when studying 

metabolic pathways because of the absence of small molecules in the serum. In the case of this 

work, it is used for the deprivation of purines, but additionally, this serum is also deprived of 

pyrimidines. As such, it can be hypothesised that depriving the cells of pyrimidines (like they are 
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deprived of purines for the purpose of this work) triggers de novo pyrimidine formation, in the 

same way that it triggers de novo purine synthesis. To support this, a previous study reported that 

L1210 cells switch off the de novo pyrimidine synthesis when exogenous uridine is available.227 As 

such, it can be hypothesised that when using dialysed serum, the lack of DNA bases induces an 

upregulation of the de novo pyrimidine biosynthesis in order to maintain the pyrimidine pool in 

cells. 

Overall, the use of 15N-glutamine enabled the determination that the hypoxic synthesis of purines 

is not different to the normoxic synthesis of purines and mostly relies on the salvage pathway 

whereas, as previously reported, purine-depleted conditions resulted in the upregulation of the 

de novo pathway.169  

This absence of de novo upregulation in hypoxia was rather unexpected as the formation of the 

purinosome complex has previously been reported to correlate with an upregulation of the de 

novo purine biosynthesis pathway in purine-depleted conditions.169  
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Figure 83.  Isotopologue profiles of nucleotide monophosphates after 15N-(amide)-glutamine 

labelling. HeLa cells were cultured in normoxia or hypoxia P+ (1% oxygen) and 

normoxia P- for 12 h and were subsequently pulsed with 15N-glutamine for 4 h. 

Isotopologue profiles of (a) IMP, (b) AMP and (c) GMP revealed that the purine 

monophosphates are synthesised via the salvage pathway in normoxia and hypoxia 

(P+). However, as previously reported, cells cultured in normoxia P- displayed 

increased fractions of labelled purine monophosphates revealing the upregulation of 

de novo purine biosynthesis in these conditions (IMP M+2, AMP M+2 and GMP M+2 

and M+3).169 (d) Isotope incorporation into UMP revealed that the pyrimidine 

monophosphate was not synthesised de novo from glutamine in normoxia and 

hypoxia (P+) but that its de novo synthesis was upregulated in P- conditions. Data are 

means (n=3). 
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 Using 15N-serine to assess isotope incorporation into nucleotide monophosphates 

To further understand the metabolism of purines in hypoxic conditions, another isotope-based 

approach was used with HeLa cells placed in a growth media supplemented with 15N-serine. This 

metabolite is a good marker to trace de novo purine biosynthesis as it is converted into 15N-

glycine which can be directly incorporated into the purine ring during the second step of the 

pathway. This way, an increased rate of the de novo pathway would enable the formation of M+1 

species of the nucleotide monophosphates. In the case of a salvage-driven synthesis, only the 

unlabelled species (M) would be observed.  

As such, following 4 h 15N-serine pulse in hypoxia, normoxia (P+) and purine-depleted conditions 

(normoxia P-), the incorporation of labelled nitrogen into AMP was analysed. A very low fraction 

of labelled AMP was observed in both normoxic and hypoxic conditions with no significant 

increase in labelled nitrogen incorporation in hypoxia compared to normoxia (1.5% in both 

conditions) (Figure 84a). This result indicates that the synthesis of AMP via the de novo pathway is 

low in normoxia and is not increased in hypoxia, suggesting a salvage biosynthesis of AMP in both 

oxygen conditions. In purine-depleted conditions (normoxia P-), the fraction of labelled AMP was 

significantly increased compared to normoxia P+ (24% of total AMP pool in P- conditions), 

suggesting, once again, an upregulated de novo synthesis of AMP in this condition (Figure 84a).  

In order to further understand the causes of this non-increase in the rate of the de novo pathway, 

the levels of 15N-serine and 15N-glycine were analysed following the 4 h isotope pulse. No 

significant increase in 15N-serine was observed between normoxia and hypoxia (5% and 4% of 

total pool, respectively), suggesting a comparable metabolite uptake from the extracellular 

environment between the two oxygen conditions (Figure 84b). However, a substantial increase in 

intracellular 15N-serine was observed in purine depleted conditions (34% of total serine pool) 

suggesting an important increase in metabolite uptake in this condition (Figure 84b).   

Similarly, the intracellular levels of 15N-glycine were analysed in all three studied conditions in 

order to determine the impact of the culture environment on the serine to glycine conversion. A 

small increase in 15N-glycine levels were observed in hypoxia compared to normoxic conditions 

(8% and 9% of total pool, respectively), suggesting a minor increase in the serine to glycine 

conversion after 4 h of hypoxia incubation (Figure 84c). In line with the trend observed for the 

intracellular levels of 15N-serine, a substantial increase was observed in intracellular levels of 15N-

glycine in purine-depleted conditions (20% of total glycine pool), suggesting that the uptaken 15N-

serine is largely converted into 15N-glycine (Figure 84c).   
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Figure 84. Intracellular levels of 15N-AMP, 15N-serine and 15N-glycine in HeLa cells cultured in 

normoxia (P+), hypoxia (P+) and purine-depleted conditions (normoxia P-) 

following 4 h 15N-serine isotope pulse. HeLa cells were cultured in normoxia or 

hypoxia P+ (1% oxygen), and normoxia P-, in the presence of 15N-serine for 4 h. (a) 

Intracellular levels of 15N-AMP reveals no upregulation of the de novo purine 

biosynthetic pathway in hypoxia (P+) compared to normoxia (P+) but a strong 

increase was observed in normoxia P-. (b) Intracellular levels of 15N-serine reveal no 

increase in the uptake of the metabolite in hypoxia compared to normoxia, and a 

significant increase in purine-depleted conditions. (c) Intracellular levels of 15N-

glycine reveal a small increase in serine to glycine conversion in hypoxia after 4 h and 

a substantial increase in 15N-glycine levels in normoxia P-. Data are means (n=3) ± 

SEM. Significance was determined using unpaired Student t test, *** p < 0.001, **** 

p < 0.0001. 

Altogether, this data suggests that the synthesis of AMP via the de novo pathway is extremely low 

in normoxia and that this pathway is not upregulated after 4 h of hypoxic incubation. However, it 

was determined that the uptake of serine remained similar in hypoxia compared to normoxia with 

the conversion to glycine marginally enhanced in hypoxic conditions.  

Interestingly, in addition to the increased de novo synthesis of AMP in purine-depleted conditions, 

it was found that the serine uptake and its subsequent conversion to glycine are also substantially 

enhanced in purine-depleted conditions. It can be hypothesised that this increased serine uptake 

and resulting glycine availability contributes to the increased rate of the de novo purine 

biosynthesis in purine-depleted conditions.  
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Altogether, these results are in line with the data obtained from the 15N-glutamine labelling. It 

should be noted that the glutamine labelling experiment was carried out for a total incubation 

time of 16 h; 12 h in the presence of unlabelled glutamine in order to induce the hypoxia response 

in the cells, followed by a 4 h isotope pulse while keeping the cells in hypoxia. In the serine-

labelled experiment, the cells were placed in hypoxia at the same time as the beginning of the 

isotope pulse. Both conditions were assessed in order to determine whether pre-incubating the 

cells in hypoxia for 12 h, thus enabling maximum purinosome formation and the establishment of 

the hypoxia response, would impact upon the rate of the de novo purine biosynthetic pathway. 

Together, the results obtained from these two isotope labelling approaches suggest that 

regardless of whether the hypoxia response had been established prior to the isotope pulse or 

not, no increase in the rate of the de novo purine biosynthesis was observed following 4 h of 

isotope pulsing.      

To further understand the metabolism underlying purine synthesis in hypoxic conditions, a final 

labelling approach was attempted. This experiment was carried out using HeLa cells cultured in 

the presence of uniformly labelled 13C6-glucose for 24 h in normoxia and in hypoxia (in the 

presence of purines in media), and will be discussed in the next section of this work.  

 Using 13C6-glucose to assess the metabolic link between de novo purine biosynthesis 

and the mitochondrial metabolism. 

The final labelling approach used in this study involved the use of 13C6-glucose in order to directly 

trace labelled carbon incorporation into nucleotide monophosphates and into metabolites 

associated with the synthesis of purines.   

For this purpose, HeLa cells were cultured in normoxia and hypoxia for 24 h in the presence of 

13C6-glucose after which the cells were collected and the metabolites analysed.  

As previously presented in Figure 80, labelled glucose (M+6) is catabolised via the glycolysis 

pathway which enables the formation of labelled glycolytic intermediates such as glucose-6-

phosphate which is used as a substrate for the pentose phosphate pathway, leading to the 

formation of ribose-5-phosphate and the downstream synthesis of phosphoribosyl 

pyrophosphate (PRPP), the main substrate of both de novo and salvage purine synthesis. As such, 

a newly synthesised PRPP molecule resulting from 13C6-glucose labelling would display a +5 in 

mass incorporation (13C5-PRPP, Figure 80). 

In addition, amongst the different labelled glycolytic intermediates that can be formed following 

13C6-glucose supplementation, 13C3-3-phosphoglycerate (13C3-3-PG) is also of interest when 
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studying de novo purine synthesis as its carbon labelling can be traced into co-factors used in the 

pathway. Indeed, 3-phosphoglycerate is the first substrate of the de novo serine pathway and 

thus the newly formed 13C3-3-PG can be used for the synthesis of 13C3-serine (Figure 80). As part of 

the one-carbon metabolism, 13C3-serine can be converted downstream into 13C2-glycine enabling 

the simultaneous production of labelled 5,10-methyleneTHF (13C-5,10-mTHF) (Figure 80). This 

newly formed molecule can subsequently enter the folate cycle and be converted into 13C-10-f-

THF, a co-factor required in two independent steps of the de novo purine biosynthesis (Figure 80, 

steps 3 and 9). In parallel, the newly formed 13C2-glycine can also be used as a co-factor during the 

second step of the de novo purine biosynthesis, leading to a +2 in mass incorporation into the 

final nucleotide monophosphates (Figure 80).  

Overall, if all newly synthesised labelled species are used as co-factors during the de novo purine 

biosynthesis, different masses of isotopes would be expected : each of 13C-10-f-THF molecules 

would enable a +1 in mass incorporation, and 13C2-glycine would enable a +2 in mass 

incorporation. In addition, the newly synthesised 13C5-PRPP would contribute to a +5 mass 

incorporation into the final nucleotide. It should be noted that unlabelled metabolites will likely 

remain available for the de novo purine synthesis and can also be incorporated into the purine 

ring. As a summary, nucleotide monophosphate species ranging from M to M+9 could be 

expected following 13C6-glucose labelling (Figure 80).  

It should be noted that, as PRPP is the first substrate of the de novo and salvage purine synthesis 

pathways, an increase in M+5 nucleotide monophosphate species would not enable to determine 

whether the observed species are synthesised de novo or from salvage. As such, an increase in the 

levels of higher mass species (M+6 to M+9) would reflect an increased rate of the de novo purine 

biosynthetic pathway. Alternatively some increase in smaller mass species could be expected in 

the situation where labelled co-factors such as 13C-10-f-THF and 13C2-glycine are incorporated into 

a de novo synthesis initiated with a non-labelled PRPP substrate.  

This way, the first metabolite analysed following 13C6-glucose supplementation was PRPP. Analysis 

of the isotopologue profile of PRPP indicated that both normoxic and hypoxic cells displayed the 

formation of the M+5 PRPP isotopologue, with no significant difference between the two 

conditions after 24 h of incubation (Figure 85a). In addition, a significant fraction of the PRPP pool 

was composed of unlabelled molecules (M), that were either already present prior to the isotope 

pulse or that were likely resulting from the catabolism of unlabelled glucose (Figure 85a). 

Together, this data suggests that the synthesis rate of PRPP from glucose is not affected by 

hypoxic conditions and occurs similarly in both oxygen conditions.  
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Following this, the isotopologues profile of IMP was analysed following 24 h incubation with 13C6-

glucose. The formation of an M+5 IMP species was observed in both normoxic and hypoxic 

conditions, with no significant difference between the two conditions (Figure 85b). Very low 

fractions of 13C-IMP and 13C2-IMP were detected in both normoxia and hypoxia with no significant 

difference between the two conditions. The levels of 13C-IMP were found to be similar to the 

natural abundance of isotope, indicating that the labelled carbon incorporation into 13C-IMP in 

normoxia and hypoxia likely resulted from natural abundance and was independent from the 

isotope pulse (Figure 85b). In addition, no high mass IMP species (M+6 and above) were detected 

in neither normoxia nor hypoxia, suggesting that no co-factors (i.e 13C-10-f-THF and 13C2-glycine) 

were incorporated into the purine ring containing 13C5-PRPP (Figure 85b). Together, this data 

suggests that IMP is mostly synthesised from the salvage pathway, as an upregulated de novo 

synthesis in hypoxia would be reflected by increased levels of labelled IMP species (other than 

M+5) due to the incorporation of labelled co-factors.  

Similarly, the isotopologue profile of AMP was analysed and a small increase in the levels of 13C5-

AMP (M+5 AMP) was observed in hypoxia compared to normoxia, although as previously 

mentioned, the M+5 species does not indicate from which pathway the nucleotide originated 

(Figure 85c). As such, when looking at high mass species, the presence of M+6 and M+7 AMP 

molecules could be detected in both normoxia and hypoxia indicating a de novo synthesis of the 

molecule (Figure 85c). However, for both isotope species, the levels were found to be lower in 

hypoxia than in normoxia, indicating that the de novo synthesis of AMP is less efficient in hypoxic 

conditions (Figure 85c). Accordingly, increased levels of unlabelled AMP (M) were observed in 

hypoxia compared to normoxia suggesting that in the total pool of AMP, the fraction resulting 

from the de novo pathway is smaller in hypoxia than in normoxia, once again supporting the idea 

that de novo purine biosynthesis is not upregulated in hypoxia as previously hypothesised (Figure 

85c).   

Finally, the carbon incorporation was analysed in GMP isotpologues. As previously observed for 

IMP (Figure 85b), similar levels of M+5 GMP were observed in normoxia and hypoxia and no high 

mass species (above M+6) were observed (Figure 85d). The presence of small fractions of M+1 

and M+2 GMP were detected in both normoxia and hypoxia  with no significant difference 

between the two conditions (Figure 85d). As such, this isotopologue profile suggests that GMP, 

like IMP and AMP, does not display an enhanced synthesis via the de novo pathway in hypoxia 

compared to normoxia.    
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Altogether, this data is in line with the previous results obtained form 15N-glutamine and 15N-

serine supplementation, and indicate, that purine monophosphates were not synthesised as a 

result of an upregulated de novo pathway in hypoxia.   

 

Figure 85.  Isotopologue profiles of PRPP and nucleotide monophosphates after labelling with 

13C6-glucose. HeLa cells were cultured in normoxia or hypoxia (1% oxygen) for 24 h in 

the presence of 13C6-glucose. Isotopologue profiles of (a) PRPP, (b) IMP, (c) AMP and 

(d) GMP revealed that the purine monophosphates did not display an enhanced de 

novo synthesis in hypoxia compared to normoxia as indicated by the absence of high 

mass species (M+6 and above). Data are means (n=4) ± SEM. 

By using three different isotope approaches, no change in the rate of the de novo synthesis of 

purines was observed in hypoxia despite purinosome formation being upregulated in this 

condition. As such, in order to further understand the effect of hypoxia on the availability of co-

factors required for the de novo purine synthesis, metabolites from the one-carbon metabolism 

were analysed following 13C6-glucose supplementation. 13C6-glucose can be directly traced into the 

one-carbon metabolism as its catabolism via glycolysis leads to the formation of 13C3-
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phosphoglycerate (13C3-PG) and subsequent synthesis of 13C3-serine, used as substrate in the one-

carbon metabolism (Figure 86). Conversion of 13C3-serine into 13C2-glycine will then yield 13C 

labelled one-carbon-derived molecules.  

The one-carbon metabolism which is mostly centred around the folate cycle, is known to occur in 

two cellular compartments, the cytoplasm and the mitochondria, with every enzyme of the 

metabolism being present as two isoforms, cytosolic and mitochondrial. This metabolism involves 

numerous metabolite exchanges between the two compartments, hence the necessity for both 

cytosolic and mitochondrial isoforms to be present (Figure 86). As such, following 13C6-glucose 

supplementation, different metabolites were analysed in regards to their cellular localisation in 

the one-carbon metabolism in order to further understand how this pathway is affected. 

HeLa cells have been shown to use the mitochondrial arm of the one-carbon metabolism over the 

cytosolic one for the synthesis of one-carbon units.228 As such, as described in Figure 86, serine is 

transported from the cytoplasm into the mitochondrial matrix where it can be converted into 

glycine and 5,10-mTHF via the activity of SHMT2. Following this, 5,10-mTHF can be further 

converted by MTHFD2 into 10-f-THF which is itself used as co-factor in the mitochondrial 

synthesis of formylmethionine (fMet) or transformed into THF and formate. Formate can 

subsequently be sent back to the cytoplasm where it gets converted back into cytosolic 10-f-THF, 

which can then be incorporated into the purine ring during de novo purine biosynthesis. It was 

found that in the case of a malfunctioning mitochondrial folate cycle (i.e deficiency of one of the 

mitochondrial one-carbon metabolism enzymes), the one-carbon metabolism would then be 

processed in reverse whereby serine, instead of being transported into the mitochondria, would 

directly be converted into glycine and 5,10-mTHF via the activity of SHMT1 in the cytoplasm.228 

The resulting 5,10-mTHF can therefore be subsequently be used as co-factor for the synthesis of 

methionine and dTMP or be converted into 10-f-THF via MTHFD1, with the resulting metabolite 

then available for incorporation into the purines.  

This way, following 13C6-glucose supplementation in the cell culture media, carbon labelling can be 

easily traced into metabolites of the one-carbon metabolism (Figure 86). Analyses of carbon 

incorporation into methionine, dTMP and formylmethionine synthesis would therefore facilitate 

the understanding of how the one-carbon metabolism works and would allow the identification of 

any aberrant function. 
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Figure 86.  Expected labelling incorporation into the folate cycle and associated metabolites 

from 13C6-glucose. Labelled glucose leads to the formation of 13C3-PG which is then 

converted into 13C3-serine, which can subsequently enter the mitochondrial folate 

cycle when all mitochondrial enzymes are functional. In case of a malfunction of one 

of the mitochondrial enzymes, the folate cycle occurs in the cytoplasm. Depending 

on the cellular localisation of the one-carbon metabolism, the carbon labelling can be 

traced into downstream metabolites such as methionine (cytoplasm), dTMP 

(cytoplasm and mitochondria) and formylmethionine (fMet, mitochondria).  

In order to understand how hypoxia impacted the one-carbon metabolism, the incorporation of 

labelled carbon from 13C6-glucose was traced in a linear fashion from glycolysis to one-carbon-

derived metabolites, starting from the glycolytic intermediate 3-PG, first substrate of the de novo 

serine synthesis pathway (SSP). Analysis of the isotopologue profile of 3-PG showed the formation 

of an M+3 species, both in normoxia and hypoxia (64% and 75%, respectively), suggesting an 

efficient glycolytic process, slightly increased in hypoxia although no statistical difference was 

observed (Figure 87a). The presence of unlabelled 3-PG (M) was detected in both normoxic and 

hypoxic conditions, with a slight increase in normoxia compared to hypoxia (34% and 24%, 
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respectively), consistent with the levels of M+3 observed, and suggesting a slightly enhanced 

glycolytic rate in a low oxygen environment, in line with previous reports (Figure 87a).102, 229  

As a result of an increased glycolytic rate towards 3-PG in hypoxia, it was then hypothesised that 

more 13C3-serine could be synthesised in low oxygen environments. To probe this, the 

isotopologue profile of serine was analysed. Although an M+3 serine species was observed in both 

normoxia and hypoxia, no difference in the levels of the metabolite was observed between the 

two oxygen conditions (Figure 87b). In addition, both M+1 and M+2 serine species were observed 

in normoxia and hypoxia (Figure 87b). As previously described, 13C3-serine can be converted into 

13C2-glycine and 13C-5,10-mTHF. The back conversion of 13C2-glycine with unlabelled 5,10-mTHF 

into serine would enable the formation of 13C2-serine. Similarly, in the case of a back conversion of 

unlabelled glycine and 13C-5,10-mTHF into serine, a 13C-serine isotopologue would be formed. 

Here, both 13C-serine (M+1) and 13C2-serine (M+2) displayed decreased levels in hypoxia 

compared to normoxia (Figure 87). As such, it can be suggested that these decreases are the 

result of a decreased back conversion of glycine into serine.  

To further probe the origin of this decreased retro-conversion, the isotopologue profile of glycine 

was analysed. A clear decrease in the hypoxic levels of 13C2-glycine (M+2) was observed in hypoxia 

compared to normoxia, suggesting a decreased conversion of serine into glycine in this condition 

(6% in normoxia and 4% in hypoxia, Figure 87c). Decreased levels of 13C2-glycine in hypoxia could 

be the origin of the decreased levels of 13C-serine and 13C2-serine, as less 13C2-glycine and by 

association, less 13C-5,10-mTHF are formed in hypoxia. In line with these observations, decreased 

levels of labelled species correlated to increased levels of unlabelled serine and glycine in hypoxia 

(Figure 87b and c), thus supporting a decreased de novo synthesis of serine from 13C3-3-PG and a 

decreased downstream serine to glycine conversion.   

It is to note that as a result of 15N-serine supplementation, a small increase was observed in the 

conversion of 15N-serine into 15N-glycine following 4 h of hypoxic incubation (Figure 84c). When 

using 13C6-glucose, after 24 h of incubation in hypoxia the conversion of 13C3-serine to 13C2-glycine 

was found to be downregulated, suggesting that longer incubation times in hypoxia alters the 

serine to glycine conversion and thus reduces the downstream availability of glycine (Figure 87c). 

In order to further understand how the folate cycle functions in hypoxia, labelled carbon 

incorporation was determined in metabolites that utilise folate derivatives as co-factors. As an 

example, cytosolic 5,10-mTHF is used as a precursor for 5-methylTHF (5-mTHF), substrate in the 

synthesis of methionine. If the decreased 13C3-serine to 13C2-glycine conversion is due to a 

decreased activity of the cytosolic enzyme responsible for this conversion (SHMT1) less cytosolic 
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13C-5,10-mTHF would be produced, which would be reflected by a decreased incorporation of 

carbon labelling into methionine. As such, isotope incorporation into methionine was analysed. 

No difference in incorporation was observed between normoxia and hypoxia (5% of total pool), 

but these levels were also found to be similar to the isotope incorporation resulting from natural 

abundance, highly suggesting that no 13C-5-mTHF (resulting from 13C-5,10-mTHF) is incorporated 

into methionine as a result of 13C6-glucose supplementation (Figure 87d). This result is 

unsurprising as HeLa cells are known to use the mitochondrial folate cycle rather than the 

cytosolic one to produce their one-carbon unit.227 The absence of increased labelled methionine 

in both normoxia and hypoxia likely reveals that no cytosolic 13C-5,10-mTHF is produced after 24 h 

of an isotope pulse, indicating that the cytosolic one-carbon metabolism does not run, or runs to a 

negligible level. 

As the cytosolic folate cycle seems to not function or functions at very low rates, it can be 

hypothesised that the decreased serine to glycine conversion previously observed in hypoxia 

(Figure 87c) is the result of a decreased activity of the mitochondrial enzyme responsible for the 

conversion, SHMT2.    

As such, the labelled carbon incorporation was then traced into deoxythymidine monophosphate 

(dTMP) which can be synthesised in the cytoplasm and the mitochondria with 5,10-mTHF used as 

co-factor during the synthesis. Increased levels of M+1 dTMP was observed in both normoxic and 

hypoxic conditions compared to the natural isotopic abundance, suggesting a significant labelled 

carbon incorporation following the isotope pulse (Figure 87e). No significant difference in 13C-

dTMP levels were observed in hypoxia compared to normoxia (11% and 12%, respectively), 

suggesting that the mitochondrial synthesis of 5,10-mTHF is not affected by low oxygen levels 

(Figure 87e). 

Finally, a third metabolite was analysed to determine the fate of labelled carbon through the 

mitochondrial one-carbon metabolism. Formylmethionine (fMet) works as an acceptor of 

mitochondrial-derived formate, as its synthesis uses mitochondrial 10-f-THF as a co-factor. 

Incorporation of labelled carbon into fMet was analysed in normoxia and hypoxia, and M+1 fMet 

species were detected in both conditions and were found to be at higher levels than natural 

abundance (5% of total pool), suggesting a significantly increased label incorporation into the 

metabolite following the isotope pulse (Figure 87f). Lower metabolite levels were detected in 

hypoxia compared to normoxia (16% and 20% of total fMet pool, respectively), suggesting a 

decreased incorporation of 13C from 13C-10-f-THF in low oxygen environments (Figure 87f). As the 

13C atom incorporated into fMet can only originate from mitochondrial production of 10-f-THF, 
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the decreased levels of 13C-fMet (M+1) in hypoxia suggests a decreased 13C-10-f-THF production in 

the mitochondria, likely as a result of decreased mitochondrial activity of the folate cycle.  

             

Figure 87.  Isotopologue profiles of metabolites from the folate cycle and associated pathways 

after labelling with 13C6-glucose. HeLa cells were cultured in normoxia or hypoxia (1% 

oxygen) for 24 h in the presence of 13C6-glucose. Isotopologue profiles of (a) 3-

phosphoglycerate (3-PG), (b) Serine, (c) Glycine, (d) Methionine, (e) dTMP and (f) 

Formylmethionine were established to determine the impact of hypoxia on the one-

carbon metabolism. Data are means (n=4) ± SEM. Significance was determined using 

unpaired Student t test, ** p < 0.01, *** p < 0.001. 
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Altogether, this data suggests that the cytosolic folate cycle does not function in HeLa cells in 

normoxia, in line with previous reports, and that hypoxia does not induce this cytosolic process, as 

determined by the absence of label incorporation into methionine (Figure 87d).228 As such, it can 

be hypothesised that the decreased 13C3-serine to 13C2-glycine conversion observed is a result of 

the decreased activity of the mitochondrial enzymes of the folate cycle. Two main enzymes are 

responsible for the mitochondrial folate cycle activity: SHMT2, which converts mitochondrial 

serine into glycine and 5,10-mTHF, and MTHFD2 which converts 5,10-mTHF into 10-f-THF. A 

significant decrease in 13C-fMet was observed in hypoxia compared to normoxia, suggesting a 

decreased availability of labelled mitochondrial 13C-10-f-THF in this condition (Figure 87f), 

consistent with the decreased serine to glycine conversion. However, it was surprising to see that 

the 13C incorporation into dTMP was not affected in hypoxic conditions (Figure 87e). Indeed, the 

absence of incorporation into methionine suggests that dTMP can only be synthesised using one-

carbon units from the mitochondrial one-carbon metabolism. The decreased 13C incorporation 

into glycine, supported by a decreased isotope incorporation into fMet, suggested a reduced 

availability of mitochondrial units which was expected to be reflected as a decrease in 13C-dTMP 

levels in hypoxia.   

Taken together, these results could reflect a decreased activity of SHMT2 and/or MTHFD2 in 

hypoxic conditions. Further experiments would be required in order to further probe the effect of 

hypoxia on the enzymatic activity of these two proteins.  

In HeLa cells, the production of one-carbon units required for cytosolic synthesis is ensured by the 

mitochondrial side of the one-carbon metabolism, where transport of serine into the 

mitochondrial matrix and its downstream conversion into glycine fuels the folate cycle. This 

ensures the mitochondrial production of formate, itself transported back into the cytoplasm for 

further conversion into 10-f-THF, subsequently utilised in the de novo purine synthesis.228 

According to the data obtained from the 13C6-glucose labelling experiment, if, as hypothesised, the 

mitochondrial activity of the cycle is decreased in hypoxia, then a decreased production of 

mitochondrial one-carbon unit is to be expected, subsequently resulting in decreased 

mitochondrial formate synthesis and a downstream decrease in cytosolic 10-f-THF synthesis. As 

such, a decreased activity of the one-carbon metabolism would ultimately lead to decreased 

availability of substrates for the de novo purine biosynthesis. In addition to an eventual decrease 

in the availability of cytosolic 10-f-THF, the above-mentioned results indicated a decreased 

conversion of serine into glycine, thus leading to a decreased availability of cytosolic glycine, 

required as a co-factor in the second step of the de novo purine biosynthesis.  
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Overall, the data obtained suggest that a hypoxic environment somehow induces a decreased 

production of one-carbon units via the mitochondrial one-carbon metabolism, ultimately leading 

to a decreased availability of co-factors required in the de novo purine biosynthesis. Further 

experiments would be required to better understand whether this decreased mitochondrial 

activity is responsible for the absence of upregulation of the de novo purine biosynthetic pathway 

in hypoxia. Although multiple processes might be responsible for this absence of upregulation of 

biosynthesis despite purinosome formation, it can be hypothesised that this altered mitochondrial 

metabolism constitutes one of these causes. 

It is interesting to note that in hypoxia, SHMT2 has been reported to be upregulated although 

only in Myc-amplified cells.111 It is to note that HeLa cells do not express N-Myc and possess low 

levels of c-Myc expression, suggesting that this cell line does not upregulate SHMT2 in hypoxia.  

As such, it can be hypothesised that in Myc-amplified cells such as the neuroblastoma KELLY cells 

(N-Myc amplified), the upregulation of SHMT2 would enable the downstream synthesis of the 

one-carbon-derived co-factors required for the de novo purine biosynthesis (i.e glycine and 10-f-

THF), although this hypothesis would need to be further examined experimentally.230-232  

As a summary, the use of isotope-labelled metabolites in cell culture media and the subsequent 

tracing of isotope incorporation into the resulting metabolites shed some light on the effect of 

hypoxia on purine metabolism. The use of 15N-glutamine and 15N-serine showed that purine 

nucleotide monophosphates are mostly synthesised via the salvage pathway in both normoxia 

and hypoxia in HeLa cells cultured in the presence of purines for 24 h (Figure 84 and Figure 83). As 

a control, the same analysis was carried out in normoxic cells cultured in the absence of purines 

(purine-depleted, normoxia P-) and an increased de novo purine biosynthesis was observed, as 

previously reported (Figure 83 and Figure 84).169 Furthermore, the use of 13C6-glucose confirmed 

that the de novo pathway was not upregulated in hypoxia (Figure 85). In addition, this last 

experiment revealed that the one-carbon metabolism was slightly downregulated in hypoxia, as 

indicated by the decreased serine to glycine conversion (Figure 87c). It was found that after 24 h 

of incubation, the cytosolic branch of the one-carbon metabolism was not active in HeLa cells in 

normoxia (consistent with previous reports), nor in hypoxia, and that the mitochondrial branch 

was downregulated in hypoxic conditions, as suggested by the decreased isotope incorporation 

into fMet (Figure 87f).      
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Chapter 3 Conclusions  

For the first time, the formation of the multi-enzyme purinosome complex has been described in 

hypoxic cancer cells. The use of plasmid DNA encoding enzymes of the purinosome tagged with 

fluorescent proteins enabled the transient expression of these fluorescent proteins and their 

subsequent detection and analysis using confocal microscopy. In normoxic conditions, the 

majority of the cells displayed an homogenous fluorescent pattern suggesting an evenly 

distributed protein throughout the cytoplasm. However, when placed in hypoxic conditions, the 

number of cells displaying clusters increased by more than 2-fold, indicating an enhanced 

purinosome formation in this condition. The use of two independent purinosome enzymes tagged 

with two different fluorescent enzymes (mCherry and GFP) enabled the simultaneous co-

expression of the two proteins within the same cell. Confocal microscopy enabled the 

characterisation of the colocalisation of these two proteins and showed that in hypoxic HeLa cells, 

the two proteins were located together within the purinosome complex.     

Although the use of transiently expressed fluorescently-tagged purinosome enzymes showed a 2-

fold increase in hypoxic cancer cells, it should be noted that unlabelled endogenous purinosome 

enzymes were present in the cytoplasm, thus able to join the purinosome complex. As such, it was 

hypothesised that following transient transfection, not all purinosome complexes could be 

detected. To challenge this, another approach was used. Instead of determining purinosome 

formation using one fluorescent enzyme, the colocalisation between two purinosome proteins 

was assessed using proximity ligation assay. This technique enabled the determination that the 

colocalisation between purinosome proteins was enhanced in hypoxic HeLa cells and that up to 

88% of the cells were displaying purinosomes, whereas only 10% of the normoxic cells were.  

Following this, the molecular determinants underlying the hypoxic purinosome formation were 

analysed. The role of HIF-1 was investigated in this process, and the formation of the hypoxic 

purinosome was found to be HIF-1 mediated as a knockout of the transcription factor in hypoxic 

conditions completely prevented the hypoxia-induced formation of the complex. The time-

dependent formation of the purinosome complexes was analysed during hypoxic incubation and 

was found to correlate with HIF-1 protein levels. In addition, when the formation of the 

purinosome was analysed in a cell line which expresses HIF-2 but not HIF-1, no increase was 

observed in purinosome formation upon hypoxic incubation, suggesting that HIF-1 but not HIF-2 is 

involved in the complexation of the enzymes of the de novo purine biosynthesis.  

The molecular processes involved in the hypoxic formation of the purinosome were probed and 

three members of the Heat Shock Protein (HSP) family, Hsp90, Hsp70-1 and Hsp70-2 were found 
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to colocalise with the purinosome complex in hypoxia. These were found to be required for its 

formation as a knockout of any of these three chaperones using siRNA prevented the hypoxic 

purinosome formation. Hsp70-2 was found to be of particular interest in the hypoxic purinosome 

formation as its gene transcription and protein expression were found to be upregulated in 

hypoxia in a HIF-dependent manner. In addition, Hsp70-2 was found to display an enhanced 

colocalisation with the purinosome in hypoxia compared to purine-depleted conditions, 

suggesting a preferential interaction of the chaperone with the complex in low oxygen 

environments. However, although Hsp70-2 is upregulated in hypoxia and seemed to be 

preferentially involved in the hypoxic purinosome complex compared to that observed in purine-

depleted conditions, it was found that the upregulation of Hsp70-2 on its own is not sufficient to 

induce purinosome formation, suggesting that the hypoxic purinosome formation relies on a 

different mechanism.    

The purinosome was firstly characterised in purine-depleted conditions and its formation was 

found to correlate with an increased rate of the de novo purine biosynthesis.164, 169 From the 

hypothesis that the hypoxic purinosome might ensure the same cellular function, it was thought 

that in the context of a protein macro-complex forming to fulfil metabolic requirements, any 

impact or alterations of the cell metabolism would impact upon purinosome formation. As such, 

various metabolic stimuli were applied on hypoxic HeLa cells in order to determine how these 

were altering the formation of the purinosome complex. It was found that the inhibition of a 

glycolytic enzyme, a PPP enzyme or a stimulation of the salvage pathway prevented purinosome 

formation. In hypoxia, metabolic pathways upstream of the de novo purine biosynthesis such as 

glycolysis and the PPP have been shown to be upregulated in various cell types. These pathways 

are crucial to ensure the functioning of the de novo purine biosynthesis as they provide substrates 

and co-factors required at different steps of the pathway. Here, it was shown that inhibition of 

these hypoxia-induced pathways resulted in a prevention of the hypoxic purinosome formation.  

To further probe the link between the purinosome and enzymes from associated pathways, a pull-

down assay was carried out in hypoxic and normoxic cells using one of the purinosome enzymes, 

PFAS, as bait. As a result of this pull-down, many proteins belonging to pathways related to the de 

novo purine biosynthesis (i.e glycolysis, PPP and one-carbon metabolism) were detected in the list 

of prey proteins, with most of them being either increased or exclusively present in hypoxia. The 

results from this pull-down analysis were further supported by assessing the colocalisation 

between some of the proteins detected preferentially in the hypoxic sample and one purinosome 

enzyme using a proximity ligation assay. Most of the protein combinations tested confirmed the 

results previously obtained by pull-down, suggesting an enhanced interaction between the 

purinosome proteins and enzymes from glycolysis, PPP and the one-carbon metabolism in hypoxic 



Chapter 3 

141 

conditions. Although further experiments would be required to confirm and understand the role 

of such colocalisation between enzymes of different pathways, it can be hypothesised that the 

close proximity between enzymes that belong to pathways that exchange substrates and co-

factors is a strategy used by the cells to facilitate the metabolite flux between pathways.   

In 2016, the purinosome complex was found be located near the mitochondria, which was 

thought occur in order to facilitate the exchange of metabolites between the two entities, 

including ATP and one-carbon units generated by the mitochondrial one-carbon metabolism.187 As 

such, the close proximity between the hypoxic purinosomes and the mitochondria was assessed 

and this colocalisation was also confirmed to occur in hypoxia, suggesting another common 

feature between hypoxic purinosomes and purinosomes in purine-depleted conditions.      

Finally, the ultimate aim of this project was to determine whether the observed purinosome 

clusters were, like their purine-depleted counterparts, correlating with an increased rate of the de 

novo purine biosynthesis. Three different isotope labelling approaches, involving nitrogen and 

carbon labelling coupled to metabolomic analyses, were used in order to determine the isotope 

incorporation into the purine nucleotides. The methods used were validated using purine-

depleted conditions as a positive control, conditions in which the de novo synthesis of purines was 

found to be upregulated.169 However, despite the approach enabling the detection of upregulated 

de novo purine synthesis in purine-depleted conditions, no increase in the rate of the pathway 

was observed in hypoxic conditions, suggesting that HeLa cells synthesise their purines using the 

salvage pathway in low oxygen environments. This finding was extremely surprising as the 

presence of purinosomes in hypoxic cells was expected to correlate with an increased rate of the 

pathway. As a result, further investigations were carried out and the isotopologue profiles of 

different metabolites were analysed. The de novo purine biosynthesis is known to utilise various 

co-factors from diverse pathways, among which two are produced in the one-carbon metabolism 

(i.e glycine and 10-f-THF). As such, other metabolites that also use one-carbon units as co-factors 

in their synthesis were analysed in order to determine whether the one-carbon metabolism was 

affected in hypoxia. The initial use of 13C6-glucose enabled the tracing of carbon incorporation 

directly into serine, glycine and downstream one-carbon units. As a result, no activity of the 

cytosolic one-carbon metabolism was detected, as indicated by the lack of isotope incorporation 

into the cytoplasmically synthesised methionine. In addition, a decreased activity of the 

mitochondrial branch of the one-carbon metabolism was observed, as suggested by the 

decreased isotope incorporation into the mitochondrial formylmethionine.  

In physiological conditions, HeLa cells rely on the mitochondrial branch of the one-carbon 

metabolism to produce their one-carbon units,228 and the last finding of this work indicates a 
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decreased activity of the mitochondrial one-carbon metabolism in HeLa cells after 24 h of hypoxic 

incubation, thus suggesting a decreased production of the co-factors required for the de novo 

purine biosynthesis. Whether this decreased co-factor production is one of the causes of the 

absence of de novo purine synthesis upregulation is yet to be determined.  

In conclusion, the initial aims of the project were met. The enhanced formation of the 

purinosome complex was described and characterised in cancer cells maintained in hypoxic 

conditions. This process was found to be mediated by HIF-1, requires the presence of Hsp proteins 

and is responsive to metabolic stimuli, thus suggesting the existence of a link between the 

formation of the complex and the metabolism of hypoxic cells. Although the presence of 

purinosomes in hypoxic HeLa cells was expected to correlate with an increased rate of de novo 

purine biosynthesis, it was determined that instead, HeLa cells synthesise their purines using the 

salvage pathway, at least during the first 24 h of hypoxic incubation. The observed effect of 

hypoxia on the one-carbon metabolism of HeLa cells raised the hypothesis that purinosome 

formation and purine synthesis might occur independently in HeLa cells, raising the possibility of a 

new, yet undiscovered secondary role for the purinosome complex. In addition, it can be 

hypothesised that the pathway utilised to synthesise purines in hypoxia is cell type dependent, 

suggesting that a broader study in multiple cell lines could potentially reveal a different outcome 

regarding purine synthesis. Finally, it can be hypothesised that in hypoxic HeLa cells, purinosome 

formation occurs in the first hours of incubation in hypoxia by a yet unknown mechanism and that 

the upregulation of the de novo purine biosynthesis does not occur simultaneously to complex 

formation but is triggered later. To probe this last hypothesis, longer study times could be 

envisaged. Overall, all these suggestions open new avenues of investigation which would lead to a 

better understanding of the function of the purinosome complex in HeLa cells and the effect of 

hypoxia on purine synthesis in other cancer types.    
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Chapter 4 Further work 

This study described for the first time the formation of the purinosome complex in the 

pathological context of hypoxic cancer cells. Although it has been shown that in HeLa cells, the 

purinosomes do not function by upregulating the de novo purine biosynthesis after 24 h in 

hypoxia, it can be thought that the complexes fulfil another yet unknown function. In addition, it 

can be hypothesised that, although purinosome formation occurs during the early phase of the 

hypoxia response, the de novo purine biosynthesis might require longer incubation times to be 

upregulated. As such, it would be of interest to analyse both purinosome formation and purine 

synthesis in HeLa cells maintained in hypoxia for longer incubation times. 

Regardless of the function of the purinosome complex, the cause at the origin of their formation 

remains to be determined. It was found that the formation of the hypoxic purinosome was 

mediated by HIF-1 and not HIF-2, but the exact mechanism behind this formation is yet unknown. 

A recent study revealed the presence of multiple post-translational modifications (PTMs) within 

the purinosome enzymes in cells cultured under purine-depleted conditions, and these PTM 

patterns were found to be different from cells cultured under purine-rich conditions.233 As a 

result, it has been hypothesised that theses PTMs play a significant role in regulating the enzymes 

activity and in altering their ability to cluster into a purinosome complex. It could be hypothesised 

that such PTMs would also occur on the purinosome enzymes in hypoxic conditions, ultimately 

regulating the purinosome formation and / or enzyme activity. As such, screening for the 

presence of various PTMs on enzymes of the de novo purine biosynthesis in hypoxic conditions 

could provide a mechanistic explanation for the clustering of these enzymes. In addition, it can be 

thought that hypoxia-induced PTMs could occur and result in a lack of enzymatic activity, 

explaining the observed low rate of the de novo pathway in HeLa cells.    

The variety of techniques used as well as the numerous controls carried out provided strong 

evidence that the clusters observed in this study were purinosomes. In addition, the robustness of 

the metabolomic experiment confirmed that the de novo biosynthesis of purines is not 

upregulated in HeLa cells cultured in hypoxia for 4 to 24 h. In addition to investigating longer 

incubation times in HeLa cells, another approach can be utilised. Over the last years, multiple 

cancer cell lines have been reported to upregulate the one-carbon metabolism in hypoxic 

conditions. As an example, a report showed that breast cancer cells upregulate the gene 

expression of the enzymes of the de novo serine biosynthesis (SSP) and enzymes from the 

mitochondrial one-carbon metabolism in a HIF-dependent manner. The authors found that the 

metabolism of glucose was reprogrammed further away from the PPP towards the SSP, and that 
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this adaptation was playing a major role in maintaining the redox homeostasis of cancer cells, 

especially via the production of NADPH.98 In addition, another study reported that in hypoxia, 

cancer cells that were MYC-amplified were upregulating the expression of the mitochondrial 

enzyme responsible for the serine to glycine conversion, SHMT2, and that this upregulation was 

mediated by HIF-1.111 It is interesting to see that hypoxia can upregulate the one-carbon 

metabolism in some cancer cell types but not all, as these observations made in myc-amplified 

cells and breast cancer cells, are in contrast with the results obtained in this study in HeLa cells. 

Although very little is known about the adaptation of the one-carbon metabolism in hypoxic HeLa 

cells it has been reported that HeLa cells display a decreased expression of myc (c-myc) when 

cultured in severe hypoxia (0.1%) for 24 h.234 In addition, a separate study showed that upon 

glucose deprivation, glutamine deprivation or serine deprivation, HeLa cells induce the 

upregulation of c-myc which results in the upregulation of enzymes from the SSP and the one-

carbon metabolism.235 As such, as myc has been shown to drive the upregulation of genes 

encoding enzymes of the one-carbon metabolism, it can be thought that the hypoxia-induced 

downregulation of myc in HeLa cells is involved in the observed downregulation of their 

mitochondrial one-carbon metabolism. 

Further investigations would be required to probe this hypothesis. First, myc could be transiently 

expressed into HeLa cells and the impact on purine synthesis (and purinosome formation) 

analysed as a result of this upregulation. It can be hypothesised that “rescuing” myc in HeLa cells 

could be sufficient to restore the metabolic flux through the one-carbon metabolism and 

therefore enable the synthesis of the co-factors required for de novo purine biosynthesis. 

Metabolomic analysis would assess whether the mitochondrial one-carbon metabolism is 

restored upon myc overexpression and if so, does this allow to induce the de novo purine 

synthesis? If the answer to this second hypothesis is no, then the absence of an upregulation of 

the novo pathway in HeLa cells likely originates from a different issue than the downregulation of 

the mitochondrial one-carbon metabolism.  

In parallel, further work could involve probing purinosome formation and downstream de novo 

purine biosynthesis in cell lines that have previously been used to display an upregulated SSP and 

one-carbon metabolism in hypoxic conditions (e.g N-MYC amplified KELLY cells or MDA-MB-231, 

with the latter known to display an increased purinosome formation in hypoxia, as described in 

this work).98, 111 This way, it can be thought that the upregulation of these pathways will likely 

provide enough co-factors (i.e glycine and 10-f-THF) for the de novo purine biosynthesis to 

function. From these experiments, if the results suggest that the purinosome complexes form in 

these cells but do not synthesise purines then this might indicate either a new unknown function 
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of the purinosome complex in hypoxia or that the absence of de novo upregulation has another 

origin than the downregulated one-carbon metabolism.  

By completing these experiments, one could obtain further information about the cellular 

processes underlying purine biosynthesis in hypoxic cancer cells and gain further understanding of 

how various cancer cell types adapt their biosynthetic purine pathways in hypoxic conditions. 

Such understanding would enable the development of therapeutic strategies aiming at decreasing 

the synthesis of nucleotides, especially the purines, to specifically target hypoxic cancer cells.  
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Chapter 5 Experimental 

5.1 Equipment 

 Cell culture and cell imaging 

All mammalian cells were maintained in a HeraCell 150I incubator (Fisher Scientific, UK). 

Experiments in hypoxia were carried out in a H35 Hypoxystation (Don Whitley Scientific). 

Centrifugations of mammalian cell cultures were carried out in a Heraeus Biofuge Primo 

Centrifuge (ThermoScientific).  

Fluorescence microscopy was carried out using a Zeiss Axio Vert.A1 microscope fitted with a HXP 

120V light box as well as 10X, 20X and 40X phase contrast objectives (Carl Zeiss Microscopy). 

Three Zeiss fluorescence filter sets were used (excitation/emission) : Filter set 02 (365/420), Filter 

set 46 (500/535) and filter set 31 (565/620). Image acquisition was done using ZEN software (Carl 

Zeiss Microscopy). Confocal microscopy was carried out on a Leica SP8 Inverted scanning confocal 

microscope fitted with a Nikon plan apochromat 63x oil-immersion objective. Live recording was 

carried out using a Deltavision Elite live imaging system.   

 Molecular Biology and Assay Development  

All media and glassware were sterilised using a Touchclave-R autoclave (LTE Scientific Ltd., UK). A 

pH meter was used to measure the pH of buffers.  

Bacterial cell cultures were incubated  in a Thermo Scientific MaxQ 600 (Thermo Scientific, UK)  

shaking incubator. Agar plates were incubated in a Thermo Scientific Heratherm incubator 

(Thermo Scientific, UK). Room temperature or refrigerated centrifugation below 2,500 g was 

carried out in a Heraeus Biofuge Primo R centrifuge (Thermo Scientific, UK). Centrifugation of 

samples in microcentrifuge tubes was carried out in an accuSpin Micro17 centrifuge (Fisher 

Scientific). DNA purification was carried out using GeneJET miniprep and GeneJet Maxiprep 

(Thermo Scientific, UK). DNA, RNA and protein concentrations were measured using a NanoDrop 

ND-1000 Spectrophotometer (NanoDrop Technologies, USA). 

All SDS-PAGE electrophoresis and western blot transfers onto membranes were carried out in a 

Mini-PROTEAN Tetra Cell set up using a BioRad Power Pac Basic (BioRad Laboratories Ltd., UK). 

Gels and membranes were imaged using a ChemiDoc Imaging system linked to Image Lab 4.0 

software (BioRad Laboratories Ltd., UK). RT-qPCR were run on a CFX Connect Real Time PCR 
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System linked to a CFX Connect Software (BioRad Laboratories Ltd., UK). Absorbance in 96-well 

plates were measured using a ClarioStar plate reader (BMG Labtech, UK).  

5.2 Materials 

 Chemicals 

All chemicals were purchased from Fisher Scientific (UK) and Sigma-Aldrich, unless otherwise 

stated. RNA purification and reverse transcription reagents were purchased from Promega (UK). 

Western blotting reagents were purchased from GE Healthcare and BioRad Laboratories Ltd. (UK). 

Mammalian cell culture reagents were purchased from Life Technologies (UK). All solvents used 

were HPLC grade and purchased from Fisher Scientific (UK).   

Deferoxamine (DFX, D9533), 2-deoxyglucose (2-DG, D6134), 6-aminonicotinamide (6-AN, A68203) 

and hypoxanthine (H9636) were purchased from Sigma-Aldrich. 

 Plasmids 

hFGAMS-GFP, hFGAMS-mCherry, hADSL-GFP, G3BP-GFP, pC1-Neo-hPFAS-2xStrep, psiRNA-G6PD 

and psiRNA-G6PD-sc constructs were generously provided as gifts from Prof. Stephen Benkovic 

(Penn State University, Pennsylvania, USA). pcDNA5/FRT/TO HSPA2 (Addgene plasmid #19485)  

and pcDNA5/FRT/TO GFP HSPA2 (Addgene plasmid #19458) were gifts from Harm Kampinga.  

 siRNA 

Small interfering RNA (siRNA) targeting HIF-1α (S6539), Hsp90 (121532), Hsp70 isoform 1 

(145248), Hsp70 isoform 2 (145384) and Negative Control (4390846) were purchased from 

ThermoFisher Scientific (UK).  

 Antibodies 

Table 2.  List of antibodies 

Target protein Supplier Reference 

Antibody Anti--actin HRP-conjugated Sigma-Aldrich A3854-200UL 

Antibody Anti-ADSL Novus Biologicals NBP2-03107 

Antibody Anti-APRT Novus Biologicals NBP1-89519 
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Antibody Anti-ATIC Novus Biologicals NBP2-01941 

Antibody Anti-FGAMS Novus Biologicals NBP1-84691 

Antibody Anti-G6PD Novus Biologicals NBP1-89804 

Antibody Anti-GART Novus Biologicals H00002618-M01 

Antibody Anti-Glut1 Santa Cruz Biotechnology Sc-377228 

Antibody Anti-HIF-1 Novus Biologicals NB100-449 

Antibody Anti-HPRT Novus Biologicals NBP1-33527 

Antibody Anti-HspA1 Novus Biologicals NBP2-46806 

Antibody Anti-HspA2 Novus Biologicals NBP1-86185 

Antibody Anti-Hsp90 Abcam Ab13492 

Antibody Anti-MTHFD1 Santa Cruz Biotechnology sc-271412 

Antibody Anti-Mouse HRP-conjugated Thermo Fisher Scientific 35502 

Antibody Anti-Mouse Alexa 488-conjugated Thermo Fisher Scientific A11001 

Antibody Anti-PAICS Novus Biologicals NBP2-02817 

Antibody Anti-PFKL (rabbit) Novus Biologicals NBP1-85934 

Antibody Anti-PFKL (mouse) Santa Cruz Biotechnology Sc-393713 

Antibody Anti-PFKP Novus Biologicals H00005214-B01P 

Antibody Anti-PGD Novus Biologicals NBP1-31589 

Antibody Anti-PPAT Novus Biologicals NBP2-02056 

Antibody Anti-PRPS1 Novus Biologicals NBP1-31654 

Antibody Anti-Rabbit HRP-conjugated Cell Signalling 7074P2 

Antibody Anti-Rabbit Alexa 568-conjugated Thermo Fisher Scientific  A11011 

Antibody Anti-StrepTagII Abcam Ab76949 

Antibody Anti-TOMM20 Abcam Ab56783 
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 Gene expression assay probes 

Table 3.  List of qPCR probes 

Target gene Supplier Reference 

TaqMan Gene expression 18S Thermo Fisher Scientific Hs99999901_s1 

TaqMan Gene expression Beta actin Thermo Fisher Scientific Hs99999903_m1 

TaqMan Gene expression HIF-1α Thermo Fisher Scientific Hs00153153_m1 

TaqMan Gene expression Hsp90 Thermo Fisher Scientific Hs00743767_sH 

TaqMan Gene expression ADSL Thermo Fisher Scientific  Hs01075808_m1 

TaqMan Gene Expression APRT Thermo Fisher Scientific Hs00356991_m1 

TaqMan Gene expression ATIC Thermo Fisher Scientific Hs00269671_m1 

TaqMan Gene expression FGAMS (PURL) Thermo Fisher Scientific  Hs00389822_m1 

TaqMan Gene expression GART Thermo Fisher Scientific Hs00894582_m1 

TaqMan gene Expression HPRT Thermo Fisher Scientific Hs02800695_m1 

TaqMan Gene expression HspA1 Thermo Fisher Scientific Hs00359163_s1 

TaqMan Gene expression HspA2 Thermo Fisher Scientific Hs00745797_s1 

TaqMan Gene expression PAICS Thermo Fisher Scientific Hs00935017_gH 

TaqMan Gene expression PPAT Thermo Fisher Scientific Hs00601264_m1 

TaqMan Gene expression VEGF Thermo Fisher Scientific Hs00900055_m1 

All qPCR reagents and probes were purchased from ThermoFisher Scientific; TaqMan Universal 

Master Mix (4369016). 
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5.3 Preparation of materials and buffers 

 Lysogeny Broth (LB) 

LB powder (2.5 g) was added to deionised water (100 mL) and autoclaved at 115 °C for 20 minutes 

using the liquid media cycle. Media was allowed to cool down at room temperature before use.  

 LB Agar Plates  

LB Agar powder (10 g) was dissolved in deionised water (250 mL) and autoclaved at 115 °C for 20 

minutes using the liquid media cycle. Media was then allowed to cool down to 50 °C before 

addition of required antibiotics at the following concentrations: kanamycin (50 µg/mL) and 

carbenicillin (100 µg/mL). The media / antibiotic mixture was slowly swirled to prevent formation 

of bubbles and subsequently poured into sterile petri dishes (25 mL/dish). Once the gel was set, 

plates were dried at 37 °C for 30 minutes before use.     

 SOC Super Optimal broth with Catabolite repression  

SOC media was prepared by combining 500 µL of 20% (w/v) glucose solution, 500 µL of 1 M 

MgCl2, 500 µL of 2 M MgSO4 and 48.5 mL of freshly autoclaved LB.  All solutions were previously 

prepared with autoclaved deionised water. SOC media was then filtered through a 0.22 µm sterile 

filter (Millipore, UK) and stored at 4 °C.  

 Antibiotics 

Antibiotic stock solutions were prepared using autoclaved deionised water to a final 

concentration of 100 mg/mL. The solutions were filtered through a 0.22 µm sterile filter 

(Millipore, UK) and stored at 4 °C until needed.  

 TBF I Buffer 

TBF I buffer solution was made up by mixing the components in Table 4.  
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Table 4.  Composition of TBF I buffer 

Component Final concentration Quantity 

Potassium acetate 30 mM 0.59 g 

Rubidium chloride 100 mM 2.42 g 

Calcium chloride 10 mM 0.29 g 

Manganese chloride 50 mM 2.00 g 

Glycerol 15% (v/v) 30 mL 

The pH of the solution was adjusted to 5.8 with 1% acetic acid and made up to 200 mL using 

autoclaved deionised water. The solution was filtered through a 0.22 µm sterile filter and stored 

at -80 °C.  

 TBF II Buffer 

TBF II Buffer solution was made up by mixing the components in Table 5.  

Table 5.  Composition of TBF II buffer 

Component Final concentration Quantity 

3-(N-morpholino) 

propansulfonic acid (MOPS) 

10 mM 0.21 g 

Rubidium chloride 10 mM 0.12 g 

Calcium chloride 75 mM 1.10 g 

Glycerol 15% (v/v) 15 mL 

The solution was adjusted to pH 6.5 with 5 M NaOH and made up to 100 mL with autoclaved 

deionised water. The solution was then filtered through a 0.22 µm sterile filter and stored at -

80 °C.  

 Making Chemical Competent Cells 

A small amount of frozen stock of cells was added to 10 mL of LB broth and incubated at 37 °C 

overnight with shaking. From this, a 1% subculture was made in LB broth (250 µL of culture into 
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25 mL of LB broth) and this was incubated at 37 °C with shaking until OD600 reached 0.5-0.7. The 

culture was then centrifuged at 2,000 g for 15 minutes at 4 °C. The supernatant was discarded and 

the cell pellet was resuspended in 5 mL of TBF I buffer (see section 5.3.5 - Table 4). The 

centrifugation was repeated and supernatant discarded, followed by the resuspension of the cell 

pellet in 1 mL of TBF II buffer (see section 5.3.6 – Table 5). This solution was divided into 100 µL 

aliquots in PCR tubes on dry ice and stored at -80 °C until needed.  

 Agarose Gels 

1 % agarose gels were made by adding 1 g of agarose powder to 100 mL of Tris-acetate-EDTA 

(TAE) (1X) buffer and subsequent heating in microwave until powder was dissolved. The mixture 

was allowed to cool down to room temperature for 2 minutes and 15-20 µL of ethidium bromide 

was added to the solution (0.625 mg/mL). Solution was homogenised by gentle swirling and 

subsequently poured into a gel cast and left to set for 30 to 60 minutes at room temperature.  

 SDS-PAGE Gel preparation 

Resolving gels were prepared by mixing all components as indicated in Table 6. The solution was 

mixed ammonium persulfate was added followed by TEMED. Gel solution was mixed and poured 

between the two glass slides maintained by the gel cast. 200 µL of isopropanol was subsequently 

added on top to keep the gel meniscus flat. Resolving gel was let to set. Isopropanol was then 

removed and resolving gel was rinsed with plenty of water. All components for the stacking gel 

were mixed, finishing with ammonium persulfate and TEMED as before (Table 7). Stacking gel was 

then poured on top of resolving gel and a 10-well comb was placed between the two slides. Gel 

was let to set up at room temperature.  
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Table 6.  Composition of SDS-PAGE Resolving gels 

Component Quantity per 8% SDS Quantity per 10% SDS Quantity per 12% SDS 

Tris-Base 1.5 M pH 

8.8 

1.875 mL 1.875 mL 1.875 mL 

Acrylamide / 

Bisacrylamide (40% / 

0.8%) (w/v) 

1.5 mL 1.875 mL 2.25 mL 

SDS 10% Solution 75 µL 75 µL 75 µL 

TEMED 5 µL 5 µL 5 µL 

Ammonium 

Persulfate 

37.5 µL 37.5 µL 37.5 µL 

dH2O 4 mL 3.65 mL 3.25 mL 

Table 7.  Composition of SDS-PAGE Stacking Gel 

Component Quantity per gel 

Tris-Base 1.5 M pH 6.8 0.625 mL 

Acrylamide / Bisacrylamide (40% / 0.8%) (w/v) 315 µL 

SDS 10% Solution 25 µL 

TEMED 2.5 µL 

Ammonium Persulfate 12.5 µL 

dH2O 1.55 mL 

 SDS-PAGE Loading buffer (2X) or Laemmli Buffer 

Before being loaded onto SDS-PAGE Gel, protein samples were mixed in a 1:1 volume ratio to a 2X 

SDS-PAGE loading buffer (Table 8). Samples were subsequently heated up for 5 min at 95 °C and 

stored at 4 °C until needed.   
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Table 8.  Composition of SDS Loading Buffer (2X) 

Component 
Final Concentration Quantity for 50 mL 

Tris-HCl (pH 6.8) 
100 mM 788 mg 

SDS (sol. 20%) 
4% 10 mL 

Glycerol 
20% 10 mL 

Bromophenol blue 
1 mg/mL 50 mg 

Make up to 50 mL with deionised water 

Just before use, 200 mM of DTT from a previously prepared 1 mM DTT stock solution stored at -

20 °C was added. 

 SDS-PAGE Running buffer (5X) 

SDS-PAGE Running Buffer was made up as a 5X stock solution in deionised water as indicated in 

Table 9. When needed, stock solution was diluted down to 1X buffer using deionised water.  

Table 9.  Composition of SDS-PAGE Running Buffer (5X) 

Component 
Final concentration Quantity 

Tris base 
125 mM 15.1 g 

Glycine 
1.25 M 94 g 

20% SDS 
0.5% 25 mL 

Make up to 1 L with deionised water 

 Staining and Destaining Solutions for SDS-PAGE Gel 

SDS-PAGE was stained using destaining solution (see Table 10) supplemented with Coomassie 

Blue G250 (75 mg/L).  Once stained with Coomassie Staining Solution, SDS-PAGE gel was 

destained in order to be able to detect the protein bands. Gel was washed 3 x 60 min in 100 mL of 

destaining solution. Destaining solution was changed before each wash.   
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Table 10.  Composition of destaining solution for SDS-PAGE Gel 

Component 
Final concentration 

Acetic Acid 
10% (v/v) 

Ethanol 
40% (v/v) 

Deionised water 
50% (v/v) 

 Western Immunoblotting Buffers 

Buffers for western immunoblotting were made up fresh each time on the day of experiment and 

stored at -80 °C for a few hours until needed.  Depending on the membrane used to transfer the 

proteins, the composition of the buffer was different. See Table 11 for nitrocellulose membrane 

and Table 12 for PVDF membrane.  

Table 11.  Composition of transfer buffer for western immunoblotting on nitrocellulose 

membrane 

Component 
Final Concentration Quantity 

Glycine 
40 mM 2.93 g 

Tris-Base 1.5 M pH 8.3 
48 mM 32 mL 

Methanol 
20% 200 mL 

Make up to 1 L with deionised water 

 

Table 12.  Composition of transfer buffer for western immunoblotting on PVDF membrane 

Component 
Final Concentration Quantity 

Glycine 
196 mM 14.4 g 

Tris-Base 1.5 M pH 8.3 
25 mM 16.7 mL 

Methanol 
10% 100 mL 

Make up to 1 L with deionised water 
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 Pull-Down Assay Lysis Buffer 

Lysis buffer for pull-down assay was prepared on the day of experiment (see Table 13) and kept at 

4 °C until needed.  

Table 13.  Composition of lysis buffer for pull-down assay. 

Component Final concentration Quantity for 1 mL of buffer 

10 X protease inhibitor  1 X 100 µL 

10 X phosphatase inhibitor 1 X 100 µL 

Sodium Phosphate dibasic 500 

mM pH 8.0 

50 mM 100 µL 

Sodium Chloride 3 M 300 mM 100 µL 

Glycerol 5% (v/v) 50 µL 

Triton-X100 1% (v/v) 10 µL 

Deionised water  540 µL 

5.4 General Biology Procedure  

 Plasmid Transformation into Chemically Competent Cells 

5 µL of plasmid vector was added to 100 µL aliquot of chemically competent cells (see section 

5.3.7) and left to incubate on ice for 30 minutes. The cells were then heat shocked by incubating 

them at 42 °C in a water bath for 30 seconds. Following this, the cells were cooled down on ice 

and 895 µL of SOC broth (see section 5.3.3) was added. The mixture was incubated at 37 °C for an 

hour with shaking. 100 µL of the culture was then spread over an LB agar plate containing the 

appropriate antibiotics. The plate was incubated overnight at 37 °C. 

 Plasmid purification 

Following plasmid transformation into cells and LB agar plate incubation (see section 5.4.1), 

colonies on the plate were picked and grown overnight at 37 °C with shaking in 10 mL of LB broth 

supplemented with appropriate antibiotics.  
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For a small scale purification, the mixture was then centrifuged for 15 minutes at 2,000 g at 4 °C. 

The supernatant was discarded and pellet was used to purify the plasmid using a Thermo 

Scientific GeneJET Plasmid Miniprep kit (ThermoFisher Scientific) following manufacturer’s 

protocol.  

For a large scale purification, 250 µL of the overnight culture was used for subculture in 250 mL of 

fresh LB supplemented with the appropriate antibiotics (1/1000). Bacterial culture was grown 

overnight at 37 °C. The culture was then centrifuged for 45 minutes at 2,000 g at 4 °C. The 

supernatant was discarded and pellet was used to purify the plasmid using a ThermoFisher 

Scientific GeneJET Plasmid Maxiprep kit following manufacturer’s protocol.     

 Running SDS-PAGE Gel 

Protein samples were made up by mixing protein extract to SDS-PAGE loading buffer (see section 

5.3.10 - Table 8) in a 1:1 ratio and samples were boiled at 95 °C for 5 minutes. SDS-PAGE gel, 

made as described in section 5.3.9 were placed in a Mini PROTEAN tetra cell tank (BioRad) and 

immersed in 1X SDS-PAGE running buffer (see section 5.3.11 - Table 9). The protein samples were 

then loaded into the wells of the gel along with a size marker (EZ-run Prestained Rec Protein 

Ladder, Fisher Scientific, UK). The gel was run by applying 180 V for 45 to 55 minutes, until the 

bromophenol blue migration front reached the bottom of the gel.  

 SDS-PAGE Staining, Destaining and Visualisation 

Following the migration, the gel was placed in a box containing 100 mL of staining solution (see 

section 5.3.12). The box was placed on a rocker for 10 minutes and the gel was then transferred 

in a box containing 100 mL of destaining solution (see section 5.3.12 - Table 10). The gel was 

washed on a rocker for 3 x 60 minutes. Destaining solution was replaced with fresh one before 

each washing.  

5.5 Mammalian Cell Culture Procedures  

 Maintenance of Mammalian Cells 

Human Cervical Adenocarcinoma cells (HeLa), were purchased from American Type Culture 

Collection (ATCC). HeLa ATIC knockout cell line (ATIC KO) was a gift from Dr M. Zikanova and Dr. V 

Baresova (Charles University and General University Hospital, Prague, Czech Republic).   
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All cell lines, HeLa, MDA-MB-231 (human breast adenocarcinoma cells) and 786-O (human renal 

cell adenocarcinoma) were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM, 319066-021, 

Life Technologies) supplemented with 10% foetal bovine serum (10082-147, Life Technologies). 

ATIC KO HeLa cells were cultured in DMEM supplemented with 10% FBS, 1% (v/v) Pen/Strep and 

0.03 mM adenine. Cells were kept in a humidified atmosphere 5% CO2 incubator at 37 °C. 

Experiments in hypoxic conditions were carried out in a Whitley H35 Hypoxystation (Don Whitley 

Scientific) in which cells were cultured in humidified atmosphere, 1% O2, 5% CO2 and 94% 

nitrogen at 37 °C.  

 Mammalian cells passaging 

The following volumes are used for cell passaging in a 75 cm2 flask. 

Cell passaging was carried out by removing the growth media from the flask, washing the cells 

with 5 mL of DBPS once and subsequently incubating the cells with 4 mL of 0.05% trypsin-EDTA in 

cell culture incubator until all cells had detached. The trypsin was then diluted by adding 6 mL of 

warm growth media and the cell suspension was transferred into a 15 mL conical tube. Cells were 

centrifuged for 3 minutes at 400 g. Supernatant was discarded and cell pellet was resuspended in 

10 mL of growth media. 11 mL of fresh growth media was added to a new flask followed by 1 mL 

of the cell suspension, leading to a final 12 mL of cells in culture medium. If a higher confluency 

was required, a larger volume of cell suspension could be added.    

 Preparation of mammalian cell stock for cryo-preservation 

Culture media was removed from the flask and cells were washed once with DPBS. 4 mL of 0.05% 

trypsin-EDTA were added per 75 cm2 flask and cells were incubated until fully detached. 6 mL of 

growth media was then added to the flask in order to dilute the trypsin and the cell suspension 

was subsequently transferred to a 15 mL conical tube. Cells were centrifuged for 3 minutes at 400 

g. Supernatant was discarded and pellet was resuspended in 10 mL of growth media. The number 

of cells was counted using a Moxi cell counter and cells were then centrifuged as before. The cell 

pellet was then resuspended in freezing media (50% FBS, 40% DMEM and 10% DMSO) so as to get 

the appropriate concentration of cells was transferred to cryo-vials (typically 1.106 cells/mL). 1 mL 

of cell suspension was transferred to each cryo-vial. All cryo-vials were then placed into an 

isopropanol box which was stored at -80 °C to ensure a progressive freeing of the cells. On next 

day, cells were transferred into liquid nitrogen for long term storage.   
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 Thawing a frozen stock of mammalian cells  

The cryo-vial containing the cells was thawed quickly in a 37 °C water bath. The cells were added 

to 8 mL of warm growth media previously placed into a 15 mL conical tube. 1 mL of growth media 

was used to rinse the cryo-vial and subsequently added to the cell suspension, which was then 

centrifuged for 3 minutes at 400 g. Supernatant was discarded and pellet was resuspended in 12 

mL of warm growth media, all of which was then transferred into a new 75 cm2 flask.  

 Transient transfection of plasmids  

One day before transfection, the cells were plated in 35 mm Petri dishes (Corning) at a confluency 

of 1.5 to 3.0 x 105 cells per plate. One day prior to measurements, cells were transiently 

transfected with one plasmid or two plasmids. Cells were transfected using Lipofectamine 2000 

(Invitrogen) in Opti-MEM-I reduced serum media (Invitrogen) following manufacturer’s protocol.  

All transfections were carried out with 5 µL of Lipofectamine 2000 and 1 µg of each used plasmid 

DNA per reaction in a final 1.5 mL volume.  

After 5h of incubation with the Lipofectamine-DNA, cells were washed with Dulbecco’s Phosphate 

Buffer Saline (DPBS) and media was replaced with growth media. Cells were incubated in 

normoxia or hypoxia for the required amount of time.  

 Transient transfection of siRNA  

One day before transfection, the cells were plated in 35 mm Petri dishes (Corning) at a confluency 

of 1.5 x 105 cells per plate. One day prior to measurements, cells were transiently transfected with 

one plasmid or two plasmids. Cells were transfected using Lipofectamine RNAiMax (Invitrogen) in 

Opti-MEM-I reduced serum media (Invitrogen) following manufacturer’s protocol.  

All transfections were carried out with 5 µL of Lipofectamine RNAiMax and 5 nM final of siRNA per 

reaction in a final 2 mL volume.  

After 5h of incubation with the Lipofectamine-siRNA complexes, cells were washed with 

Dulbecco’s Phosphate Buffer Saline (DPBS) and media was replaced with growth media. 

 Transient co-transfection of plasmid and siRNA  

One day before transfection, the cells were plated in 35 mm Petri dishes (Corning) at a confluency 

of 1.5 to 3.0 x 105 cells per plate. One day prior to measurements, cells were transiently 
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transfected with one plasmid or two plasmids. Cells were transfected using Lipofectamine 2000 

(Invitrogen) in Opti-MEM-I reduced serum media (Invitrogen) following manufacturer’s protocol.  

All transfections were carried out with 5 µL of Lipofectamine 2000, 1 µg of each used plasmid DNA 

and 5 nM of siRNA per reaction in a final 2 mL volume.  

After 5 h of incubation with the Lipofectamine-DNA-siRNA complexes, cells were washed with 

Dulbecco’s Phosphate Buffer Saline (DPBS) and media was replaced with growth media. 

 Treatment with deferoxamine (DFX) 

Media containing DFX was prepared on the day of treatment by diluting 100X stock solution of 10 

mM DFX in water into growth media.   

Growth media was removed from the cells that had been previously plated in tissue culture 

dishes. Cells were washed with DBPS once and warm media containing DFX at 100 µM was added 

to the cells. Cells were placed back into incubator for the required amount of time.   

 Treatment with 2-deoxyglucose (2-DG) 

Media containing 2-DG was prepared on the day of treatment by dissolving 2-deoxyglucose 

powder into growth media to a final 5 mM solution (12.18 mg of powder into 10 mL of media).  

Growth media was removed from the cells that had been previously plated in tissue culture 

dishes. Cells were washed with DBPS once and warm media containing 2-deoxyglucose at 5 mM 

was added to the cells. Cells were placed back into incubator or hypoxia station for 6 h.   

 Treatment with 6-aminonicotinamide (6-AN) 

Media containing 6-AN was prepared on the day of treatment by dissolving 6-aminonicotinamide 

powder (6.3 mg) into 2 mL of water. This solution was placed into a heat block at 70 °C and was 

regularly vortexed until the powder was fully dissolved. The 2 mL solution was subsequently 

added to 44 mL of growth media, leading to a 46 mL media solution supplemented with 1 mM of 

6-AN. 

Growth media was removed from the cells that had been previously plated in tissue culture 

dishes. Cells were washed with DBPS once and warm media containing 6-aminonicotinamide at 1 

mM was added to the cells. Cells were placed back into incubator or hypoxia station for 6 h.   
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 Treatment with Compound 14 (Cpd14) 

In this work, Cpd14 was provided by Dr Nagarajan Elumalai (Tavassoli Group, University of 

Southampton, UK). 

Media containing Cpd14 was prepared on the day of treatment by preparing a stock solution of 

Cpd14 at 50 mM into 100% DMSO (3.1 mg of Cpd14 into 133 µL of DMSO). Stock solution of 

Cpd14 was then diluted 200X into growth media leading to a 250 µM Cpd14, 0.5% DMSO 

supplemented media.  

Growth media was removed from the cells that had been previously plated in tissue culture 

dishes. Cells were washed with DBPS once and warm media containing Cpd14 at 250 µM was 

added to the cells. Cells were placed back into incubator or hypoxia station for 24 h.   

 Treatment with hypoxanthine 

Media containing hypoxanthine was prepared on the day of treatment by dissolving hypoxanthine 

powder into growth media so as to get a final 60 µM hypoxanthine (4.08 mg of hypoxanthine into 

50 mL of growth media).  

Growth media was removed from the cells that had been previously plated in tissue culture 

dishes. Cells were washed with DBPS once and warm media containing hypoxanthine at 60 µM 

was added to the cells. Cells were placed into hypoxia station for 24 h.   

 Synchronisation of HeLa cells  

Following plasmid transfection, the media was removed and the cells were washed once with 1X 

DPBS. Fresh warm growth media supplemented with 0.5 mM of dibutyryl-cAMP (DB-cAMP) was 

added to the cells which were subsequently placed in normoxia and hypoxia for a further 16 h of 

incubation.   

 Purinosome-positive cell counting  

Cells had previously been transfected with a plasmid encoding for FGAMS-GFP, FGAMS-mCherry 

or ADSL-GFP and were subsequently treated as required. Following appropriate incubation and 

treatment time, growth media was removed. Cells were rinsed twice with HBSS media and 1 mL 

of HBSS was then added to the dish for live imaging. Once placed on the microscope platform, the 

dish would not be touched or moved until the counting of this condition was done to avoid 

observing the same cell twice. The platform was placed so as to make the cells in the top left 
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corner of the dish visible in the eyepieces. Two manual counter were used for the counting, each 

paced in one hand, the left one counting purinosome negative cells and the right one the 

purinosome-positive cells. Once the first cells were detected, the platform was moved from left to 

right until the end of the dish. Then, the platform was moved towards the cells below the last one 

observed until the last observed cells left the observed area. From this point, the platform was 

moved from right to left until the end of the dish, and so on, until the appropriate number of cells 

was counted. Each condition or treatment was observed at least in triplicate.  

 Cell fixing on slides 

To carry out confocal fluorescence microscopy, cells were prepared as described above despite 

the fact that they were cultured on a glass coverslip 22 x 22 mm placed in a 35 mm dish. Cells 

were treated similarly to the live cells but were fixed on the coverslip. Briefly, cells grown on the 

coverslips were washed twice with PBS and then fixed for 20 minutes at room temperature using 

freshly made 4% w/v paraformaldehyde in PBS. Cells were washed twice with PBS and the 

coverslip was mounted on a glass slide using DAPI-containing mounting medium. 

 Proximity Ligation assay 

All PLA experiments were performed in 8-well chamber slides (C1782, Nunc Lab-Tek, Sigma-

Aldrich). 2 x 104 HeLa cells were plated per well to a final volume of 300 µL in DMEM 

supplemented with 10% FBS. Slides were incubated in normoxia or hypoxia for 24 h.  

When analysis was carried out in purine-depleted conditions, HeLa cells were maintained in 

purine depleted media for one week prior experiment and plated at 2.104 cells / well in purine 

depleted media (RPMI + 5% dFBS) 

Following incubation, media was removed from wells and cells were washed twice with 200 µL 

PBS. Washing steps were performed gently and slides were tapped off to remove any excess of 

buffer. Cells were then fixed with 100 µL of 4% paraformaldehyde in PBS, RT for 10 minutes. 

Following fixation, cells were washed once with PBS. Cells were then permeabilised using 200 µL 

of 0.5% Triton-X100 in PBS, RT, 10 minutes. Permeabilising solution was then removed gently, 

cells were washed with PBS once and one drop of Duolink Blocking Solution was added per well. 

Slides were incubated RT for 1 h. Blocking solution was tapped off from the slides and cells were 

incubated overnight at 4 °C with 40 µL final volume of a mixture of one or two primary antibodies 

diluted as indicated in Table 14.  A negative control with only one primary antibody and a 

technical control with no antibody were included on each slide. In order to provide humidity, 

slides were placed on a wet tissue and covered with a box during incubation at 4 °C.  
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All following incubation steps at 37 °C were done using a wet tissue under a box to provide 

humidity as described above. All treatments were conducted using a final 40 µL of solution per 

well. All washing steps were made in 70 mL of corresponding washing buffer in a box on an orbital 

shaker. Washing buffers were used fresh each time. All treatments and washing were tapped off 

the slides between each step.  

On next day, primary antibodies solutions were tapped off the slides and chambers were 

removed. Slides were washed in 1X Wash Buffer A for 2 x 5 minutes. PLA probes (Anti-Mouse 

MINUS and Anti-Rabbit PLUS) were diluted 1:5 in Antibody Diluent. PLA probe solution was added 

to each sample and slides were incubated at 37 °C for 1 h. The slides were washed 2 x 5 minutes 

in fresh 1X Wash Buffer A. Ligation solution was made by diluting ligation stock 1:5 and ligase 1:40 

(1 µL final per sample) in the same solution of sterile dH2O. Ligation solution was added to 

sampled and incubated for 30 minutes at 37 °C. Slides were washed for 2 x 2 minutes with 1X 

Wash Buffer A.  

Amplification-Polymerase solution was prepared by diluting amplification stock 1:5 and 

polymerase 1:80 (0.5 µL final per sample) in sterile dH2O. Amplification-Polymerase was added to 

each sample and incubated at 37 °C for 100 minutes. Slides were washed 2 x 10 minutes in 1X 

Wash Buffer B and 1 minute in 0.01X Wash Buffer B consecutively. The slides were then left to dry 

at RT and once dried, were mounted with Duolink In Situ Mounting Medium with DAPI ensuring 

no air bubbles got caught under the coverslip. Nail polish was used to seal the edges of the 

coverslips and slides were observed on Leica SP8 Inverted scanning confocal microscope. DAPI 

was imaged using a 405 nm UV laser and PMT detection and Duolink red dye was imaged using a 

561 nm solid-state laser line and HyD detection 580-670 nm.   
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Table 14.  Dilutions of primary antibodies for PLA and immunofluorescence 

Target protein Antibody dilution 

ADSL 1:100 

FGAMS  1:12.5 

G6PD 1:100 

GART 1:25 

GLUT1 1:50 

HIF-1 1:100 

MTHFD1 1:50 

PFKL 1:50 

PFKP (Mouse) 1:125 

PGD 1:100 

PPAT 1:100 

PRPS1 1:100 

TOMM20 1:100 

 Immunofluorescence 

HeLa cells were plated at a confluency of 2.104 cells per well in 8-well slides (C1782, Nunc Lab-Tek, 

Sigma-Aldrich). Cells were let to settle for 16 h and were subsequently placed in normoxia or 

hypoxia for 24 h. Following this, cells were washed three times with 200 µL of cold PBS and 

subsequently fixed using 150 µL of 4% paraformaldehyde in water. Cells were let to incubate for 

10 minutes at room temperature or in the Hypoxystation. After fixing, cells were washed three 

times with 200 µL of cold PBS and permeabilised with 150 µL of 0.5% TX-100 in PBS added to each 

well. Cells were incubated in permeabilisation solution for 10 minutes at room temperature (or in 

Hypoxystation). Following permeabilisation, cells were rinsed once with 200 µL of PBS and 150 µL 

of Blocking buffer (see Table 15) was added to each well. Cells were incubated in blocking solution 

for 1 h at room temperature. After blocking, 50 µL of primary antibody solution at appropriate 

dilution (see Table 14) was added to each well and cells were incubated at 4 °C for 16 h in a 
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humidified chamber. Following this, chambers were removed from the slide and cells were 

washed 3 x 5 minutes in PBS on rocker. 50 µl of secondary antibody solution in 0.2% BSA/PBST 

was added per well with the antibodies diluted appropriately (Anti-Mouse Alexa 488-conjugated 

diluted 1:1000 and Anti-Rabbit Alexa 568-conjugated diluted 1:2000). Secondary antibody 

solution was incubated for 1 h at room temperature in the dark. Cells on the slide were then 

washed 3 x 5 minutes on rocker in PBS. Coverslip was mounted on slides with DAPI-containing 

mounting medium. Edges of the coverslip were sealed with nail polish and slides were stored at -

20 °C.  

Table 15.  Composition of Immunofluorescence Blocking Buffer 

Component Quantity  

BSA 1% w/v 

Glycine 22.52 mg / mL 

In PBST (PBS + 0.1% Tween-20)  

 Mitochondria staining using MitoTracker 

Following appropriate treatment and incubation, the media was removed from the dish 

containing the HeLa cells grown on coverslips. Cells were washed with PBS once and fresh warm 

media containing MitoTracker Deep Red (M22426, ThermoFisher Scientific) at 1 µM was added to 

the cells. Cells were incubated at 37 °C with MitoTracker for 30 minutes. Following incubation, 

media was discarded, cells were washed three times with PBS and were subsequently fixed for 10 

minutes at room temperature (or in hypoxia station for hypoxic cells) using a solution of 4% PFA in 

PBS. After incubation, fixing solution was removed, cells were washed three times with PBS and 

coverslips were left to dry in the dark prior mounting onto glass slides (see section 5.5.15).  

Mitotracker was imaged as described in section 5.5.21, using excitation laser at 633 nm and HyD 

detection from 645 to 700 nm. 

  Live Cell Imaging 

Prior to imaging, cells were washed twice with Hank's Balanced Salt Solution (HBSS) 

(ThermoFisher Scientific).   

All live samples were imaged at room temperature (approximately 25 °C) in HBSS using a 40× 

objective using a Axio Vert. A1 Inverted microscope (Carl Zeiss Microscopy) and a HXP-120V light 
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source (Carl Zeiss Microscopy). A Fs46 set (exc. 500/20 nm ; em. 535/30 nm), a Fs31 filter set (exc. 

565/30 nm ; em. 620/60 nm) and a Fs02 filter set (exc. 365 nm; em. 420 nm) were used to 

accomplish the detection of GFP, mCherry and DAPI respectively. Image acquisition was carried 

out using ZEN software (Zeiss).  

 Live cell recording – time lapse acquisition  

HeLa cells were plated in a glass-bottom tissue culture dish (P35G-1.5-14-C, MatTak Corporation), 

and were transfected with FGAMS-mCherry 16 h prior experiment. On the day of experiment, cell 

media was changed for phenol red-free DMEM supplemented with 10% FBS. The dish was 

observed on a Deltavision Elite live imaging system equipped with a 37 °C incubator. HeLa cells 

were observed using a mCherry filter set. A gas bottle containing a hypoxic gas mixture (1% 

oxygen, 5% CO2, 94% nitrogen, BOC) was equipped with a gas regulator (BOC), a gas flowmeter 

set up at 20 mL/min and gas tubing in order to inject a hypoxic environment directly into the cell 

dish as displayed in Figure 27. Recording was carried out for 4 h and a picture of the cell interest 

was taken every 15 minutes.     

 Confocal Fluorescent Microscopy 

Fixed cells were imaged with a Nikon plan apochromat 63× oil-immersion objective on a Leica SP8 

Inverted scanning confocal microscope. GFP was imaged using the 488 nm argon laser line and 

PMT detection 518-550 nm (green). mCherry was imaged using a 561 nm solid-state laser line and 

PMT detection 570-700 nm. Each acquisition was averaged at least four times to get rid of 

background signals. Z-stacking was performed with 15 steps through the cell volume. DAPI was 

imaged using a 405 nm UV laser and PMT detection.  

 Super-Resolution Radial Fluctuations (SRRF) 

SRRF imaging of mitochondria and purinosomes was performed using a Nikon plan apochromat 

63× oil-immersion objective on a Leica SP8 Inverted scanning confocal microscope. HeLa cells 

grown on glass coverslips were transfected with plasmid encoding FGAMS-GFP and subsequently 

incubated in hypoxia as previously described (see section 5.5.5). Mitochondria was stained as 

described in section 5.5.18 and cells were subsequently fixed and coverslip mounted on glass 

slides. GFP was imaged using the 488 nm argon laser line and PMT detection 518-550 nm (green). 

MitoTracker Deep red was imaged using the 633 nm argon laser line and HyD detection 645-700 

nm. 100 frames were acquired over time in the shortest possible time (less than 2 minutes per 
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channel) and the resulting pictures were then processed using NanoJ SRRF plugin on ImageJ (FIJI) 

software.   

 Extraction and purification of RNA from mammalian cells  

The cells used for RNA extraction and RT-qPCR analyses were transfected as described in section 

5.5.5 with some modifications. 4.0 x 105 cells were plated in 60 mm dishes. Cells were transfected 

with Negative Control siRNA and HIF-1α siRNA using Lipofectamine RNAiMAX (Invitrogen) in Opti-

MEM-I, following manufacturer’s protocol. After 5h of incubation with the Lipofectamine - siRNA 

complexes, cells were washed with PBS and media was replaced with growth media. Cells were 

incubated in normoxia or hypoxia for 24 h.  

Total mRNA was extracted from cells using Reliaprep RNA miniprep kit (Promega, UK). Briefly, 

cells were harvested using Trypsin-EDTA 0.05% subsequently diluted with growth media. Cells 

were collected and the solution was centrifuged at 400 g for 4 minutes. Supernatants were 

discarded and pellets were washed twice with PBS. Pellets were then lysed in 100 µL of BL + TG 

buffer each. Lysates were treated following manufacturer’s protocol. RNA was quantified using 

Nanodrop ND-1000 spectrophotometer. RNA was used fresh for reverse transcription or stored at 

-80 °C until needed.  

 Reverse transcription of RNA into cDNA 

100 ng to 1 µg of RNA was used as template to synthesize the complementary cDNA using 

GoScript Reverse Transcription kit (Promega, UK) and thermo cycler PCR machine (CFX-Connect 

real-time system, BioRad).  

Table 16.  Protocol for reverse transcription of RNA into cDNA 

Step Temperature Time 

Annealing 25 °C 5 min 

Extension 42 °C 60 min 

Reverse Transcriptase 

activation by Heating 

70 °C 15 min 

Following reverse transcription, cDNA was adjusted to a concentration of 100 ng/µL in nuclease 

free water (Promega, UK). cDNA was then either stored at -20 °C or directly used as template for 

qPCR. 
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 Quantitative Polymerase Chain Reaction (RT-qPCR) 

qPCR was performed using TaqMan Universal Master Mix (ThermoFisher Scientific) and TaqMan 

gene expression probes (see section 5.2.5). 100 ng of cDNA was used as template in each well. In 

order to ensure the specificity of each gene expression probe, qPCR reactions with no cDNA 

template referred as No Template Control (NTC) were carried out for each probe. Technical 

triplicates were made for each sample (including reference genes and NTC samples) following the 

volumes indicated in Table 17.  

 Table 17.  Composition of a qPCR reaction 

Component Volume per well  (µL) 

Nuclease free water 8 

2X TaqMan master mix 10 

20X TaqMan gene expression Assay 1 

cDNA at 100 ng/µL 1 

Expression values for each gene were expressed as ΔΔCt. To avoid any bias in the results, the 

expression of each studied gene was normalised to the average of two reference genes, 18S and 

-actin. All expression values were normalised to normoxic gene expression.  

 Protein extraction from mammalian cells 

HeLa cells were lysed by scraping them with radioimmunoprecipitation assay (RIPA) (9806, Cell 

signalling Technologies) buffer (50 mM Tris pH 7.4, 150 µM NaCl, 1 mM EDTA, 1% (v/v) Triton X-

100) supplemented with 1X cOmplete™ protease inhibitor cocktail (Roche). Cell lysates were 

sonicated 10 x 30/30 sec in an ice water bath and then centrifuged at 10,000 g for 20 minutes at 

4 °C. Supernatants were transferred to a microcentrifuge tube and the protein concentrations 

were measured using a Bradford assay or BCA test (see section 5.5.27). Samples were mixed 1:1 

with SDS loading dye and boiled at 95 °C for 5 minutes. Samples were placed at 4 °C until 

required.  

 Protein quantification  

Protein concentrations in supernatants were quantified by Bradford assay or using BCA kit (ref, 

Thermofisher) following manufacturer’s instructions. 
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  Western blot analysis 

Samples were loaded onto an SDS-PAGE gel (5 to 50 µg per lane depending on studied protein) in 

order to separate the proteins that were subsequently transferred to PVDF membrane 

(IPVH00010, Merck Millipore,) or nitrocellulose membrane (10600002, GE Healthcare). To transfer 

the proteins to nitrocellulose membrane, the membrane, sponges and filter papers were soaked 

in ice-cold transfer buffer (Table 11) for 5 minutes and the apparatus was subsequently mounted 

with the SDS-PAGE gel. For blotting on PVDF membrane, the sponges and filter papers were 

soaked in ice-cold transfer buffer (Table 12) along with the SDS-PAGE gel and were left to 

equilibrate for 15 minutes. The PVDF membrane was placed in methanol for 10-20 seconds and 

subsequently rinsed in deionised water for 2 minutes. The membrane was then placed in ice-cold 

transfer buffer for 5 minutes and the apparatus was subsequently mounted.  

The transfer was carried out at 250 mA for 120 minutes. Membranes were subsequently blocked 

by incubating them in PBS 0.1% Tween-20 supplemented with 5% powdered milk  with gentle 

agitation on rocker for one hour. The membranes were then incubated with primary antibodies 

overnight at 4 °C. Antibodies were diluted at appropriate dilutions in 5% milk in PBS 0.1% Tween-

20. Prior to incubating with secondary antibodies, membranes were washed three times using 

PBS 0.1% Tween-20 (washing buffer). Secondary HRP-conjugated anti-rabbit and anti-mouse 

antibodies were diluted in 5% milk in PBS 0.1% Tween-20 at 1:20 000 and 1:100 000 dilutions, 

respectively. To ensure a proper loading of the gel, -actin was used as internal control; HRP-

conjugated anti--actin antibody was diluted (1: 50 000) in 5% milk in PBS 0.1% Tween-20. 

Membranes were incubated with HRP-conjugated antibodies for an hour at room temperature. 

Band visualisation was carried out using Amersham ECL reagent (GE Healthcare, RPN2235) for the 

proteins of interest or Clarity Western ECL substrate (BioRad, 170-5060) for -actin. Imaging was 

then processed using a ChemiDoc Imaging system linked to Image Lab 4.0 software (BioRad).  

Optimal conditions including primary antibody dilution and membrane for each protein studied 

are summarised in Table 18. 
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Table 18.  Optimal conditions for western immunoblotting for each target protein. 

Target protein Membrane  Primary Antibody dilution 

ADSL Nitrocellulose 1:500 

APRT Nitrocellulose 1:250 

ATIC Nitrocellulose 1:500 

FGAMS Nitrocellulose 1:1000 

GART Nitrocellulose 1:500 

HIF-1 Nitrocellulose 1:500 

HPRT Nitrocellulose 1:1000 

Hsp70-1 Nitrocellulose 1:250 

Hsp70-2 Nitrocellulose 1:500 

Hsp90 Nitrocellulose 1:1000 

PAICS Nitrocellulose 1:1000 

PPAT Nitrocellulose 1:500 

StrepTagII PVDF 1:1000 

 

 Pull-Down Assay  

HeLa cells were plated at a confluency of 4 x 105 cells per 35 mm dish or 2 x 106 cells per 100 mm 

dish in growth media. On next day, media was removed, cells were washed once with DPBS and 

subsequently transfected as follow: 24 µg of pCI-neo-StrepTagII constructs were transfected into 

cells plated in 100 mm dishes using Lipofectamine 2000 in a 1:2.5 ratio, as previously described in 

section 5.5.5. When using cells in 35 mm dishes, 4 µg of plasmid DNA were transfected. 

Transfection was left to incubate for 5 hours after which the media was exchanged for growth 

media. Mammalian expression of the StrepTagII fused proteins was let to proceed for 24 h in 

normoxia. Cells were subsequently placed in normoxia or hypoxia for an additional 24 h, allowing 

a total expression time of 48h. On the day of the assay, the culture media was removed and cells 
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were washed with 10 mL of DPBS once. Hypoxic samples were kept in the hypoxia for the entire 

lysis process. Lysis buffer (see Table 13) was added to the dishes which were placed on ice for 30 

minutes (200 µL of lysis buffer per 35 mm dish and 1.75 mL of lysis buffer per 100 mm dish). Cell 

lysates were collected into 1.5 mL or 2 mL microcentrifuge tubes and let on ice for a further 15 

minutes to ensure that lysing was complete. Lysates were then centrifuged at 10,000 g for 20 

minutes at 4 °C. Supernatant were transferred into fresh microcentrifuge tubes and pellets were 

discarded.  

While lysates were being centrifuged, the magnetic beads were equilibrated following 

manufacturer’s protocol (MagStrep “type 3” XT beads, Iba). 20 µL of beads suspension which 

corresponds to 1 µL of pure magnetic beads are used for 200 µL of lysate. As such, for each 200 µL 

lysate, 20 µL of beads suspension was placed into a magnetic separator (Iba) and supernatant was 

discarded. 200 µL of 1X buffer W (Iba) was added to the beads and the tube was subsequently 

placed into the magnetic separator. Supernatant was discarded and beads were ready to use.  

200 µL of lysate was added to 1 µL of previously washed magnetic beads and the suspension was 

left to incubate on ice for 30 minutes with a quick vortexing step every 10 minutes. Following 

incubation, tube was placed into magnetic separator and supernatant was discarded. 100 µL of 1X 

buffer W was added to the beads in order to wash them. Tube was placed in magnetic separator 

and supernatant was discarded. This washing process was repeated two more times. 

Finally, proteins were eluted from the beads in denaturing conditions by addition of 25 µL of SDS-

loading dye (see Table 8) per µL of beads. Sample was heated at 95 °C for 5 minutes to ensure full 

elution and denaturation of proteins. Tube was placed in magnetic separator, SDS-loading dye-

containing protein was transferred to a new microcentrifuge tube and kept at 4 °C until required 

for further electrophoresis.   

 Proteomics analysis 

In order to analyse the proteins caught as prey in the pull down experiment, the pull down 

samples were prepared as presented in section 5.5.29 until the last washing step (prior elution 

and denaturation). Following this last washing step, the washing buffer was removed and the 

beads were resuspended in 30 µL of a solution of 50 mM ammonium bicarbonate in water. 

Samples were subsequently submitted to the Centre for Proteomic Research (University of 

Southampton) for mass spectrometry analysis.  
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 Sample preparation for metabolomics analysis in HeLa cells  

Sample preparation protocol was based on previously reported experiment with some 

modifications.169 5 x 105 HeLa cells were plated in 100 mm dishes and incubated in normoxia for 

24 h. On the next day, cells were washed with PBS and 10 mL of warm growth media was added 

to each plate. Cells were further incubated for 24 h in normoxia or hypoxia. Following incubation, 

metabolites were extracted from cells and media as described in the following section 5.5.35.  

 Sample preparation for metabolomics analysis in cells cultured with isotope: 13C6-

Glucose  

Growth media for isotope incorporation was prepared as follow on day of experiment: glucose-

free and glutamine-free DMEM (A14430, Life Technologies, UK) was supplemented with 25 mM 

13C6-Glucose (CLM-1396-1, CK isotopes), 1 mM glutamine (GlutaMAX, 35050061, Life Technologies 

UK)  and 10% FBS. 

8 x 105 HeLa cells maintained in DMEM + 10 % FBS were plated in 100 mm dishes and incubated in 

normoxia for 24 h. On the next day, media was removed, cells were washed once with PBS and 

fresh warm media containing 25 mM 13C6-Glucose was added to the dishes. Cells were 

subsequently placed in normoxia or hypoxia for 2 h and 24 h. Following incubation media from 

these dishes was discarded, cells were washed twice with PBS and 3 mL of warm trypsin-EDTA 

was added to the dishes to detach the cells. Once cells were detached, 7 mL of growth media was 

added to each dish, cell suspensions were collected into 15 mL conical tubes. Cell suspensions 

were then centrifuged at 160 g for 4 minutes and pellets were washed three times with PBS. 

Supernatants were discarded and cell pellets were resuspended in 200 µL of ice-cold 100% 

methanol. Samples were stored at -80 °C until shipment in dry ice to Pennsylvania State University 

(USA).  

 Sample preparation for metabolomics analysis in cells cultured with isotope: 15N-

serine 

Growth media for isotope incorporation was prepared as follow on day of experiment: serine-free 

MEM (M4655, Corning) supplemented with 60 µM 15N-L-Serine (NLM-2036, CK isotopes) and 10% 

FBS.  

8 x 105 HeLa cells maintained in DMEM + 10% FBS were plated in 100 mm dishes and incubated in 

normoxia for 24 h On the next day, media was removed, cells were washed once with PBS and 

fresh warm media containing 60 µM 15N-L-Serine was added to the dishes. Cells were 
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subsequently placed in normoxia or hypoxia for 2 h and 24 h. Following incubation media from 

these dishes was discarded, cells were washed twice with PBS and 3 mL of warm trypsin-EDTA 

was added to the dishes to detach the cells. Once cells were detached, 7 mL of growth media was 

added to each dish, cell suspensions were collected into 15 mL conical tubes. Cell suspensions 

were then centrifuged at 160 g for 4 minutes and pellets were washed three times with PBS. 

Supernatants were discarded and cell pellets were resuspended in 200 µL of ice-cold 100% 

methanol. Samples were stored at -80 °C until shipment in dry ice to Pennsylvania State University 

(USA).  

 Sample preparation for metabolomics analysis in cells cultured with isotope: 15N-

Glutamine  

Growth media for isotope incorporation was prepared as follow on day of experiment: glutamine-

free DMEM (11960-044, Life Technologies, UK) was supplemented with 1 mM 15N-amide labelled 

L-Glutamine (NLM-557, CK isotopes) and 10 % FBS (in purine-rich) or 10% dialysed FBS (purine-

depleted).  

8 x 105 HeLa cells maintained in DMEM + 10% FBS were plated in 100 mm dishes and incubated in 

normoxia for 24 h. On the next day, media was removed, cells were washed once with PBS and 

fresh warm media was added to the dishes. Cells were subsequently placed in normoxia or 

hypoxia for 12 h. Following incubation, 5 mL of media from one dish of each condition (purine rich 

normoxia, purine rich hypoxia and purine-depleted hypoxia) was transferred to a 15 mL centrifuge 

tube and kept aside for later treatment. The remaining media from these dishes was discarded, 

cells were washed twice with PBS and 3 mL of warm trypsin-EDTA was added to the dishes to 

detach the cells. Meantime the media of the remaining dishes was removed, the cells were 

washed with PBS once and 15N-glutamine supplemented media was added to the cells. Cells were 

then let to incubate for the appropriate amount of time. Following incubation, the media was 

removed, the cells washed with PBS and trypsinised as before and treated as follow : 

Once cells were detached, 7 mL of growth media was added to each dish and the cell 

concentration was measured in the cell suspension using a Moxi Z Mini Cell Counter (Orflo). Cell 

suspensions were then centrifuged at 160 g for 4 minutes and pellets were washed three times 

with PBS. Supernatants were discarded and cell pellets were resuspended in 200 µL of ice-cold 

100 % methanol. Samples were stored at -80 °C until shipment in dry ice to Pennsylvania State 

University (USA).  
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 Metabolite extraction  

Metabolites extraction protocol was based on previously reported experiment with some 

modifications.169 Following appropriate treatment and incubation, metabolites from cells were 

extracted. When required for analysis, media from each dish was transferred to individual conical 

tubes to which 1% perchloric acid 1 M (v/v) was added. Tubes were subsequently placed at -80 °C 

until required. Cells were washed with PBS and detached from the plates using trypsin-EDTA. At 

this point, the number of cells was measured to allow further normalisation. Cell suspensions 

were centrifuged at 160 g for 4 minutes and pellets were washed three times with PBS. 

Supernatants were discarded and pellets were resuspended in 500 µL of 80% methanol in water. 

Pellets were vortexed, snap frozen and thawed on ice for 10 minutes. This freeze-thaw cycle was 

repeated two more times. Final suspensions were centrifuged for 15 minutes at 3,000 g, 

supernatants were collected and pellets were kept for protein quantification. This extraction 

process was repeated for each sample using 200 µL of 80% methanol in water. Combined 

supernatants from the two extractions were centrifuged for 30 minutes at 7,000 g and 

supernatants were transferred to glass vials. Methanol was removed in vacuo and aqueous 

samples were frozen at -80 °C and subsequently freeze-dried for 72 h. Media samples were 

thawed on ice and centrifuged for 20 minutes at 9,000 g. Supernatants were then neutralised 

with 2% (v/v) of 3.5 M of K2CO3 and incubated on ice for an hour. Centrifugation step was 

repeated and supernatants were filter through a PTFE 0.22 µm syringe filter. Samples were 

transferred to glass vials, frozen at -80 °C and freeze-dried for 72 h. 

 Metabolomics analysis 

For samples produced in sections 5.5.32, 5.5.33 and 5.5.34, metabolites were extracted following 

procedure in section 5.5.35 by Dr Anthony M. Pedley at Pennsylvania State University (USA). 

Injections of all samples and subsequent spectra analysis was carried out by Dr Anthony M. Pedley 

(Pennsylvania State University, USA) using the following procedure.  

Samples were reconstituted in either 30 µL of 3% (v/v) methanol in water with 1 µM 

chlorpropamide and 0.1% (v/v) formic acid and analysed by LC-MS using a modified version of an 

ion pairing reversed phase negative ion electrospray ionisation method.4 Samples were separated 

on a Phenomenex Synergi Hydro-RP C18 column (100 × 2.1 mm, 2.5 µm particle size) using a 

water-methanol gradient. The LC-MS platform consisted of a Dionex Ultimate 3000 quaternary 

HPLC pump, a Dionex 3000 column compartment, a Dionex 3000 autosampler, and an Exactive 

Plus Orbitrap Mass Spectrometer controlled by Xcalibur 2.2 software. The HPLC column was 

maintained at 30 °C and a flow rate of 200 µL/min. Solvent A was 3% (v/v) aqueous methanol with 
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10 mM tributylamine and 15 mM acetic acid; solvent B was methanol. The gradient was 0 min at 

0% solvent B; 5 min at 20% solvent B; 7.5 min at 20% solvent B; 13 min at 55% solvent B; 15.5 min 

at 95% solvent B; 18.5 min at 95% solvent B; 19.0 min at 0% solvent B; 25 min at 0% solvent B. The 

Exactive Plus was operated in negative ion mode at maximum resolution (140,000) and scanned 

from 70 to 1000 m/z. 

Peak areas for all metabolites were calculated using Xcalibur 2.2 software.236,237 All spectra were 

aligned to one another and metabolites identified using an in-house metabolite reference library. 

Peak areas were corrected for injection differences using chlorpropamide (internal standard) and 

normalised to the number of cells or represented as percent of total isotopologue species. 

 Cell growth measurement 

HeLa cells were plated into 24-well plate at 5 x 104 cells per well. Cells were let to recover 

overnight. On next day, cell number at time 0 was quantified. Briefly, media was removed, cells 

were washed once with DPBS. 200 µL of Trypsin was added to each well. Cells were placed back 

into incubator until fully detached. 300 µL of warm growth media was added to each well. The cell 

concentration of each cell suspension was measured using Moxi Z Mini Cell Counter (Orflo) 

following manufacturer’s instructions. The remaining cells were placed in normoxia and hypoxia 

for 24 h. Following incubation, the same trypsinisation and counting process was repeated. The 

cell concentration at 24 h was normalised to the cell concentration measured at 0 h. 

 Cytotoxicity Assay 

Hela cells were plated in 96-well plates at a confluency of 5,000 cells per well. Cells were let to 

recover overnight and on next day, media was removed and cells were washed once with 1X 

DPBS. Media containing Cpd14 at 50 µM, 100 µM and 250 µM was prepared by diluting a stock 

solution of Cpd14 (100 % DMSO) so as to get the appropriate compound concentration and 1 % 

final DMSO concentration in growth media. In parallel, a non-treated condition as well as a DMSO 

control condition were prepared. Media was added to the cells (100 µL per well) and cells were 

placed in normoxia or hypoxia for 24 h. Following incubation, cytotoxicity was assessed using 

Cytotox 96 Non-Radioactive Cytotoxicity Assay (G1780, Promega), including a maximum LDH 

release control. 50 µL of cell media from each condition was transferred into a new 96-well plate. 

50 µL of the CytoTox96 Reagent was added to each well, the plate was covered in foil and let to 

incubate for 30 minutes at room temperature. Then, 50 µL of Stop Solution was added to each 

well. Absorbance was read at 490 nm on Clariostar plate reader.   
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5.6 Data analysis 

All statistical analysis were carried out on GraphPad Prism software using unpaired student-t test. 

Statistical significance was defined as * p-value < 0.05, ** p-value < 0.01, *** p-value < 0.005, 

**** p-value < 0.0001. 

 Z-stack and 3D volume reconstructions as well as Pearson’s coefficient calculations were carried 

out using ImageJ software.    
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