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Abstract  

Waveguide enhanced Raman spectroscopy (WERS) utilizes simple, robust, high-index contrast 

dielectric waveguides to generate a strong evanescent field, through which laser light interacts with 

analytes residing on the surface of the waveguide. It offers a powerful tool for the direct identification 

and reproducible quantification of biochemical species and an alternative to surface enhanced Raman 

spectroscopy (SERS) without reliance on fragile noble metal nanostructures. The advent of low cost 

laser diodes, compact spectrometers and recent progress in material engineering, nanofabrication 

techniques and software modelling tools have made realising portable and cheap WERS Raman 

systems with high sensitivity a realistic possibility. This review highlights the latest progress in WERS 

technology and summarizes recent demonstrations and applications. Following an introduction to the 

fundamentals of WERS, the theoretical framework that underpins the WERS principles is presented. 

The main WERS design considerations are then discussed and a review of the available approaches for 

the modification of waveguide surfaces for the attachment of different biorecognition elements is 

provided. The review concludes by discussing and contrasting the performance of recent WERS 

implementations, thereby providing a future roadmap of WERS technology where the key 

opportunities and challenges are highlighted. 
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Demand for low-cost point-of-care clinical diagnostics, environmental detection and pervasive 

chemical safety and security systems, combined with the advances in standardized silicon-based 

photonics technologies are enabling rapid growth in biosensing and chemical sensing systems. Chip-

based sensing of biochemical species usually exploits the binding of biomolecules in a biological 

sample to receptors immobilized on the chip surface. Many optical phenomena have been employed 

to detect this binding and identify and quantify the biochemical species, with refractometry and 

fluorescent labelling being two of the most successful approaches. In refractometry, the surface 

density of bound molecules is determined by detecting the refractive index change in a surface layer 

as the aqueous matrix is displaced by the biomolecules. In fluorescent label-based biosensors, this 

surface density is most commonly determined by measuring the optical power emitted by the 

fluorescent-labelled molecules bound at the surface. In both cases specificity is provided by a 

combination of the surface receptors and an appropriate sample incubation protocol. Refractometry 

suffers from interferences from non-specific binding (from other biomolecules in the sample) while 

fluorescent-tagged-based approaches suffer from the cost and inconvenience of labelling and the 

potential for the label to alter the nature of the binding process. Refractometry is particularly suitable 

for dynamic measurements of binding, as exemplified by the Biacore Surface Plasmon Resonance 

(SPR) instrument [1], while photobleaching can render dynamic measurements difficult for 
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fluorescence-based sensors. Recently, excellent reviews of both approaches have been published [2, 

3]. 

Direct optical spectroscopy of biomolecules offers improved specificity, due to the acquisition of 

chemically-specific compositional information, and potentially a reduced need for labels or surface 

receptors. Numerous spectroscopic techniques, such as absorption spectroscopy, fluorescence 

spectroscopy and Raman spectroscopy, have been utilized to realize significant advances in a wide 

range of medical, environmental and biological disciplines [4-10]. For instance, fluorescence 

spectroscopy, using the innate fluorescence of the biological molecules, has been used in detecting 

cancers [11], diagnosing neurodegenerative diseases [12], studying the microstructural composition 

of biological tissues [13], and in food processing applications [14]. Similarly, absorption spectroscopy 

has been utilized in applications ranging from the characterization of catalysts and catalytic reactions 

[15] and the study of cellular metabolism [16] to remote sensing [17], forensic analysis [18] and 

detection of air pollutants [19]. Vibrational spectroscopies, such as absorption spectroscopy in the 

mid-infrared (MIR) part of the spectrum (2-16 µm) or Raman spectroscopy, offer chemically specific 

information (or a “fingerprint”) at the level of molecular vibrations and are both seeing increased 

exploitation in biochemical measurements at surfaces. Vibrational spectroscopy serves as a tool to 

directly identify molecules and their concentrations and vibrational characteristics. 

Most untreated biological samples are aqueous and MIR spectroscopy suffers from the strong 

background absorption of water over much of the MIR. Furthermore, low-cost MIR sources, materials, 

detectors and spectrometers are at an early stage of development of compared to the near-infrared 

(NIR 0.75 - 2 µm) which has benefitted greatly from advances in telecommunications. Nonetheless, 

significant advances are being made in this field and an excellent perspective on MIR materials and 

instrumentation for (bio)chemical spectroscopy at waveguide surfaces can be found in Reference [20].  

While MIR spectroscopy detects the absorption of radiation at frequencies corresponding to the 

molecular vibrations, Raman spectroscopy analyses the inelastic scattering of incident photons by the 

molecules of the sample under test [21, 22]. The scattered photons exhibit a frequency shift relative 

to the frequency of the incident photons, which is proportional to the vibrational energies of the 

scattering molecules. In effect, the vibrational frequencies are upshifted by the frequency of the laser 

“pump” source, translating measurement to a more convenient (visible or NIR) part of the 

electromagnetic spectrum. This avoids the problems of water absorption but brings the disadvantage 

of low Raman scattering cross-section (typically 6-8 orders of magnitude lower than fluorescence 

emission), resulting in the requirement for detection of very low power spectra. Raman spectroscopy 

and its advanced variants such as coherent Raman scattering [23] and surface enhanced Raman 

scattering (SERS) [24-27] have been utilized in numerous bio-chemical analysis applications such as 

the study of viruses and tumors [28, 29], DNA/RNA analysis [30] and monolayer and single molecule 

detection [31-33]. More details can be found in a number of excellent reviews of various aspects of 

SERS [34-36] covering both the general field and specific applications. 

In SERS the surface enhancement is made up of contributions from a chemical enhancement and from 

an electromagnetic enhancement. Of the two, the electromagnetic enhancement is the larger 

contributing a factor of > 104 as compared to a contribution of typically no more than 102 for the 

chemical enhancement. The chemical enhancement arises when covalent bonding (chemisorption) 

between the molecule and the metal surface leads to new electronic levels that are close to resonance 

with the exciting laser light  [37] and is highly specific to the particular molecule and metal surface 

[38].  In contrast, the electromagnetic enhancement [39] arises because of the intensification of the 

local electromagnetic field at the metal surface and the interaction of this localized electromagnetic 
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field with the molecules close to the surface; direct bonding to the surface is not essential in this case. 

The high magnitude of the electromagnetic enhancement arises because there is a contribution from 

both the light coupling in to the surface wave and a contribution from the light coupling out from the 

surface [40, 41].  In both cases the enhancement follows the square of the local electromagnetic field 

and these two enhancement factors combine. Thus a 100 fold enhancement in the in-coupling and 

out-coupling electric fields at the metal surface will produce an electromagnetic contribution to the 

Raman intensity enhancement of 108.  This electromagnetic enhancement decays over a distance of 

the order 10 – 100 nm, hence the enhancement is surface selective. The orientation of the enhanced 

electromagnetic field perpendicular to the metal surface has consequences for the specific surface 

selection rules which, in addition to the general Raman selection rules, determine the intensities of 

different vibrational bands [42-44].  In SERS those vibrational bands which have contributions from 

the Raman polarizability tensor component perpendicular to the surface will be the most intense.  

Consequently, SER spectra are sensitive to the orientation of the molecule.  For example, for an 

aromatic ring standing perpendicular to the metal surface the in plane vibrational modes will be much 

more intense in the SERS spectrum than the out of plane vibrational modes [45]. In these respects the 

waveguide enhancement described below is very similar to SERS.   

Surface enhanced Raman spectroscopy is an immensely successful approach to identification of 

biochemical species at low concentration at chip surfaces. SERS chips are normally implemented for 

use in a conventional confocal Raman spectrometer in place of a conventional microscope slide. This 

renders the Raman spectrum easily measurable at high speed and SERS is particularly well suited to 

spectroscopy of molecules at surfaces because of the strong localization of the effect to the metal 

surface. The principles of operation are well described in the literature [24-27] while recent 

applications to biochemical measurements are reviewed in [46]. While SERS is suitable for direct 

Raman “fingerprint” spectroscopy of proteins and DNA, a label (or Raman reporter) is often used, 

enhancing the limit of detection, providing greater confidence in the species detected, and offering 

improved potential for multiplexed detection as compared to fluorescence-based techniques [47, 48].  

As compared to fluorescence based methods for bio-detection, surface enhanced resonant Raman 

spectroscopy (SERRS) is an attractive alternative. SERRS measurements are unaffected by quenching, 

are less sensitive to photobleaching, and are inherently more sensitive.  For example, Sabatté et al. 

[49] have shown that the limit of detection for SERRS in an immunoassay application was around one 

thousand times lower than for the corresponding fluorescence assay.  A similar three order of 

magnitude improvement in the limit of detection was reported by Faulds et al. for a DNA assay [50].  

However, despite these evident advantages SERS has found limited commercial application to date, 

probably due to issues with the reproducibility and robustness of the nanostructured metal surfaces. 

A further significant challenge facing SERS and other spectroscopic approaches to rapid low-cost 

biochemical detection is in translating the success of these techniques from the research laboratory 

to point-of-use scenarios [51]. We believe that WERS potentially offers many of the advantages as 

SERS while at the same time overcoming some of these problems.  

Optical waveguide approaches are attractive for sensing and spectroscopy, as the economies of mass-

manufacture employed in silicon processing can be exploited, and integrated photonics lends itself to 

miniaturization, reliable monolithic realization of lab-on-chip configurations on a single substrate and 

straightforward integration with low-cost lasers, detectors and spectrometers [52-56]. Recently, the 

use of optical waveguiding to enhance Raman signals at surfaces has re-emerged as a technique with 

strong potential to address the limitations of SERS [57-62], combining the benefits of integrated 

photonics with the chemical specificity of Raman spectroscopy. While SERS relies upon complex, 

narrow-band, lossy resonant metallic nanostructures with low robustness [63-66], waveguide 
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enhanced Raman spectroscopy (WERS) employs simple, wide-band, nearly lossless robust dielectric 

waveguides. WERS is based on utilizing the strong evanescent field and long interaction lengths of 

high-index contrast low-loss optical waveguides to achieve strong excitation of (and collection from) 

target molecules in the upper-cladding of the waveguide. While for thin, few-moded waveguides the 

ray analysis of waveguiding is best replaced with a modal analysis [67], a dielectric optical waveguide 

is, in effect, an extreme, very thin ATR element where the number of “bounces” per unit length is 

maximized, so that the evanescent power and/or surface intensity is maximized for a given input 

power. Waveguides fully optimized for surface sensing are ultrathin (0.1 µm) and support only one 

mode in each polarization, so that the field distribution and modal velocity is fixed, leading to highly 

quantifiable operation and great stability. The fabrication techniques employed allow the use of 

photolithography to readily define the transverse dimension at submicron to mm scales, improving 

Raman collection efficiency and paving the way for on-chip device integration.  

The theory underlying WERS is now well understood and can exploit very well established design tools, 

used routinely in telecommunications applications, to determine geometries which optimize efficient 

laser pump – Raman signal conversion and which are readily manufactured using integrated photonics 

technology. 

It is expected that WERS can be used for the same applications as those established for SERS, with 

modified surface chemistry for dielectric rather than metallic surfaces, and will be competitive if the 

enhancements can reach comparable levels to SERS. While the levels of enhancements currently 

achievable by WERS do not match those achievable by SERS, with the continuous advances in 

nanofabrication techniques and material engineering, waveguide losses are expected to improve, 

allowing for efficient spiral implementation and resonator structures that facilitate stronger Raman 

signal build-up. Further advantages of WERS over conventional SERS are that (i) the incident pump 

light and collected Raman signal need not pass through the sample analyte and (ii) polarization-

resolved measurements (e.g. for analysis of molecular orientation) are not constrained to one 

polarization as they are by the plasmonic nature of SERS. WERS has the potential for greater 

repeatability  and hence improved quantitation, at the expense of longer surface length. Furthermore, 

WERS promises the realization of low-cost mass-producible microscope-less portable lab-on-a-chip 

spectroscopic systems that can fill the gap of point-of-use applications.  

WERS has also been demonstrated to achieve higher signal-to-noise ratios, and thus better sensitivity, 

than classic free-space Raman systems both for thin molecular layer sensing and bulk sensing [68]. 

Despite the higher Raman background signal from the waveguide core, the strong evanescent 

excitation by WERS sensors results in a stronger Raman signal that builds up along the length of the 

waveguide. In fact, against confocal Raman microscope systems, WERS have been shown to attain as 

much as 300 times stronger Raman signal, with a potential theoretical advantage of 2000-fold [69]. 

In this review, we briefly describe the early realizations of WERS, then discuss the theoretical 

framework upon which WERS principles are based and review the main resulting design choices for a 

practical WERS technology.  The performance of recent WERS chip implementations is then compared, 

serving as a basis on which to evaluate design guidelines and highlight the key opportunities and 

challenges facing WERS technology. 

Early Implementations of WERS 
Waveguide enhanced Raman spectroscopy was demonstrated as early as 1972 [70] in the form of a 

15-25 m long liquid core optical fiber where the Raman spectrum of liquids comprising the core 

(benzene or tetrachloroethylene) were obtained. Co-propagation of pump and Raman signal along the 
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length of the fiber allowed the Raman signal to build up, confined within the numerical aperture of 

the fiber, to achieve strong signals at the fiber output.  

Levy et al. first demonstrated WERS in a thin-film waveguide in 1974, with the methyl-methacrylate  

film being studied forming the waveguide guiding layer [71], and pointing out that strong Raman 

spectra could be obtained from a very small quantity of material using this technique. This again 

exploited the signal enhancement from confining the pump and signal to co-propagate,  building up a 

strong Raman signal over a 6 mm length of waveguide. In 1979, Rabolt et al. continued in this vein  

showing minimal background Raman from the substrate [72] but then applied thin-film dielectric 

waveguides to Raman spectroscopy, resonance Raman spectroscopy and orientational studies of 

monolayers at the surface of waveguides, the monolayers themselves being too thin to support 

waveguiding [73, 74]. While these studies emphasized that the enhancement was largely due to 

maintaining high excitation intensity over an increased volume of the material of interest, they did not 

explicitly address theoretical or experimental waveguide optimization for Raman spectroscopy of 

surface layers.  

In 1996, Kanger et al. employed WERS to detection of thin biological films in the evanescent field at a 

ZnO dielectric slab waveguide surface, demonstrating WERS of a protein monolayer [60]. Theoretical 

expressions and curves for maximizing the waveguide surface intensity normalized to the waveguided 

power (and hence the Raman excitation) were given, clearly showing that high index waveguide films 

(such as ZnO with a refractive index n  2.0) offered significantly higher enhancement (×10) than low-

index films (such as glasses with n  1.53) and showing that, for this geometry, the enhancement was 

higher for the TE polarization than the TM. The good signal-to-noise ratio allowed fast acquisition of 

spectra, enabling dynamic measurements of protein binding, though the authors pointed out that the 

Raman background from the waveguide film would limit the detectability of weak vibrations, so that 

other waveguide materials should be sought. Kanger et al. then went on to demonstrate stimulated 

Raman spectroscopy of a thin polystyrene layer on a Si3N4 waveguide [75]. With the exception of the 

liquid core fiber approach [70] and the stimulated Raman demonstration [75], all the WERS 

demonstrations described above collected the Raman emission from above the surface of the 

waveguide rather than from its end, and used 1D (slab) confinement rather than 2D (strip or channel) 

confinement, not fully exploiting the co-propagation and Raman collection potential of WERS. 

Theoretical Framework for WERS 
Kanger et al. [60] made the basic theoretical principles of WERS excitation clear, with subsequent 

researchers including analysis of waveguide Raman collection and designing and simulating optimized 

WERS structures. Before considering the recent implementations of WERS which build on this theory, 

the theoretical foundations of Raman sensing using the evanescent excitation of the target molecule 

by single mode waveguides are presented, to aid the interpretation of recent results. 

The theoretical framework is based on the work of Dhakal et al. [76], where the authors present an 

elegant theory for the excitation and collection of Raman signals using dielectric waveguides. The 

approach considers an oscillating dipole (modelling the target molecule) at the surface of a dielectric 

waveguide, as depicted in Fig. 1. An outline description of how the various optical parameters relating 

to the Raman excitation and collection processes are extracted is presented below.  
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Fig. 1. Schematic diagram of a dielectric waveguide with a dipole, representing the target molecule, at position 𝑟o on its surface. Ppump is the 

waveguide pump power exciting the dipole, while Pwg is the power coupled to the waveguide mode from the oscillating dipole after 

excitation.  

 

Efficiency of evanescent collection of Raman scattering. The emission from a target molecule located 
at a position 𝑟o in the vicinity of a dielectric waveguide, as shown in Fig. 1, can be modelled as a dipole 
oscillating at a frequency f = 𝑐/o, where c and o are the speed and wavelength of light in vacuum 
The power coupled to a waveguide mode from the oscillating dipole can then be calculated using 
Fermi’s golden rule as follows [76]: 
 

                            𝑃wg(𝑟o⃗⃗⃗  ) = 𝑃𝑜 .
3𝑛g

4𝜋𝑛
 (
o

𝑛
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where 𝑃o = 4|𝑑o
2|/(12𝜋o𝑐

3) is the power radiated by the oscillating dipole in free space with 

dipole strength 𝑑o, 𝑛g is the group index of the waveguide mode, 𝑛 the refractive index at the location 

of the target molecule, (𝑟 ) is the relative permittivity, �̂�o is a unit vector along the dipole,  

 = 2𝜋𝑓and 𝑬 is the electric field strength of the waveguide mode. 
 
Dipole emission with waveguide excitation. Assuming that this dipole is excited via a waveguide 
mode carrying pump power 𝑃pump, travelling in the same waveguide, we can relate the dipole strength 

to 𝑃pump via [76]: 

 

                        |𝑑o|
2 = 𝑎2 | 𝑬(𝑟 ) |2  

𝑛g 𝑃pump

∬𝑐o(𝑟 ) | 𝑬(𝑟 ) |2 𝑑𝑟 
                                 (2) 

 
where 𝑎 is the (assumed scalar) polarizability of the dipole. Eqn 2 can be expressed in terms of the 
Raman scattering cross-section, 𝜎, as follows [77]: 
 

         |𝑑o|
2 = 

 𝜎 λ4 o
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Combined Raman excitation and collection efficiency. Assuming that the pump and emission 
wavelengths are close, so that the modal field distributions and group indices are not significantly 
different, the overall combined Raman excitation and collection efficiency for a single dipole can be 
described by combining Eqns 1 and 3 to relate 𝑃wg(𝑟o⃗⃗⃗  ) to 𝑃pump [76]: 
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where 𝜂(𝑟o) is the Raman conversion efficiency of the waveguide structure. Clearly, for a specific 
molecule in a given medium at a fixed position in the evanescent field, the waveguide is optimized by 
maximizing the product of the 4th power of the normalized electric field strength at that position and 
the square of the group refractive index of the mode. Note that Kita et al. [78] give an analysis for the 
comparison of different geometries using the separate pump and Raman frequencies explicitly, before 
making the same assumption that these frequencies were close enough for the waveguide properties 
to be well enough described using only the pump wavelength in their final expressions, which are 
similar to [76]. While these expressions give good guidelines for geometrical optimization, it is 
worthwhile using the electric fields at both wavelengths in numerical simulations, as the pump and 

Raman wavelengths may easily be separated by 100 nm (1500 cm-1 @ pump = 785 nm). 
 
Waveguide length dependence of the Raman signal. In the case of spontaneous Raman scattering 
and a lossless waveguide, the Raman signal builds up linearly along the length of the waveguide, 
assuming negligible pump depletion. Figure 2 depicts a waveguide whose upper cladding is uniformly 
occupied by target scattering molecules with density 𝜌. Incident pump laser radiation with power 𝑃in 
is coupled to the waveguide via the input facet with a coupling efficiency 𝛾in. The pump is usually 
coupled into the waveguide either through end-firing or prism coupling [60, 76].  The waveguide pump 
power at a specific waveguide cross-section, 𝑃pump, is related to the incident pump power 𝑃in by the 

coupling efficiency and waveguide loss. The propagating beam excites the scattering molecules, and 
the resulting scattered spontaneous Raman signal is evanescently collected by the waveguide. 
Integrating Eqn 4 along the waveguide length using the molecular density and the waveguide losses 
at the pump and Raman wavelengths yields the total collected power for a bulk analyte. Considering 
the forward propagating direction, and assuming an output coupling efficiency 𝛾out, the ratio of the 
collected signal power 𝑃col at the end of the waveguide to the incident pump power 𝑃in is given by:   
 

𝑃col(𝐿)

𝑃in
 =  𝜌𝜎𝜂o𝛾in𝛾out𝑒

−𝑎p𝐿𝐿                         (5)  

 
where 𝑎p is the loss at the pump wavelength and it is assumed for simplicity that the waveguide loss 

at the pump and Stokes wavelengths is equal; Dhakal et al. give the expression when this is not the 
case [76]. Note that 𝜂o = ∬𝜂(𝑟)𝑑𝑟  is the specific conversion efficiency of the waveguide for bulk 
analytes, which depends on the geometry of the waveguide and can be calculated numerically. The 
integration is over the entire superstrate cross-section when the system is intended for bulk analyte 
sensing. However, when the system is designed for sensing a monolayer deposited on the waveguide 
surface the integration is carried out over only the monolayer. The implication of Eqn 5 is that for 
maximum conversion efficiency, there is an optimum waveguide length, Lopt = 1/α, due to decay of 
both the pump and the collected Raman signal due to loss.  Evans et al. [79] provide a similar 
expression to Eqn 5 above with the input and output coupling efficiencies omitted as these are 
dependent on the coupling method and facet quality and are not intrinsic features of the waveguide 
itself. Which expression is chosen will depend on whether the chip alone or the whole system is being 
optimized.  
 
It is important to note that half of the generated Raman signal propagates in the backward (opposite) 

direction. There are two significant advantages for backward collection: first, the fraction of pump co-

propagating with the Raman signal is very small, reducing the extinction required for pump filtering, 

and secondly, there is no loss-dependent optimum waveguide length unlike the case of forward-

collected Raman, where 𝐿𝑜𝑝𝑡   = 1/𝑎p. While loss still limits the achievable Raman signal, the waveguide 

length does not have to be tailored to the loss and can be made as long as practical to maximise signal. 

The ratio of 𝑃col to 𝑃in in the case of backward light collection is given by [80] : 
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𝑃col(𝐿)

𝑃in
 =  𝜌𝜎𝜂o𝛾in𝛾out  

1 − 𝑒−2𝑎p𝐿

2𝑎p
                  (6)         

where it is again assumed that the waveguide loss at the pump and Stokes wavelengths is equal. Note 
that this efficiency is proportional to 1/𝑎p when 𝐿 is large, and that lengths 𝐿 >2/𝑎p result in less than 

2% further increase in signal. 
 
Kita et al. [78] have pointed out that the surface intensity and the waveguide loss are usually closely 
connected, as maximizing the former often maximizes the latter through the effect of surface and 
sidewall roughness. They perform simulations allowing the Raman signal to be optimized in the 
presence of modal field dependent excitation, collection and loss. These findings will be discussed in 
the context of recent implementations of WERS in the “Review of Recent WERS Implementations” 
section.  

 
Fig. 2. Diagram of a dielectric waveguide of length L whose superstrate is occupied by uniformly distributed molecules.  

WERS Design Considerations  
In order to exploit the theoretical principles outlined above to realize a WERS sensor with high 
efficiency and low detection limit, several design choices must be carefully considered. A brief account 
of the most important of those choices (i) pump wavelength (ii) waveguide materials and (iii) 
waveguide geometry, is given below:  
 
Pump wavelength  

Four key factors affect the choice of pump wavelength for WERS devices, which are (i) the Raman 

cross-section at the pump wavelength, (ii) the background fluorescence of the waveguide materials 

and the biological sample at the pump wavelength, (iii) water absorption at the pump wavelength, 

and (iv) the availability of high-quality low-cost lasers and detectors at the pump wavelength and 

Stokes wavelengths, respectively.  

The Raman cross-section’s relationship with wavelength puts a limit on the range of wavelengths that 

are suitable for a WERS application. This is due to the fact that the cross-section scales as 𝜆−4 [81], 

which means that longer pump wavelengths yield weaker Raman signals. As such, while a standard 

and mature silicon-on-insulator (SOI) platform operating at 1550 nm offers numerous advantages for 

on-chip Raman spectroscopy [78] such as CMOS compatibility, low fluorescence and absorption, and 

the availability of powerful lasers and detectors that are commonly used in telecom applications; the 

low Raman cross-section of such a platform makes it highly inefficient in comparison with other 

competing platforms operating at shorter wavelengths.  
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Conversely, WERS sensors operating at visible wavelengths, such as 532 nm and 633 nm, offer a 

significantly increased Raman cross-section relative to their mid-IR counterparts. Furthermore, these 

sensors can utilize pumping close to a molecule’s absorption edge (e.g. for hemoglobin in red blood 

cells) to achieve resonance Raman scattering, and thus an enhanced Raman signal [79]. In addition, 

low-cost lasers operating at visible wavelengths are commercially available, and the resulting Stokes 

wavelengths can be detected using high-quality silicon detectors. However, most material platforms, 

such as silicon nitride (Si3N4) [75] and tantalum pentoxide (Ta2O5) [82], suffer from increased 

fluorescence or Raman background when operating in the visible wavelength region, which results in 

reduced signal-to-noise ratios and poorer detection limits. As such, pumping at the visible wavelength 

region is restricted to applications involving the detection of molecules with very low auto-

fluorescence using waveguide material platforms exhibiting low fluorescence background. 

A near-IR wavelength of 785 nm is a popular choice for pump wavelength in biological Raman sensing 

applications, due to the low water absorption and low fluorescence of biological molecules at this 

wavelength [83]. In addition, a reasonably high Raman cross-section is still achievable and waveguide 

materials have reduced fluorescence in comparison with visible wavelengths. However, despite the 

reduced fluorescence background, there are cases where 785 nm Raman systems are incapable of 

collecting adequate Raman signals from high fluorescence samples such as lung, liver, and kidney 

tissues [84, 85]. In such cases, it is often necessary to resort to pumping at longer wavelengths, such 

as 830 nm and 1064 nm, at the expense of much weaker Raman scattering response [86].   

While pumping at even longer wavelengths is uncommon due to the significant reduction in the 

already weak Raman cross-section, the use of silicon-on-insulator (SOI) platform, which requires 

pumping above the silicon bandgap of 1.14 eV (1088 nm), is an alternative that has nevertheless been 

considered [87] due to the platform’s very high refractive index and high maturity, which spans 

decades of research and development, resulting in the ability to make highly complex waveguide 

structures and lab-on-chip devices with high efficiency and repeatability and very low losses. The high 

refractive index allows the platform to achieve a stronger evanescent field for the pump-analyte 

interaction, which acts to compensate the performance reduction due to the reduced Raman cross-

section. However, pumping at these longer wavelengths means that the commonly used efficient 

silicon-based CCD detectors cannot be used, since their quantum efficiency starts to roll off at 

wavelengths beyond 1 μm. In addition, the use of silicon waveguides means that there is a limit on 

the amount of pump power that can be used due to nonlinear two-photon absorption. 

Waveguide materials  

Selecting a suitable material for a WERS sensor involves several considerations, such as the value of 

the material’s refractive index, its transparency window, its background Raman and fluorescence 

responses at the pump and Stokes wavelengths, and the ease of fabrication.  

An ideal WERS sensor should be made from a material with a high refractive index, since such a 

material can be used to realize a waveguide with a high index contrast, where a strong optical 

confinement can be achieved, leading to an increased evanescent field intensity by which to probe 

the target analyte. The material should exhibit low absorption at the visible and near infrared 

wavelengths, and yield waveguides with low surface scattering, thus allowing the Raman signal to 

build up along the interaction length. In addition, the material should offer low background emission 

at the Stokes wavelengths of interest. The material background includes its Raman and fluorescence 

background emission, as well as fundamental thermodynamic fluctuations, which all impact the signal-

to-noise ratio of the system. While the Raman and fluorescence background responses have been 

well-studied and are typically dominant at smaller Raman shifts, the importance of thermodynamic 
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fluctuations have only recently been highlighted [80, 88]. These thermodynamic fluctuations result in 

background noise in the optical spectrum which becomes dominant at larger Raman shifts.  

In a recent paper [89], four of the most commonly used photonic platforms for WERS applications 

have been experimentally compared in terms of their broadband background emission and their 

Raman conversion efficiency at a pump wavelength of 785 nm. The platforms compared were 

aluminum oxide (Al2O3), silicon nitride (Si3N4), tantalum pentoxide (Ta2O5) and titanium dioxide (TiO2). 

Rib waveguides were fabricated from each material, where the waveguide geometry was engineered 

to support the TE fundamental mode at the pump and signal wavelength, achieve low loss and realize 

a high specific conversion efficiency (𝜂o).  Table 1 lists the values of the measured loss and calculated 

Raman collection efficiencies for the four waveguide platforms [89]. In this table, 𝜂A corresponds to 

the analyte Raman conversion efficiency while 𝜂BG corresponds to the conversion efficiency for 

Raman background originating from the waveguide materials. 

 
Table 1. comparison of the refractive index, waveguide geometry, loss and Raman collection efficiencies for the four waveguide platforms 

used in the study reported in [89]. Reprinted with permission from [89] The Optical Society. 

 
 

Figure 3 shows the measured emission spectra for all four platforms with no analyte (i.e. air cladding). 

The spectra show that TiO2 has significantly stronger background emission than the other three 

platforms (the TiO2 spectrum in Fig. 3 is scaled down by a factor of 8 for display purposes).  

Al2O3 exhibits the weakest scattering background, while Ta2O5 has a relatively low scattering 

background at most wavelengths, with a Raman peak occurring at 660 cm-1 due to Ta-O stretching 

vibrations of TaO6 octahedra [90]. Finally, the background emission of Si3N4 is higher at shorter 

wavelengths, but rapidly decreases with wavelength.  

 

Shot noise associated with the background emission is the ultimate limiting factor in the signal-to-

noise ratio and hence limit of detection for WERS [91], so that optimization should consider 

maximization of the ratio of Raman signal power to background power falling on the detector. Dhakal 

et al. [91] have shown that the background in the case of Si3N4 waveguides is primarily due to Raman 

emission rather than fluorescence, and that the Raman emission from the SiO2 substrate is small 

compared with that from the Si3N4 core. 

 
Fig. 3 Background scattering spectra for the four material platforms studied in [89], normalized by length factor and coupling efficiency. 

Reprinted with permission from [89] The Optical Society. 
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To put the significance of this scattering background data into perspective, the authors used 

waveguides from Al2O3, Si3N4 and Ta2O5 to measure the Raman spectrum of ethanol. A comparison of 

the strength of the detected Raman mode of ethanol at 880 cm-1 by the three material platforms 

showed that Ta2O5 collected the strongest Raman signal followed by Si3N4 and then Al2O3, in 

agreement with the trend of the specific conversion efficiency in Table 1. A further study comparing 

Al2O3, TiO2 and Si3N4 waveguides for WERS of toluene in terms of signal and background has 

subsequently been published [92] drawing similar conclusions for these three materials, but 

differences in waveguide geometry and loss make firm conclusions elusive. 

While it may be tempting to dismiss the usefulness of the TiO2 platform for Raman sensing 

applications, one must bear in mind that the high scattering background reported in [89] may be a by-

product of the fabrication parameters used in the study. Indeed, this assumption is supported by the 

fact that a significantly lower scattering background was reported in [79] for TiO2 waveguides 

fabricated by sputtering. In addition, a platform such as TiO2 may in fact excel (and outperform other 

alternatives) in visible-wavelengths (rather than at a near-IR wavelength of 785 nm) evanescent 

Raman sensing applications to analyze materials without auto-fluorescence. This is due to the 

chemical stability, biocompatibility and low fluorescence of TiO2, which make it a suitable platform for 

sensing a wide range of chemical and biological agents [79]. 

Pope et al. [93] have used chalcogenide glass films of As2S3 on SiO2 substrates for WERS and show the 

waveguide Raman emission (background) spectrum to be limited to below 500 cm-1. The refractive 

index of this material at 785 nm is  2.45, offering potential for high Raman conversion efficiency due 

to high index contrast, but experimental differences make direct comparisons difficult.  

While Si3N4 offers good performance and has the great advantage of using well-established silicon-

based fabrication processes, improvements in materials and fabrication techniques to reduce 

background emission and waveguide loss may lead to other materials systems prevailing. Further, 

while the impact of the thermodynamic fluctuations on the sensitivity and detection limit of 

amorphous waveguides has been recently established, crystalline media are yet to be investigated. 

The use of crystalline waveguides may result in resonantly enhancing the background in some 

frequency bands due to scattering via polariton modes while reducing the broadband background, 

and therefore may yield improved signal to background ratios in the detection of specific analytes 

[80]. 

Waveguide design  

The waveguide design process for WERS generally involves two key stages, namely, selecting the 

waveguide type (i.e. geometry) to be used, and choosing the structural parameters (i.e. dimensions) 

for the selected waveguide type.    

There are several waveguide geometries that can be used for a WERS sensor, with slab (planar) [60], 

strip [79] and slot waveguides [87] being the most commonly used. Figure 4 depicts these three types 

along with mode profiles for an SiO2-Si3N4-Air system at 785nm with some typical structural 

geometries.  
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Fig. 4. Waveguide cross-section overlaid with the simulated fundamental modal intensity distribution for (a,d) slab, (b,e) strip and  

(c,f) slot waveguides for TE (top) and TM (bottom) polarizations. The slab waveguide exhibits pure TE and TM modes, while the strip and 

slot waveguides exhibit quasi-TE and quasi-TM modes. The arrows indicate the major E-field direction. 

The slab geometry (Fig. 4(a) and (d)) is the simplest, and the pump can interact with a large area of 

the analyte. However, maximizing the illuminated width does not yield an advantage, as while more 

molecules are probed as a result, each experiences a proportionally reduced pump intensity. It is 

therefore the length of the waveguide that is most significant, as the Raman signal can build up along 

the waveguide length. Maximizing the length of slab waveguides is limited to the length of the chip, 

which should be short for compactness and cost, and such waveguides are therefore limited to a few 

cm in length. The design of slab waveguides simply involves choosing the waveguide thickness to 

maximize the square of the magnitude of the electric field at the surface. Kanger et al. [60] first 

presented the waveguide surface intensity normalized to the modal power per unit width of the 

waveguide, as a means to optimize Raman excitation (of for example a monolayer) at a waveguide 

surface. Dhakal et al. makes clear, however, that optimization of both excitation and collection should 

be in terms of the square of the magnitude of the electric field, |E|2, as in Eqn 4, rather than in terms 

of the intensity, as the former is proportional to the local energy density, because in the TM case, 

intensity takes into account only one component of the electric field [94]. Figure 5(a) plots the surface 

intensity, and Fig. 5(c) shows |E|2, for the fundamental TE and TM modes of a Ta2O5 slab waveguide 

on an SiO2 substrate, with an air superstrate, at 785 nm, and with the mode carrying 1 W power per 

meter slab width.  The figure shows that there is an optimum core thickness at which the maximum 

surface intensity, and |E|2, is achieved. Thicker films result in a stronger mode confinement in the 

core, and therefore a reduced evanescent field and surface intensity. Films thinner than the optimum 

thickness  have a larger portion of the evanescent field in the substrate, and therefore poorer mode 

guidance in the core and a lower surface intensity. Comparing, Figs. 5(a) and 5(c) it is clear that the 

TM polarization yields the stronger Raman excitation. 
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Fig. 5. (a) Normalised surface intensity (b) percentage superstrate power (c) surface|E|2, and (d) |E|2 integrated over the superstrate,  for 

the fundamental TE and TM mode of a Ta2O5 waveguide as a function of film thickness at 785nm. The mode carries 1W power per metre 

waveguide width. 

While WERS offers greater advantages for spectroscopy of thin surface films, many measurements of 

bulk analytes have been made. Fig. 5(b) and (d) show the power fraction in the superstrate and |E|2 

integrated over the substrate, the latter being used to optimize for analysis of bulk analytes. 

In common with slab waveguides, the design of strip and slot waveguides for WERS must take into 

account the effects of waveguide dimensions and refractive indices on the efficiency of the Raman 

scattering process, optimizing the modal electric field in the analyte medium. Dhakal et al. have 

described the design process in detail [87], numerically optimizing the specific conversion efficiency 

of the waveguide η0 described in the previous section (which is a function of the electromagnetic 

conditions and the geometry of the waveguide alone) in order to optimize the Raman conversion 

efficiency. 

Strip waveguides (Fig. 4(b) & (e)) differ from slab waveguides by lateral light waveguiding in the film 

plane, providing guidance in two dimensions, rather than just one. There are two potential advantages 

of strip waveguides for WERS: (i) they guide all the light collected along the waveguide to its end and 

(ii) they allow much longer interaction lengths in a small chip area, through the implementation of 

spirals [76]. However, the latter advantage is only realizable if the waveguide propagation loss is low, 

as the loss-dependent optimum length (Lopt = 1/α) is less than 2.3 cm in all the waveguides reported 

in Table 1.  

Slot waveguides, on the other hand, feature two high refractive index strips that are placed adjacent 

to a lower refractive index slot (Fig. 4(c) & (f)). The width and aspect ratio of the two strips, along with 

the width of the slot can be engineered to provide various modal confinement properties.  In the 
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context of WERS applications, they are often engineered to provide strong light enhancement in the 

slotted region of the waveguide, thereby resulting in lower background Raman and fluorescence 

emission (but not necessarily lower thermodynamic fluctuations) from the waveguide material, and 

stronger interaction with the analyte, although there may be mass transport limitations in analytical 

applications with very narrow slots. As such, they can provide superior signal-to-noise ratios, though 

slot waveguides present increased input power launching challenges. 

Both strip and slot waveguides require additional lithographic and etching steps to realize lateral 

confinement, and the resultant side-wall roughness normally increases waveguide losses, and 

therefore the useful lengths of the waveguides and thus Raman signal. However, with continuous 

improvement in nanofabrication and post-processing techniques, one can envisage that such 

challenges will be eased, allowing for much more efficient waveguides than those currently 

technologically achievable.  

Overall, WERS design considerations concerning wavelength, material, waveguide structure and 

polarization are so dependent on less well controlled parameters such as waveguide loss and material 

background that no clear leading approach has yet emerged. However, the most promising 

approaches are further elucidated in the discussion of present WERS implementations in the 

penultimate section of this review. 

Surface Biofunctionalization for WERS  
WERS relies on the electromagnetic enhancement at the waveguide surface to enhance the Raman 
intensity, in much the same way as the enhancement in SERS, and therefore has high sensitivity for 
species at the waveguide surface. Point-of-care medical diagnostics typically requires the detection of 
specific biomarkers [95] at very low concentration (aM levels) [96-98] in complex matrices (blood, 
urine, etc.) with minimal sample pretreatment. To utilize the surface sensitivity and the surface 
enhancement offered by WERS in these applications it is necessary selectively concentrate the desired 
biomarker(s) at the waveguide surface and this can be achieved by immobilizing suitable 
biorecognition elements (antibody, enzyme, DNA, etc.) at the waveguide surface. In this respect WERS 
is similar to SERS and surface plasmon resonance (SPR). Chemical surface modification is, therefore, 
an important element in the design of these types of biosensor. In this section, we briefly review the 
available approaches for the modification of waveguide surfaces for the attachment of different 
biorecognition elements. There are many well established tried and tested methods for immobilizing 
biorecognition elements at surface and many suitable commercial sources of biorecognition elements 
designed for surface attachment. We therefore begin by considering these established approaches 
before going on to consider how to modify the surface of a waveguide to be compatible with them.  

Chemical surface modification 

The most commonly used biorecognition elements are antibodies, nucleic acids, cell membrane 
receptors, peptides, and enzymes. These biomolecules show extraordinary affinity and specificity 
towards particular analytes, allowing the selective capture of the target at low target concentration. 
The selection of the appropriate protocol to immobilize the biorecognition element onto the surface 
is an important consideration in biosensor design. The material used to fabricate the waveguide and 
the reactive functional groups available on the biorecognition element dictate the choice, or choices, 
of immobilization chemistry.  

For effective use, immobilization should be efficient and give good, reproducible and stable surface 
coverage, without significantly degrading the recognition properties of the biorecognition element or 
the sensitivity of the transducer [99, 100]. The simplest way to immobilize the biorecognition molecule 
on the sensor surface is by physical adsorption based on electrostatic, hydrophobic and polar 
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interactions between the biomolecule and the surface. The disadvantages of this simple approach are 
that there can be distortion of the biomolecule at the surface affecting its binding to the analyte; 
desorption of the biomolecule can occur due to changes in the pH or buffer composition in flow assays; 
and the orientation of the adsorbed biomolecule is not necessarily reproducible or well controlled 
[101]. A better approach is to deliberately functionalize the surface. This is usually achieved by 
chemically modifying the surface with a bifunctional linker molecule in which one end reacts with the 
surface and the other end can be coupled to the biorecognition element. In some cases, these 
bifunctional linkers can be used to produce self-assembled monolayers (SAMs) with well-defined 
packing and density of the molecules at the surface [102, 103]. In general the terminal functional 
group is used to covalently link molecules to the surface using well established chemistries (for 
example by forming an amide or ester) or by using non-covalent interactions with high affinity species 
(such as biotin-streptavidin, or the use of cofactors or site-directed affinity proteins [104]). 

No matter how the biorecognition element is attached to the sensor surface non-specific adsorption 
is always a complication for real world applications. The most convenient way to minimize such non-
specific signals is to design bioreceptor surfaces able to suppress the fouling by unspecific molecules. 
There is no universal method to suppress non-specific binding and the chosen blocking method will 
depend on the complexity of the analysis sample; for example blood and serum present the biggest 
challenge. Part of this design may require the immobilization of specific groups at the sensor surface 
along with the biorecognition element. 

Schemes 1 and 2 summarize common chemistries used to immobilize biomolecules at surfaces. 
Accessible amine groups naturally present, or deliberately introduced, in the biorecognition element 
are frequently used and can be covalently linked to different surface functional groups including amine 
(-NH2), carboxylate (-COOH), hydroxyl (-OH), thiol (-SH) or epoxy (-OR) groups (Scheme 1) [100]. 
Alternatively thiol groups on the biorecognition element can be used to attach the molecule to a 
variety of surface functional groups, Scheme 2, using an appropriate coupling reagent [105]. Water-
soluble crosslinkers (sulfonate analogues) are often favored as they give consistently higher coupling 
yields than their insoluble counterparts [106]. 
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Scheme 1: The common strategies to immobilize amine labelled biomolecules onto surfaces. i) PDITC:  p-phenylene diisithiocyanate; ii) 

BS3: bissulfosuccinimidyl suberate; iii) Glutaraldehyde; iv) EDC/NHS: 1-ethyl-3[3-dimethyl-nopropyl]-carbodiimide/N-hydroxysuccinimide. 

 
Scheme 2: The common strategies to immobilize thiol labelled biomolecules onto surfaces. i) PDITC:  1,4-phenylene diisothiocyanate; ii) 

SMP:  N-succinimidyl-3-maleimidopropionate; iii) SPDP:  N-succinimidyl-3-(2-pyridyldithio) propionate; iv) SIAB:  N-succinimidyl (4-
iodoacetyl) aminobenzoate [118]. 
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The most common chemistry used to covalently bind amino-terminated biomolecules to modified 
surfaces is based on N-hydroxysuccinimide (NHS) esters (Scheme 1) which can react with primary and 
secondary amines to create stable amide (-NH-CO-) and imide (-CO-NH-CO-) linkages [107, 108]. 
Carboxylate-terminated surfaces can be functionalized with amine-functionalized biomolecules after 
reaction of the carboxylic acid and N-hydroxysuccinimide (NHS) in the presence of N-ethyl-N′-(3-
dimethylaminopropyl)carbodiimide (EDC) [109]. The preferred crosslinker to activate amino-modified 
substrates with isothiocyanate functional groups (Scheme 1i) is p-phenylene diisothiocyanate (PDITC). 
PDITC has the potential to form well organized assemblies driven by π–π stacking, significantly 
decreasing non-specific binding [110].  

Although glutaraldehyde (Scheme 1iii) has been widely used as a crosslinker between amino-
terminated substrates and biomolecules [111] it has some undesirable effects, such as the formation 
of multilayers [112]. Amino-terminated surfaces also permit the attachment of thiol terminated 
biomolecules using the hetero-bifunctional crosslinker N-succinimidyl-3-maleimidopropionate (SMP) 
[113] (Scheme 2ii). The use of disulfide bonds, such as N-succinimidyl-3-(2-pyridyldithio) propionate 
(SPDP), offers the advantage of surface regeneration for repeated biosensing measurements [114]. 
Epoxy chemistry is an alternative coupling approach for biomolecule immobilization given its stability 
under aqueous conditions and its reactivity to several nucleophiles; it can be used to conjugate thiol, 
amine, or hydroxyl terminated biomolecules [115, 116]. However, the reaction of amines with 
epoxides requires the reaction medium to be at high ionic strength, which can cause denaturation of 
proteins [117].  

Fortunately there are many commercial labelling kits for antibodies, enzymes, proteins and DNA 
available based on bioconjugation techniques, such as amino reactive molecules using crosslinking or 
biotinylated reagents [118, 119]. which provide a simple route to the bioconjugation provided that 
the appropriate reactive functional group can be introduced at the waveguide surface. 

Chemical modification of the waveguide surface 

As has been discussed in the previous subsection, there are several well-established methods for 
attaching biological molecules to functional groups (-NH2, SH, CO2H, etc.) presented on a surface.  Thus 
to attach the biorecognition element to the waveguide surface one first needs to chemically modify 
that surface. The ways in which this can be achieved depends on the particular waveguide material. 
To date, most studies using WERS have been performed using silicon nitride (Si3N4) [100]. In addition, 
there are other possible materials such as alumina (Al2O3), titanium dioxide (TiO2) or tantalum 
pentoxide (Ta2O5) that have been shown to be suitable [89]. We will therefore review the methods 
available to chemically modify these different surfaces. Clearly the first step is to find ways to attach 
species to the surface. 

Silanization of metal oxides. To date the most common approaches for the chemical modification of 

WERS waveguide make use of well-established methods for attaching molecules (grafting) to silica 

surfaces, mainly using organosilanes [100, 120]. This chemistry can be extended to the surfaces of 

other metal oxides, e.g. Al2O3 [121], TiO2 [122] or Ta2O5  [123] as shown in Scheme 3a. 
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Scheme 3: Surface coupling chemistries for activated oxide or hydrogen terminated Si surfaces [124]. 

In general, the oxide surface needs to be cleaned and treated to maximize the number of surface -OH 
groups. The most common approaches to do this are to use oxygen plasma, piranha solution, or UV/O3 

treatment. These all make the surface hydrophilic. 

A typical example of silanization can be found in the work of the Swanson group  who described a 
waveguide biosensor for the detection of tumor and infectious disease biomarkers based on a 
sandwich immunoassay using SAMs or lipid bilayers [125-128]. The waveguides were made from SiONx 

modified with a thin layer of SiO2. The SiO2 was functionalized using an amine-terminated organosilane 
and the resulting amine-terminated surface was then covalently linked to biotin using N-
hydroxysuccinimide (NHS) ester functionalization. The biotin was then used to attach streptavidin-
modified antibodies to the surface utilizing the strong affinity binding between biotin and streptavidin 
[127]. Figure 6 shows the configuration where the surface-O-Si bonds bind the silane molecules to the 
surface and where flexible polyethylene glycol (PEG) chains are used both to suppress non-specific 
binding and to attach the biotin (the R group in the Figure 6).  
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Fig. 6. Waveguide biosensor for the detection of tumor biomarkers based on a sandwich immunoassay. The amine-
terminated films were chemically modified with a mixture of carboxylic acid-terminated poly(ethylene   glycol) (PEG) 

chains, in blue, of varying functionality. A fraction of  the PEG chains terminated in biotin (R), which produced a surface 
with an affinity toward streptavidin [128]. [Reprinted (adapted) with permission from [128]. Copyright (2021) American 

Chemical Society] 

Kozma et al. [129] reported a label free waveguide biosensor based on Ta2O5, where the waveguide 
surface was modified with an amino-terminated silane followed by functionalization with avidin by 
glutaraldehyde crosslinking. Xin and co-workers [130] designed  a waveguide surface for the detection 
of E. coli in which the surface of the SU-8 waveguide was activated by oxygen plasma and then 
modified with an amino terminated silane. They then used glutaraldehyde as a crosslinker for the 
immobilization of the antibodies.  

Silanization is popular because it is relatively easy to carry out and the silane reagents are readily 
available, however the formation of a reproducible and well-defined monolayer is exceedingly 
difficult. The major problem is the propensity of the system to form multilayers because of cross 
condensation of the silanes to form Si-O-Si linkages [103].  

Modification of metal oxide surfaces with organophosphonate derivatives. Although silanization is 
the most widely adopted approach in the literature the use of phosphonates (-PO(OH)2) for 
attachment to metal oxide surfaces (Scheme 3b) is growing due to the fact that phosphonate 
derivatives are less predisposed to self-condensation [131]. In addition, phosphonates form more 
stable and better ordered monolayers. Compared to silane SAMs, organophosphonate derived SAMs 
are more resistant to hydrolysis under physiological conditions and do not require pre-treatment of 
the surface with acid to obtain high coverage. Phosphonate SAMs show excellent biocompatibility and 
chemical resistance to humid conditions making them well suited to use in biological fluids [131].  

The work of Canepa et al. [132] provides an example of this approach. They describe the use of an 
amine terminated phosphonate to form monolayers on TiO2 which were then used to develop a 
further functionalization with antimicrobial peptides.  Muriano and co-workers [133] reported an 
immunosensor assay based on a Ta2O5 waveguide where the surface was modified with 
phosphonohexanoic acid followed by covalent coupling of antibodies as a methodology for 
immobilization of the biorecognition molecules, Figure 7. In another example, phosphonic acid 
derivatives were used to functionalize TiO2 surfaces with thiol-terminated SAMs for further 
modification with proteins. This strategy provides an approach for biomolecule immobilization and 
patterning onto TiO2 surfaces [134].  
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Fig. 7. Covalent immobilization of antibodies onto Ta2O5 a carboxylic acid terminated organophosphonate followed by 
activation of the surface with NHS and EDC and coupling of the antibodies by formation of an amide linkage. [reprinted 

with permission of ref. [133]]. 

Modification of silicon and silicon nitride surfaces. Silicon and silicon nitride (Si3N4) surfaces can be 
prepared for modification by first etching to remove any native oxide and then deliberately oxidizing 
to form a thin continuous oxide layer. As an example, Rong and co-workers used this approach to 
develop a label free DNA sensor based on porous silicon (PSi). The surface was cleaned, thermally 
oxidized, and then modified with an amino-terminated silane. The probe oligonucleotides were then 
covalently attached to the -NH2 surface groups using glutaraldehyde as a crosslinker [135, 136] 
(Scheme 3d). 

Al-Jawdah et al. [137] developed a waveguide biosensor for the detection of mycotoxins (in particular, 
aflatoxin B1) using an aptamer assay. First, the silicon nitride surface was functionalized with an amine 
terminated silane then a hetero-bifunctional crosslinker (succinimidyl 4-(N-
maleimidomethyl)cyclohexane-1-carboxylate, SMCC) was used for the covalent immobilization of the 
SH-terminated aptamers. In a related example [59, 138], a silicon nitride waveguide was functionalized 
using a hyperbranched carbosilane polymer for the detection of a chemical warfare agent at trace 
concentration in the gas phase. The polymer had hexafluoro-isopropanol-terminated groups that 
selectively interact by hydrogen bonding with gas phase analytes such as nerve agents or 
nitroaromatics.  

Other strategies involve modification of the surface by reacting Si-H bonds, formed by HF etching of 
the silicon and Si3N4, with alkene moieties (hydrosilylation, Scheme 3d) [139]. Qiao et al. developed 
the formation of carboxylic acid–terminated monolayers in porous silicon using this hydrosilylation 
process. The surface can then be further modified by coupling the carboxylate to any amino-
terminated peptide. In this case the group describes the application in a label free protease biosensor 
[140, 141]. Another approach was introduced by De Stefano et al. [142], using photo-activated 
chemical modification of porous silicon to prepare DNA biosensors. The PSi surface was exposed to 
UV irradiation in a solution of a carboxylic acid terminated alkene, causing a photochemical 
hydrosilylation reaction, and producing a carboxylic acid-terminated surface which was subsequently 
used to couple an amino-terminated DNA strand. 

Bañuls and co-workers formed N-H bonds after removal of the native oxide layer on the Si3N4. They 
describe the modification of Si3N4 waveguides by direct attachment using glutaraldehyde. This 
methodology allows the immobilization of amine-terminated biomolecules [143].  

Although these chemical modifications of porous Si and Si3N4 achieve more stable and reproducible 
monolayers compared to the silanization methodology, they require anhydrous conditions, the use of 
HF, and exposure to organic solvents and extended reaction times. 

Choice of modification strategy. Ultimately the choice of the biomolecule immobilization strategy 
depends on the purpose of the study and the characteristics of the analyte and sample. Critical factors 
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in biosensor functionalization include the selectivity and anti-fouling properties of the biorecognition 
layer. Consequently, there is extensive interest in developing and optimizing label-free biosensors that 
ensure detection selectivity whilst, at the same time, minimizing non-specific adsorption. Some 
strategies have been developed to reduce non-specific adsorption from clinical samples. These 
surfaces are characterized by their biocompatible, hydrophilic, and anti-fouling properties.  

The immobilization of polyethylene glycol (PEG) derivatives has been extensively investigated in the 
use of SAMs for biomedical applications [128, 144, 145] (Scheme 3c). Waveguides have been modified 
with poly (L-Lysine)-g-poly (ethylene glycol) (PLL), a polymer that spontaneously adsorbs onto metal 
oxide surfaces from aqueous solution providing a fast and convenient way to modify the biosensor 
surface [146-149]. Alternative approaches are based on the use of saccharides, such as dextran, 
gelatin and heparin [150, 151]. For example, Adrian et al. reported an immunosensor based on dextran 
biofunctionalization for the detection of sulfonamide antibiotic residues in milk. They functionalized 
the waveguide with a photopolymer layer that allowed the covalent immobilization of biomolecules 
after exposure to UV light [152].  

Blocking layers are often used to overcome non-specific adsorption in biosensors and a number of 
strategies have been employed, for instance proteins (BSA, casein, ovalbumin), surfactant (Tween), or 
blocking buffers. Nevertheless, the problem has not been completely solved and it is still a challenge 
to minimize the effects of non-specific adsorption in label-free analyses. 

It is clear from the above that a wide range of chemistries, commercial reagents and biorecognition 
elements suitable for application to WERS-based biosensors already exist and can be directly applied 
once a suitable initial chemical surface modification of the waveguide has been made.  

Chemical treatment and modification of the waveguide film will undoubtedly impact the waveguiding 
characteristics but this effect can be minimized through material choice and the selected treatment 
process. The selection of materials such as Ta2O5 and Si3N4 which are resistant to corrosion and are 
not damaged by physical treatments means that a waveguide can be chemically modified with minimal 
effect on the surface roughness, thus limiting scattering losses at the waveguide-core/superstrate 
interface and maximizing the interaction of the pump with the target analytes. Self-assembled 
monolayers of organosilane, organophosphonate or alkene derivatives introduce a very thin (typically 
1-3 nm), ordered layer with a refractive index of approximately 1.5, which can be assumed to have a 
negligible effect on the overall WERS signal. Therefore, a biocompatible sensor with a good signal-to-
noise ratio can be realized by careful selection of the materials and the functionalization method.  

Review of Recent WERS Implementations   
 

Rising demand for point-of-care devices for clinical diagnostics, the success of SERS as a diagnostic 

approach and the enormous advances in integrated silicon photonics and optoelectronic 

instrumentation since 2000 has reignited interest in WERS. There have recently been numerous WERS 

implementations that demonstrate the capability of the technique in realizing efficient Raman 

excitation and collection at waveguide surfaces. In this section, we review some of the recent work on 

WERS, highlighting how the various implementations differ from one another and appraising the 

methods and practices used in such implementations.  

In [76], Dhakal et al. utilized a high contrast single mode Si3N4 strip waveguide (cross-section of 700 

nm × 220 nm on top of a 2.4 μm silica cladding on a silicon substrate) to excite, collect and enhance 

the Raman signal using the evanescent field of the guided mode. Furthermore, several waveguide 

lengths of up to 8.1 cm were used and were wound up to form spirals.  The waveguide was used to 

sense isopropyl alcohol (IPA), which was applied such that it covered the entire upper cladding of the 
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waveguide. An intense Raman peak at 819 cm−1 (839 nm) due to the in-phase C-C-O stretch vibration 

was observed, the conversion efficiency (𝜌𝜎𝜂𝑜) of which was measured to be 10−11 cm-1. In addition, 

the authors demonstrated a good agreement between their experimental results and theoretical 

predictions (which were based on the same equations summarized in the “Theoretical Framework for 

WERS” section of this review).  A point of note about this demonstration is that the moderate 

waveguide transmission loss (2.4 dB/cm) prevents seeing any further advantage from using longer 

waveguide lengths, as demonstrated by the authors’ experimental and theoretical plots of 𝜉(𝐿) as a 

function of waveguide length, reproduced here in Fig. 8. This renders the implementation of spirals 

unnecessary except for ultra-compact photonic devices unless propagation losses are significantly 

improved in the future. 

 

Fig. 8 𝜉(𝐿) for 819 cm−1 peak due to IPA measured using waveguides of several lengths. Red diamond markers: actual 

measured data. Blue solid square with error bars: mean and standard deviation. Black dashed line: theoretical fit, to 

respective equations as a guide for the eye [76]. Reprinted with permission from [76] The Optical Society. 

In [87], Dhakal et al. extended their work by conducting a systematic experimental and theoretical 

study on the effect of the waveguide geometry and fundamental-mode polarization on the specific 

conversion efficiency 𝜂𝑜. The study contrasted two waveguide designs, strip and slot, and again used 

IPA as an analyte.  Si3N4 strip waveguides of widths w = 550 nm and w = 700 nm, and Si3N4 slot 

waveguides with slot width s = 150 nm and total waveguide width w = 700 and w = 800 were studied. 

Using the definitions of TE and TM polarization in Fig. 4, Figure 9 shows that for the 700 nm wide strip 

waveguides, the average efficiency 𝜂𝑜 for the TM polarization was approximately 2.5 times larger than 

for TE polarization, while for the 700 nm wide slot waveguides (s = 150 nm) excited with TE polarized 

light, about 5 fold enhancement of the estimated 𝜂𝑜 was obtained compared to strip waveguides of 

the same width. For strip waveguides the TM polarization generally performs better than TE polarized 

modes due to the fact that the discontinuity of the electric field at the core-cladding interface of the 

TM modes leads to higher field at the analyte location. However, slot waveguides exhibited similar 

performance in both polarizations due to the reduced field enhancement in the TM polarization as 

shown in Figure 4 c & f. Despite the performance advantage of slot waveguides in TM polarization, in 

terms of efficiency and low background, there remain the non-trivial challenges of loss due to slot 

waveguide side-wall roughness and pump input launching. Nevertheless, such waveguides may be 

attractive to use in Raman applications where the background emission provides the limiting noise 

source. 
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Fig. 9. The theoretical and experimental values of η0 obtained for a) TE modes and b) TM modes of Si3N4 waveguides. The 

markers represent the estimated experimental values obtained from the LSE fit of the experimental data. The error bars 

represent the measurement and estimation errors. Lines represent the theoretical curves. The red solid lines are the 

theoretical curve for slot waveguides with s = 150 nm. The blue and black dashed lines are the theoretical curves for TE and 

TM polarizations respectively for strip waveguides. Circle: TE polarization, strip waveguides. Left handed triangles: TM 

polarization, strip waveguides. Right handed triangles: TM polarization, slot waveguides. Square: TE polarization, slot 

waveguides [87]. Reprinted with permission from [87] The Optical Society. 

In [58], Dhakal et al. reported waveguide enhanced Raman detection of a monolayer and real-time 

measurements of the hybridization of DNA strands and the density of submonolayers of 

biotin−streptavidin complex located on top of the waveguide.  A monolayer of rhodamine molecules 

on an aminosilanized Si3N4 slot waveguide was used and the results were compared to those from a 

commercial Raman microscope (Fig. 10). Figure 10 shows than even when ignoring the high coupling 

losses into the waveguide (which were 18 dB in this case), a much stronger Raman signal is observed 

from the WERS device due to the strong waveguide enhancement of the Raman signal. By correcting 

for the waveguide coupling losses and comparing the signal-to-noise ratio (SNR) of the WERS device 

and the commercial microscope as a function of the density of the molecules or the cross-section of 

the molecules, more than two orders of magnitude improvement in the SNR is expected from the 

waveguide in comparison to the Raman microscope. This could be further increased by reducing the 

shot noise of the waveguide background emission by material engineering or waveguide design.  

 

Fig. 10 The measured spectra of a Rhodamine monolayer obtained from a commercial Raman microscope (CM, Pin = 18 

mW and tint = 80 s, in blue with left blue axis), in contrast to the spectra obtained from the 1 cm slot waveguides (Wg, Pin = 

30 mW, Ptx = 0.48 mW, and tint = 4 s, in red with right red axis). [Reprinted (adapted) with permission from [58]. Copyright 

(2021) American Chemical Society].  
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C. C. Evans et al. reported in the utilization of a TiO2-based waveguide to demonstrate high Raman 

conversion efficiencies [79]. The shorter wavelength of 532 nm was used to exploit the low auto-

fluorescence of their material, benefitting from the higher Raman cross-section at shorter 

wavelengths. This, along with the high refractive index of TiO2 contributed towards the high 

conversion efficiencies achieved. The conversion efficiency for the TiO2 based WERS device (pumped 

at 532 nm) was compared with that achieved by the Si3N4 WERS device (pumped at 785 nm) in [76] 

when using IPA as an analyte. Comparing the power conversion efficiency (Raman output to launched 

pump) for the two material platforms yielded an experimental efficiency more than 50 times larger 

than previous experimental values in silicon nitride. Part of this was due to comparing TM polarized 

operation with TE polarized operation, a factor of about 5 was due to the shorter pump wavelength, 

with the remainder being due to the high refractive index of TiO2. Despite these advantages, the high 

TiO2 waveguide losses currently hinder the platform from realizing its full potential and the wavelength 

limits its use to analyzing materials with negligible auto-fluorescence. 

S. A. Holmstrom et al. reported in [59] the first demonstration of Raman scattering measurements of 

trace gases using a rib Si3N4 waveguide pumped at 1064 nm. Raman spectra of ethyl acetate, methyl 

salicylate, and dimethyl sulfoxide were successfully detected at concentrations of 600 ppm, 360 ppb, 

and 7.6 ppb, respectively. Furthermore, the authors calculated that Raman signal enhancement of  

4.2 × 109 cm-1 was achieved using the WERS sensor to detect dimethyl sulfoxide (DMSO) compared to  

free-space micro-Raman scattering of the trace gas. The most significant contribution to the 

enhancement, in this case, comes from the thin, transparent, hypersorbent polymer cladding layer 

that acts to partition and concentrates the analyte of interest, increasing the density of the analyte 

molecules by a factor of 108 compared to the ambient environment. Figure 11 shows the Raman 

spectra collected from the Si3N4 waveguide prior to and during exposure to dimethyl sulfoxide. This 

WERS demonstration shows the potential of realizing hand-held devices capable of detecting trace 

concentrations of gas-phase chemicals, a feat that has so far eluded conventional and hollow-core 

fiber-based Raman spectroscopy systems. Furthermore, the authors envision the possibility of large-

scale fabrication of waveguide arrays with different coatings to sorb and detect different classes of 

vapors or gases.  

 

Fig. 11 Raman spectra collected from the Si3N4 waveguide prior to and during exposure to dimethyl sulfoxide. Reprinted 

with permission from [59] The Optical Society. 
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In [153], Z. Wang et al. conducted an experimental and theoretical study that compares the collection 

of a Raman signal from the waveguide end with that from the waveguide surface. A 110 nm film high 

tantalum pentoxide waveguide was used as the sensing element (pumped at 637 nm), while toluene 

was used as the model analyte. A 40-fold greater signal was collected from the waveguide end 

compared to the waveguide surface, which was also verified with the simulations of angular and 

spatial Raman emission distributions. Such an enhancement stems from the efficient collection of 

power from dipoles near the surface into the waveguide film and substrate, combined with the long 

interaction length.  

A demonstration of waveguide enhanced stimulated Raman scattering (SRS) was reported by  

H. Zhao et al. in [62]. In addition to the conventional waveguide enhancement, SRS provides a further 

enhancement by stimulating the specific molecular transitions through the use of a second laser beam, 

whose frequency is selected such that the frequency difference between the two beams matches the 

vibrational frequency of the molecule. The implementation in [62] used a strip Si3N4 waveguide whose 

design took into account the trade-off between achieving acceptable propagation loss and a strong 

overlap between the evanescent field and the analyte. The Raman response of dimethyl sulfoxide was 

measured, and a signal enhancement approaching five orders of magnitude in comparison to 

conventional spontaneous Raman enhancement was achieved. This enabled the detection of the 

Raman fingerprints of 280 mM (2%) of DMSO dissolved in water using low-power excitation and a  

1 cm long waveguide. While the experimental implementation of the SRS scheme is more complex 

than the spontaneous Raman schemes, this demonstration provides significant enhancement, and a 

further performance increase could be realized by addressing the non-optimized aspects of the 

implementation such as the pump modulation, coupling efficiency and waveguide design. 

D. Kita et al. have recently demonstrated the first packaged fiber-coupled WERS sensor, integrated 

with a flow cell to allow sequences of chemical compounds to be applied to the sensing chip [154]. 

Prior WERS demonstrations had always relied on the use of either free-space lenses or prisms to 

couple light in and out of the chip. Kita et al. addressed the issue of the strong Raman background and 

fluorescence generated by the coupling input and output fibers by using a 2×2 directional coupler that 

splits light into two spiral waveguide channels and subsequently collecting the backward-propagating 

Raman scattered signal at the opposite side of the chip through a collection fiber. In this 

implementation, the authors used a slot waveguide consisting of two 350 nm strips and a  

100 nm slot gap. To enable the conversion from the TE strip mode from the 2×2 coupler to the TE slot 

mode, a multi-mode interferometer was implemented. The slot waveguides form spirals with   

100 µm radius bends, and a waveguide sensing region of 8 cm long. The packaged sensing chip was 

used to measure the Raman spectra for varying concentrations of IPA in water, from 5% to 100%. The 

authors experimentally compared the signal-to-background ratio performance of the back-scattered 

collection to the forward-scattered collection and found that the latter scheme exhibits a significantly 

worse background noise performance due to the substantial Raman and fluorescence signal 

generated in the fiber, and calculated that the pump rejection ratio afforded by the back-scattered 

collection is approximately -9.6 dB. The authors also confirm that while slot waveguides provide high  

specific conversion efficiency, their high scattering losses due to the additional sidewall roughness 

may make them inferior to the simpler TM strip waveguides, whose lower losses compensate for their 

lower specific conversion efficiency.  

Waveguide-enhanced Raman devices can benefit from on-chip integration of photonic components. 

These potentially remove the need for some off-chip components such as filters and couplers or at 

least relaxes their specification and, perhaps more significantly, allows for on-chip separation of 
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Raman signal from SNR-limiting background, particularly in backscattering WERS configurations. Such 

components may be defined lithographically with the WERS waveguides without adding process steps, 

and therefore at no additional cost assuming that better lithographic resolution is not required. There 

have been several demonstrations of on-chip component integration for applications to WERS.  

Nie et al. [155] demonstrated a high extinction ratio (68.5dB) pump rejection filter using cascaded 

grating-assisted contra-directional couplers on a Si3N4 platform, with transmission of about -5.6dB 

outside the reflection band, suitable for pump-rejection in WERS. A key attribute was the coupling of 

the rejected pump into a separate waveguide to the pump input, avoiding back-reflection into the 

pump laser. Kita  et al. [154] used an integrated on-chip directional coupler in a backscattered a Si3N4 

WERS configuration to separate the backward-travelling Raman signal from the predominantly 

forward-travelling pump and the Raman/fluorescence background (predominantly generated in the 

input fibre carrying the pump) and potentially improve the SNR by a factor of up to 20dB depending 

on the source of the background. Reynkens et al. [156] also demonstrated background suppression in 

a backscattered Si3N4 plasmonic WERS configuration, in this case using a multimode interferometer 

(MMI) rather than a directional coupler. Background emission from the Si3N4 waveguides was 

considered the fundamental limitation to SNR and the MMI is expected to contribute a lower 

background due to its shorter length. Tyndall et al. [157] integrated directional coupler lattice filters 

for Si3N4 WERS in a forward- and back-scattering configuration, showing significant reduction in 

collected input fibre background and collected pump, the latter important for reducing output fibre 

background. 

Conclusions and Future Prospects 
 

Biosensors based on waveguide-enhanced Raman spectroscopy have the potential to exhibit the 

advantages of SERS and SERRS approaches in terms of specificity and sensitivity, combined with the 

use of robust, low-loss materials, reliable lithographic fabrication techniques, and the opportunity for 

on-chip integration with compact instrumentation.  In addition, WERS has the practical advantage of 

an optical path for excitation and collection which does not pass through the sample, offering 

opportunities for simple sample handling and presentation, and access to both polarizations for more 

complete study of the Raman polarizability tensor of bound molecules. WERS achieves comparable 

Raman enhancement to SERS by building up the signal with waveguide length, meaning that it is not 

suitable for single-molecule detection (without addition of plasmonic nanostructures) and that low 

waveguide losses must be achieved for good performance.  

While WERS was originally demonstrated in the 1970s, research activity has become reinvigorated 

recently, due to the need for cheap, compact, reliable, ideally label-free, point-of-use devices and 

building on the electromagnetic insights and advances in chemistry harnessed by SERS, but frustrated 

by poor repeatability. Recent research has optimized waveguide designs, addressed fabrication 

challenges, investigated new material platforms and implemented packaged sensors, which have 

together resulted in improving the Raman conversion efficiencies and sensitivity of detection of WERS 

and led to impressive demonstrations such as monolayer [58] and trace gas detection [59].  

The most promising candidate materials to emerge for WERS waveguides are high-index dielectrics 

such as Si3N4, TiO2 and Ta2O5, all of which perform well, and the challenge is now (i) to minimize the 

waveguide losses to exploit the growth of Raman signal with length, (ii) to minimize the 

fluorescent/Raman background from the waveguide materials, to reduce shot noise which has 

emerged as a fundamental limit to WERS performance and (iii) to realize surface modification 

approaches appropriate to attach receptors on dielectric films. The majority of recent WERS 

demonstrations have focused on using strip or slot waveguides to generate the strong electric fields 
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required to sense the chemical analyte, and detailed work has been conducted to understand the 

influence of waveguide structural parameters and modal properties on the Raman figure of merit [58, 

78]. Slot waveguides show higher Raman conversion efficiencies than strip waveguides, in principle, 

but the larger interaction of modal fields with the roughness of etched surfaces in the slot waveguide 

can cause increased loss, which may limit efficiency. Waveguides designed to be sensitive to surface 

films tend also to be sensitive to surface roughness. However, the limit of detection is determined by 

noise power as well as signal power, and slot waveguides generate lower background from the 

waveguide materials (and hence lower shot noise) as the modal power fraction in the core is lower.  

Before the attachment of the receptors on the dielectric films, the surface needs to be chemically 

modified to introduce the functional groups that allow for the immobilization of the biomolecule. 

Predominantly for WERS substrates, the chemical modification strategies can be classified into two 

main groups, chemical modification of metal oxide surfaces and chemical modification of silicon and 

silicon nitride surfaces where we have oxide-free, H-terminated surfaces after etching the native 

oxide. Silanization has been widely employed for surface modification because it is relatively easy to 

carry out and the silane reagents are readily available. However, this technique presents some 

disadvantages as the reproducible deposition and formation of well-defined monolayers is 

exceedingly difficult. The major problems lie in the polymerization and the hydrolysis of Si-O-Si causing 

issues in homogeneity and stability. Although silanization is the most extensively used approach in the 

literature, this is an area where there is scope for improvement. The use of phosphonates for 

attachment to metal oxide surfaces generally provides more stable and better-ordered monolayers 

[131]. Organophosphonate derived SAMs are more resistant to hydrolysis under physiological 

conditions and do not require pre-treatment of the surface with acid to obtain high coverage [124]. 

Phosphonate SAMs show excellent biocompatibility and chemical resistance under aqueous 

conditions and in biological samples. As mentioned earlier, the chemical modifications of porous Si 

and Si3N4 achieve more stable and reproducible monolayers compared to the silanization 

methodology; nonetheless, they require anhydrous conditions, the use of HF, and exposure to organic 

solvents and extended reaction times. 

Another hurdle that limits the performance of WERS systems is the high pump laser input coupling 

losses. Most WERS demonstrations have either used free-space end-fire coupling using high numerical 

aperture (NA) aspheric or microscope objective lenses into nanophotonic strip waveguides [58, 59], 

with an insertion loss of approximately 8 dB [58], or prism coupling using a high-refractive index prism 

into ultrathin slab waveguides [153], with a minimum insertion loss of order 5 dB. Furthermore, end-

fire coupling suffers from requiring end-facet preparation and high-accuracy optical alignment using 

expensive alignment stages, as well as being sensitive to vibrations, while prism-coupling requires 

additional micro-optics and fine control of coupling strength. Overcoming these limitations by 

exploring more complex coupling strategies such as the use of inverse tapers [158] and trident 

structures [159] can be pursued. An alternative approach is that of D. Kita et al. [154] who utilized 

fibers bonded to the input and output facets, and which resulted in a theoretical coupling efficiency 

of 3 dB, eliminating the need for alignment controllers and minimized vibration sensitivity, all of which 

contributed to enhancing the practicality of a packaged sensor for applications requiring field testing. 

However, in a point-of-care setting, frequent replacement of disposable WERS chips and thus easy 

alignment by the operator may be required and in this case slab waveguides combined with grating 

couplers may be preferred [160]. Slab waveguides are simple to fabricate and have low loss and similar 

Raman excitation efficiencies as strip waveguides, though they have lower Raman collection 

efficiencies due to their lack of lateral confinement. They also have a potential advantage in terms of 

polarization-resolved studies of ordered molecular layers on their plane surfaces. Grating couplers 
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have matured remarkably in recent years [161], benefiting from both extensive analytical and 

numerical design studies and significant advances in nanofabrication technology, with insertion loss 

below 1 dB demonstrated. Grating couplers also exhibit good translational alignment tolerance and 

indifference to end-facet quality, which offer significant benefits to the practicality of WERS sensors. 

Furthermore, their most significant limitation, namely their narrow bandwidth, is not problematic for 

pump input coupling in WERS applications since mode excitation uses light from a narrow linewidth 

laser. Such gratings can be readily designed to pass the Stokes-shifted Raman emission, allowing for 

backward collection from the end facet if required. 

To select an optimum WERS chip configuration, it is necessary to include not only the effect of 

waveguide type and geometry on the Raman conversion efficiency but to also account for other 

parameters such as the surface and side wall roughness, the generation of background emission, and 

the light coupling efficiencies through the system from laser to spectrometer. With further 

optimization of waveguide design and input and output coupling methodology, and improved material 

engineering, waveguide-enhanced Raman sensors have the potential to achieve ultra-high sensitivities 

that rival the sensitivity of SERS-based instruments, while simultaneously being low cost, avoiding the 

need for complex and delicate noble metal nanostructures, and offering a high degree of 

miniaturization, leading to a new generation of highly versatile sensors suitable for a wide array of 

biological, industrial and environmental sensing applications.   
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Vocabulary 

Optical waveguide, a geometrical structure that confines and guides electromagnetic waves 

(specifically light) in a particular direction; Evanescent field, an electromagnetic wave that propagates 

parallel to the core-cladding interface of the waveguide, and whose intensity decays exponentially 

with distance from the interface; Integrated photonics; a branch of photonics in which multiple optical 

devices and functions are integrated into a single circuit, fabricated onto the surface of a flat substrate; 

Biosensor, a sensing device that integrates a biological receptor (e.g. antibody, DNA probe or enzyme) 

with a detection element (optical, electrochemical or mechanical) producing specific recognition 

events between the bioreceptor and the analyte of interest through physicochemical changes that can 

be transformed into a measurable signal; Surface biofunctionalization, a set of well-established 

methods, based on chemical processes, for attaching biological molecules to functional groups 

presented on a surface in order to capture the target analyte for the recognition event.    
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Optical grating coupler biosensors. Biomaterials, 2002. 23(17): p. 3699-3710. 

148. H.M. Grandin, B. Städler, M. Textor, and J. Vörös, Waveguide excitation fluorescence 
microscopy: A new tool for sensing and imaging the biointerface. Biosensors and 
Bioelectronics, 2006. 21(8): p. 1476-1482. 

149. B. Agnarsson, A. Lundgren, A. Gunnarsson, M. Rabe, A. Kunze, M. Mapar, L. Simonsson, M. 
Bally, V.P. Zhdanov, and F. Höök, Evanescent Light-Scattering Microscopy for Label-Free 
Interfacial Imaging: From Single Sub-100 nm Vesicles to Live Cells. ACS Nano, 2015. 9(12): p. 
11849-11862. 

150. J. Satija, V.V.R. Sai, and S. Mukherji, Dendrimers in biosensors: Concept and applications. 
Journal of Materials Chemistry, 2011. 21(38): p. 14367. 

151. F. Vollmer, S. Arnold, D. Braun, I. Teraoka, and A. Libchaber, Multiplexed DNA Quantification 
by Spectroscopic Shift of Two Microsphere Cavities. Biophysical Journal, 2003. 85(3): p. 1974-
1979. 

152. J. Adrian, S. Pasche, J.-M. Diserens, F. Sánchez-Baeza, H. Gao, M.P. Marco, and G. Voirin, 
Waveguide interrogated optical immunosensor (WIOS) for detection of sulfonamide 
antibiotics in milk. Biosensors and Bioelectronics, 2009. 24(11): p. 3340-3346. 

153. Z. Wang, M.N. Zervas, P.N. Bartlett, and J.S. Wilkinson, Surface and waveguide collection of 
Raman emission in waveguide-enhanced Raman spectroscopy. Optics Letters, 2016. 41(17): 
p. 4146. 

154. D.M. Kita, J. Michon, and J. Hu, A packaged, fiber-coupled waveguide-enhanced Raman 
spectroscopic sensor. Optics Express, 2020. 28(10): p. 14963. 

155. X. Nie, N. Turk, Y. Li, Z. Liu, and R. Baets, High extinction ratio on-chip pump-rejection filter 
based on cascaded grating-assisted contra-directional couplers in silicon nitride rib 
waveguides. Optics Letters, 2019. 44(9): p. 2310-2313. 

156. K. Reynkens, S. Clemmen, A. Raza, H. Zhao, J.S.-D. Peñaranda, C. Detavernier, and R. Baets, 
Mitigation of photon background in nanoplasmonic all-on-chip Raman sensors. Optics 
Express, 2020. 28(22): p. 33564-33572. 

157. N.F. Tyndall, T.H. Stievater, D.A. Kozak, M.W. Pruessner, and W.S. Rabinovich, Passive 
photonic integration of lattice filters for waveguide-enhanced Raman spectroscopy. Optics 
Express, 2020. 28(23): p. 34927-34934. 

158. K. Kasaya, O. Mitomi, M. Naganuma, Y. Kondo, and Y. Noguchi, A simple laterally tapered 
waveguide for low-loss coupling to single-mode fibers. IEEE Photonics Technology Letters, 
1993. 5(3): p. 345-347. 

159. N. Hatori, T. Shimizu, M. Okano, M. Ishizaka, T. Yamamoto, Y. Urino, M. Mori, T. Nakamura, 
and Y. Arakawa, A Hybrid Integrated Light Source on a Silicon Platform Using a Trident Spot-
Size Converter. Journal of Lightwave Technology, 2014. 32(7): p. 1329-1336. 

160. M.A. Ettabib, Z. Liu, M.N. Zervas, and J.S. Wilkinson, Optimized design for grating-coupled 
waveguide-enhanced Raman spectroscopy. Optics Express, 2020. 28(25): p. 37226-37235. 

161. R. Marchetti, C. Lacava, L. Carroll, K. Gradkowski, and P. Minzioni, Coupling strategies for 
silicon photonics integrated chips [Invited]. Photonics Research, 2019. 7(2): p. 201. 

 

 

 

 

 

 



38 
 

For TOC only 

 

For TOC only 

 


