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The woody tissues of trees and plants are composed primarily of macromolecules
such as lignin, which can be decomposed initially by fungi and the resulting
fragments then degraded by a plethora of microorganisms. Bacteria have developed
catabolic pathways to degrade these phenolic compounds into primary metabolites
utilised in the Krebs cycle. Many man-made, or xenobiotic, compounds can also be
accepted by enzymes of these pathways. Bioremediation is a promising method for
removing xenobiotics from the environment based on the capacity of microorganisms
to transform pollutants to non-toxic products.

One such catabolic pathway is that which degrades phenylpropionic acid and has
been found in a number of bacteria, including Escherichia coli. The third enzyme in
this pathway is MhpC, a carbon-carbon bond hydrolase which catalyses the cleavage
of 2-hydroxy-6-ketonona-2,4-diene-1,9-dioic acid to succinate and 2-hydroxypenta-
2,4-dienoic acid. The mechanism of this enzyme has been studied extensively by
biochemical methods and it is known that catalysis involves firstly the formation of a
keto-intermediate followed by cleavage of the substrate utilising either an active site
nucleophile, such as in the serine proteases, or by base-catalysed attack of water, such
as in the aspartic proteases.

The principle aim of this research was to use crystallographic methods to obtain
structures of MhpC in complex with ligands which may shed light on the mechanism.
The native structure was solved to 2.1A resolution and revealed that MhpC belonged
to the o/B-hydrolase fold family with a catalytic triad of Serl10-Asp235-His263.
Although MhpC exists as a dimer in solution it was found to adopt a tetrameric
quaternary structure in the crystal. It was also observed that the active site serine may
have been covalently modified, but attempts to identify the source of this modification
have at present proved futile. The structures of MhpC complexed with two substrate
analogues, azelaic acid and 2,6-diketo-nona-1,9-dioic acid (DKNDA), and two
product analogues, laevulinic acid and 4,6-dioxoheptanoic acid (DOHA), were
obtained. The structures with azelaic acid and laevulinic acid revealed many residues
within the active site cavity that could be involved in substrate binding. The structure
with DOHA revealed a disparity between subunits of the MhpC dimer, which was
confirmed in the DKNDA structure and indicates half-site reactivity may be a feature
of the MhpC-catalysed reaction. The structure with DKNDA also revealed that this
compound forms a hemi-ketal adduct with the enzyme through Ser110 and hence that
the formation of an acyl-enzyme intermediate is feasible. The presence of a tripartite
oxyanion binding site was also revealed, involving Ser40, which could indicate
maintenance of a catalytic tetrad. Thus, a further link between this family of C-C
hydrolases and clan SC of the serine proteases is made.
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CHAPTER 1

INTRODUCTION

The whole biosphere exists in a dynamic state in which a great number of
organic compounds are continually synthesised, transformed and decomposed. These
segments together constitute the carbon cycle of our planet, and for smooth operation
of this cycle, degradation is just as important as synthesis. The Plant Kingdom
accumulates great quantities of polymers like lignin, and innumerable compounds
like alkaloids, terpenes and flavanoids that are biochemically inert.

The release of their carbon for recycling depends almost entirely upon the
action of microbial degradative enzymes. Aerobic bacteria employ most of the
sequences and cycles which occupy a central position in metabolic maps and which
are generally found in other living forms. Their unique biochemical assets lie in their
ability to catalyse early steps in degradation that other organisms cannot accomplish,
and thereby to form metabolites that can enter the common pathways of metabolism,
such as the Krebs cycle or the fatty acid “spiral”.

It has been estimated that about 1.5x10'" tons of carbon in the form of carbon
dioxide is annually transformed into wood (Bolin, 1973), of which 18-35% by dry
weight is lignin (Dagley, 1975). Since microorganisms are solely responsible for
hydrolysing cellulose and degrading lignin, it is evident that they must make a

tremendous contribution towards the continuous operation of the carbon cycle.

1.1. Microbial degradation of lignin

Lignin is the most abundant renewable aromatic material on Earth, but is
degraded by a narrower array of microbes than the other major biopolymers. Lignin
biodegradation is central to the Earth’s carbon cycle because lignin is second only to
cellulose in abundance and, perhaps more significantly, because lignin physically
protects most of the world’s cellulose and hemicelluloses from enzymatic hydrolysis

(Kirk and Farrell, 1987).



Diagrammatical representation of lignin

Lignin is found in higher plants and constitutes 20-30% of their wood and
other vascular tissues. Most lignin is found within the cell walls, forming a matrix
with the hemicelluloses that surround the orderly cellulose microfibrils.

Biosynthetically, lignin arises from three precursor aromatic alcohols: p-
hydroxycinnamyl (coumaryl) alcohol (1), which gives rise to p-hydroxyphenol units
in the polymer; 4-hydroxy-3-methoxycinnamyl (coniferyl) alcohol (2), the guaiacyl
units; and 3,5-dimethoxy-4-hydroxycinnamyl (sinapyl) alcohol (3), the syringy! units.
Free radical copolymerisation of these alcohols produces the heterogenous, optically

active, cross-linked, and highly polydisperse polymer.

CH,OH CH,OH CH,OH
/ = =
OMe OMe OMe
OH OH OH
1 2 3

In the polymerisation process, secondary reactions lead to cross-linking
between lignin and hemicelluloses. In addition, the lignins of grasses and certain
woods contain aromatic or cinnamic acid esterified through side-chain hydroxyl
groups of lignin.

Studies on the decomposition in anaerobic lake sediments of synthetic lignins,
an alkali-degraded synthetic lignin, a dimeric lignin model compound and lignin-
related phenols show that lignin is apparently not biodegraded anaerobically (Zeikus

et al., 1982).



Neither rapid nor extensive bacterial degradation, even under highly aerobic
conditions, has been reported. As in the case of the anaerobes, a limiting factor might
be the size of the lignin polymer. The most rapid and extensive degradation described
is caused by certain fungi, particularly the white-rot fungi, in highly aerobic
environments.

Soft-rot wood decay caused by various species of ascomycetes and fungi
imperfecti involves lignin degradation, although wood polysaccharides are
preferentially degraded (Kirk, 1984; Kirk and Cowling, 1984). Several ascomycetes,
fungi imperfecti, and phycomycetes that are not associated with soft rot of wood,
including 12 marine fungi (Sutherland er al., 1987), 18 Trichoderma strains (Flegel et
al., 1982), and Trichoderma harzianum (Kern, 1983), failed to degrade lignin
significantly.

Basidomycetes that cause brown-rot wood decay also partially decompose
lignin. They are closely related to the white-rot fungi; and invade the lumens of wood
cells, where they secrete enzymes that decompose and remove the polysaccharides,
leaving behind a brown, modified lignin residue. Studies show that the lignin
undergoes limited aromatic hydroxylations and ring cleavage, but that the major
effect is demethylation of aromatic methoxyl groups (Kirk, 1984; Kirk and Adler,
1970). Ability of the brown-rot fungi to mineralise the backbone lignin polymer thus
seems to be limited.

The white-rot basidomycetes degrade lignin more rapidly and extensively than
the other studied microbial groups. Like the brown-rot fungi, they invade the lumens
of wood cells, where they secrete enzymes that degrade lignin and the other wood
components. During its mineralisation by white-rot fungi, lignin undergoes a number
of oxidative changes, including aromatic ring cleavage (Chen and Chang, 1985).
Also, a progressive depolymerisation occurs and releases a wide array of low-
molecular weight fragments. Generally, fragments of <1kDa predominate (Faix et al.,
1985; Leisula et al., 1983).

One species of white-rot fungus, Phanerochaete chrysosporium, has been
studied widely and exhibits the highest reported rates of lignin degradation (Yang et
al., 1980). Several enzymes, including ligninases, Mn peroxidases, phenol-oxidising
enzymes, and H,O-producing enzymes, are thought to have roles in lignin

biodegradation.



Ligninase (lignin peroxidase) activity, an extracellular H,O,-requiring enzyme
activity, was discovered in P. chrysosporium in 1983 (Gold et al.; Kirk and Tien).
Ligninase was shown to contain one mole of protoheme IX per mole of enzyme.
Studies proved that the essential mechanism of ligninase is peroxidative. The Mn
peroxidases are extracellular enzymes that function as phenol-oxidising enzymes and
may also participate in H,O; production.

Most white-rot fungi produce extracellular laccase (EC 1.10.3.2). This blue
copper oxidase catalyses the one-electron oxidation of phenols to phenoxy radicals
(Reinhammer, 1984). Among the consequences of the one-electron oxidation in
lignin-related phenols are Co-oxidation, limited demethoxylation, and aryl-Co
cleavage (Kirk and Shimada, 1985). Although P. chrysosporium belongs to a
minority of white-rot fungi that produce no detectable laccase, all white-rot fungi
secrete enzymes capable of oxidising phenols.

As wood is degraded by white-rot fungi, the lignin exposed on the interior
microsurfaces within the wood is oxidised. Studies have revealed that fungal attack
decreases the methoxyl, phenolic, and aliphatic hydroxyl contents, cleaves aromatic
nuclei to aliphatic carboxyl-containing residues, creates new Cao-carbonyl and
carboxyl groups, and forms alkoxyacetic acid, phenoxyacetic acid, and
phenoxyethanol structures (Chen and Chang, 1985). Many of these degradative
changes in the lignin polymer can be attributed to ligninase; however, some cannot,

which indicates that other enzymes participate in polymer breakdown.

1.1.1. Summary

Certain ascomycetes and fungi imperfecti, particularly those that cause soft rot
and the few that cause a white rot of wood, can degrade lignin. Growing evidence
indicates that ligninase (lignin peroxidase) is the key lignin-degrading enzyme of
white-rot fungi. Other studies indicate that enzymes other than ligninases are also
involved, such as Mn peroxidases and other phenol-oxidising enzymes. Many aerobic
bacteria, including actinomycetes, can degrade certain lignocellulose materials. They
possess non-specific intracellular systems that probably degrade lignin fragments

produced abiotically and by other microbes.



1.2. Biodegradation of aromatic compounds in the biosphere

Many organic compounds that are degraded slowly, if at all, by plants and
animals can be oxidised to carbon dioxide by soil microorganisms, and so serve as
sources of carbon and energy for their growth. This being the case for the breakdown
of lignin initiated by fungi, with the smaller aromatic fragments thus generated being
further degraded by both fungi and bacteria.

A rapidly increasing number of man-made aromatic compounds have found
their way into the environment, for example as pesticides, detergents, oils, solvents,
paints or explosives. A man-made compound will be biodegradable if it is susceptible
to attack by the enzymatic apparatus acquired by microbes during the course of
evolution. This, in turn, depends upon two factors: first, the ability of microbial
enzymes to accept as substrates compounds having similar structures to, but not
identical with, those found in nature; and second, the ability of these novel
compounds to induce the expression of the necessary degradative enzymes. For
instance, biodegradability is less likely to be achieved by incorporation of structural
features into a pesticide molecule that are never encountered in natural products.

However, many man-made compounds are fairly readily degraded by
microorganisms using the same enzymes used for degradation of naturally occurring
compounds (Dagley, 1975). An example being the carbamate insecticide carbaryl (4),
which can be degraded via the bacterial naphthalene degradative pathway (Davies
and Evans, 1964). Unfortunately, a significant number of these unnatural compounds
(xenobiotics) are degraded very slowly, or not at all, by microorganisms, and can
persist in the environment. It is of considerable environmental concern if toxic
synthetic chemicals persist in the environment as they can cause contamination of

freshwater and accumulate in the food chain.

1.3. Xenobiotics in the biosphere: chlore- and nitro-aromatics

Many of the more persistent man-made aromatic hydrocarbons contain
chlorine substituents (Reineke, 1988). Chlorination affects the chemical reactivity of
the ring and reduces solubility. The presence of a chlorine substituent can either block

the normal degradation step, or give rise to a reactive metabolic intermediate which is



no longer processed. Thus, the biodegradation of chlorinated aromatics is generally
slower and more complex than that of the parent hydrocarbons (Reineke, 1988).

Chlorinated phenols are produced industrially on a large scale, and can be
degraded by several strains of bacteria by an adaptation of the normal phenol
degradation pathway (Steiert and Crawford, 1985). This pathway is also used for the
degradation of the herbicide 2,4-D (§), which is degraded via 2,4-dichlorophenol
(Evans et al., 1971).
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However, there are several classes of polychlorinated hydrocarbons which
show high persistence in the environment (Reineke, 1988). One well-known example
is the insecticide dichlorodiphenyltrichloroethane (DDT, 6), whose widespread use in
the 1950’s led, via bioaccumulation in the food chain, to the severe poisoning of
higher animals (Carson, 1962). Most of the organochlorine insecticides are no longer
used in the Western world. Trichloroethylene (TCE, 7) and tetrachloroethylene (PCE,
8) are common contaminants of freshwater arising from the manufacture of PVC

plastics, and are degraded slowly (Maymo-Gayell et al., 1997).



Two important classes of polychlorinated aromatic pollutants are the
polychlorinated biphenyls (PCBs, 9) and polychlorinated benzodioxins (PCDDs, 10).
PCBs are found in a range of industrial applications, such as transformer oils, heat-
transfer fluids, plasticizers and as intermediates in the synthesis of fine chemicals.
PCB degradation is very slow, due to their low solubility and ring reactivity, but is
made more complicated as the production of these compounds is normally as a
complex mixture of isomers. Their industrial synthesis involves reaction of biphenyl
with chlorine gas under high temperature and pressure, resulting in a possible 208
isomers. Since enzymes are inherently selective in their action, the presence of such a
range of isomers further reduces the rate of degradation (Abramowicz, 1990).

Small quantities of PCDDs arise from the manufacture of
(chlorophenoxy)acetic acid herbicides and other chlorinated phenolic chemicals
(Horrad and Jones, 1992). They are especially hazardous environmental pollutants,
since they have carcinogenic and teratogenic properties.

Another class of man-made aromatics are the nitro-aromatics, used widely as
explosives. The presence of a nitro group also reduces the reactivity of the aromatic
ring, hindering degradation, and leading to the persistence of nitroaromatic explosives

in contaminated soil (Suen and Spain, 1993).

1.4. Bioremediation

Environmental pollution is a direct consequence of human population growth,
and the industrial development needed to sustain a continually expanding population
has been accompanied by a new quality of environmental pollution, namely: (a) the
industrial production and widespread dispersal of chemicals never or rarely seen
before in the biosphere (xenobiotics); (b) the localised concentration and release of
large quantities of chemicals such as heavy metals and radionuclides ordinarily
present in only trace or low concentrations in the biosphere; and (c) the large-scale
mobilisation and resulting increase in bioavailability of toxic chemicals that were
previously available in only small quantities in the biosphere (Timmis ef al., 1994).

The design of efficient microorganisms for bioremediation processes to
destroy toxic wastes is a new and rapidly developing branch of waste treatment with
considerable promise. The environmental application of genetically engineered

organisms requires the use of cloning systems that function under environmental,



rather than the normal laboratory setting, are stably maintained, non-transmissible,
cost effective, environmentally friendly, and do not allow the spread of resistance to
antibiotics.

Biological activities that degrade, detoxify, or concentrate pollutants generally
consist of multi-step pathways. For example, degradation of the chemically simple
pollutants known as BTX (benzene/toluene/xylene) can involve 10 or more enzymatic
reactions. Therefore, in designing strategies to improve catalyst performance, one
must determine which enzymatic or regulatory steps are rate limiting under process
conditions. The activity of a rate-limiting protein may then be elevated by increasing
transcription or translation of its gene or by increasing its stability or its kinetic
properties (Timmis et al., 1994).

Protein engineering, ie. by altering its amino acid sequence, may improve
enzyme stability, substrate specificity and kinetic properties (Medynski, 1992).
Rational design of protein activity requires an understanding of structure-function
relationships in the molecule, which in turn necessitates a detailed knowledge of its
three-dimensional structure obtained with NMR analysis or X-ray crystallography.

Another means of improving the efficiency of catabolic pathways would be to
create bifunctional or multi-functional hybrid enzymes. Though impressive results
have been obtained by fusing [-galactosidase with galactose dehydrogenase
(Ljungcrantz, 1989), the creation of hybrid enzymes to improve substrate flux
through catabolic pathways for aromatic pollutants has not been reported thus far.

Considerable evidence indicates that metabolic routes are biochemically and
genetically modular in nature. That is, they evolved as independent units and under
prevailing selection pressures subsequently became combined and coordinated (Van
der Meer er al., 1992). Typically, central pathways, eg. for ring cleavage and the
channelling of simple aromatic compounds to Krebs cycle intermediates, consist of a
few modules, whereas the peripheral pathways leading from diverse initial substrates
to common ring-cleavage intermediates consist of many modules. The use of
molecular genetic methods to clone, characterise, and manipulate the expression of
genetic modules encoding useful metabolic sequences will increasingly allow the
rational design and assembly of new and improved metabolic routes (Timmis et al.,

1994).



1.4.1. Field Application Vectors

Field application vectors (FAVs), which are a combination of a selective
substrate, a host, and a cloning vector, have been developed for the purpose of
expressing foreign genes in non-sterile, competitive environments in which the gene
products provide no advantage to the host (Lajoie ef al., 1992). Such gene products
are exemplified by the enzymes for the co-metabolism of PCBs through the biphenyl
degradation pathway (Bedard et al., 1986).

A FAV system has been developed (Lajoie er al., 1992) that utilises a
detergent-degrading strain, which is resistant to 1.0% Igepal CO-720, as a host for
heterologous genes. When the detergent was applied to soil it created a temporary
ecological disequilibrium, thereby offering the FAV a window of opportunity to
establish a functioning population. When PCB-degrading genes (bphABC) were
cloned into the host (Lajoie et al., 1993) the strain was able to degrade PCBs in the
soil. The surfactant provides a dual advantage; it potentially increases PCB

bioavailability while minimising competition by native (surfactant sensitive) bacteria.

1.4.2. Summary

Biotechnological processes to destroy toxic wastes offer many advantages
over physicochemical processes. When successfully operated, they are non-polluting
because they can achieve complete destruction of organic wastes, ie. conversion of
toxic organic compounds to innocuous C; compounds; are characterised by low costs;
and offer the possibility of in-situ treatment.

Potential limitations of biological treatment processes include susceptibility to
the toxic effects of pollutants at high concentrations, the need to operate within fairly
narrow ranges of physicochemical conditions (temperature, pH, salinity etc), and the

need for bioavailability of target compounds.



1.5, Strategies for bacterial degradation of aromatic compounds

There are two strategies used by microorganisms for aromatic ring

breakdown:

(1) by aerobic bacteria, oxidation of the ring to a dihydroxy-aromatic compound (a
catechol or a hydroquinone), followed by oxidative cleavage of the ring;
(2) by anaerobic bacteria, reductive hydrogenation of the ring, followed by

fragmentation of the cyclohexane ring skeleton (Bugg and Winfield, 1998).

Many simple aromatic compounds such as benzene, toluene, xylenes, benzoic
acid, phenylacetic acid and phenylpropionic acid are degraded by aerobic soil bacteria
such as Pseudomonas, Acinetobacter (Gram negative) and Rhodococcus (Gram
positive) (Dagley, 1975). The latter two compounds are also degraded by Escherichia
coli (Gram negative), an enteric bacterium. The catabolic pathways of these bacteria
are oxidative, proceeding via hydroxylation of the ring to give a catechol
intermediate, in the following ways.

Unsubstituted aromatics such as benzene, naphthalene, and biphenyl are
converted into the corresponding 1,2-dihydroxycatechols via conversion to the cis-
1,2-dihydrodiol, followed by oxidation (see Scheme 1la). The dihydroxylation
reaction is carried out by a family of three-component dioxygenase enzymes
comprising: (1) an NADH-dependent flavin reductase; (2) a ferrodoxin electron
transfer protein containing two Rieske [2Fe/2S] clusters; and (3) a terminal
dioxygenase subunit, containing a mononuclear iron (II) cofactor and two further
[2Fe/2S] clusters (Mason and Cammack, 1992). The subsequent oxidation of the cis-
dihydrodiol is carried out by a family of NAD"-dependent dehydrogenases.

Catechols are also commonly produced by ortho-hydroxylation of phenols,
carried out by FAD-dependent monooxygenases (see Scheme 1b), whose mechanism
of action has been reviewed (Massey, 1994). Other oxidative transformations can also
give rise to catechols, including the oxidative decarboxylation of salicyclic acid (see
Scheme 1¢), which occurs via a dihydroxylation reaction similar to that in Scheme la

(Mason and Cammack, 1992).
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Scheme 1: Strategies for aromatic degradation

Non-haem iron-dependent dioxygenase enzymes catalyse the oxidative ring

cleavage of the catechol intermediates in one of two ways: intradiol (or ortho)

cleavage to give a muconic acid 11; or extradiol (or meta) cleavage to give a

hydroxymuconaldehydic acid derivative 12, as shown in Scheme 2.
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Scheme 2: Dioxygenase catalysed aromatic ring cleavage
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Oxidative cleavage is also observed in some cases using a p-hydroxyquinone
substrate, such as gentisic acid 13. Thus there is a requirement for a 1,2- or 1,4-
dihydroxyaromatic moiety for oxidative ring cleavage (Bugg and Winfield, 1998).

There are two branches for completion of the mera-cleavage pathway for
catechol, as shown in Scheme 3 (Dagley, 1975). The ring fission product 2-
hydroxymuconaldehyde acid (12) can be oxidised to give 2-hydroxymuconic acid
(14) which is decarboxylated through the combined action of a tautomerase enzyme,
and a decarboxylase enzyme to give 15. Alternatively, 2-hydroxymuconaldehydic
acid can be cleaved hydrolytically to give formic acid and 2-hydroxypentadienoic
acid 15. 2-hydroxypentadienoic acid is further broken down by hydration to 4-
hydroxy-2-oxopentanoic acid, followed by aldolase-catalysed cleavage to give

acetaldehyde and pyruvic acid.
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Scheme 3: Catechol meta-cleavage pathway

Longer aliphatic side chains attached to aromatic rings are typically broken
down via B-oxidation into short side chains, followed by the ortho- or meta-cleavage
pathways. The ortho-cleavage pathway can be used for the degradation of simple
chlorinated aromatics by some Pseudomonas spp. Also, nitro aromatics are degraded

by two strategies: (1) elimination of nitrite from a nitrophenol intermediate by a

12



FAD-dependent monooxygenase {Scheme 4); (2) reduction to an amino substituent,

followed by oxidative cleavage (Suen and Spain, 1993).

NO, OH
0,, FAD
2NADH 2NAD+ OH

Scheme 4: Enzymatic conversion of p-nitrophenol into hyvdroquinone

Aromatic compounds can also be degraded anaerobically by a reductive
strategy (Scheme 5). In a denitrifying Pseudomonas strain, benzoic acid is converted
into benzoyl CoA (Heider and Fuchs, 1997). The aromatic ring is then reduced to

give cyclohexenyl CoA derivative 16 which is then a substrate for hydration and [3-

cleavage, analogous to -oxidation.

CO, COSCoA COSCoA
ligase reductase
ATP, CoASH NADH
16
COy COSCoA
CO, O

Scheme 5: Anaerobic degradation of benzoic acid
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1.5.1. Mechanistic aspects of the catechol dioxygenases

The intradiol and extradiol oxidative cleavage reactions are catalysed by non-
haem iron-dependent dioxygenase enzymes, which incorporate both atoms of
molecular oxygen into the ring fission product (Hayaishi, 1966).

The intradiol dioxygenases utilise a mononuclear non-haem iron (III) cofactor
for substrate binding and catalysis, whereas the extradiol dioxygenases utilise a
mononuclear iron (II) cofactor for substrate binding and catalysis. Thus, these two
families of enzyme catalyse similar yet distinct oxidative cleavage reactions and have

similar but distinct cofactor requirements (Bugg and Winfield, 1998).

1.5.1.1. Intradiol catechol dipxygenases

The intradiol dioxygenases catalyse the transformation of catechols into
cis,cis-muconic acids by direct incorporation of both atoms of dioxygen into the
substrate resulting in aromatic ring cleavage between the two hydroxy groups. The
best-studied of this group of enzymes are the catechol-1,2-dioxygenases (1,2-CTD)
and protocatechuate-3,4-dioxygenases (3,4-PCD), which have been extensively
characterised as a result of the rich spectroscopic properties of the non-haem iron (III)
centre. Detailed structural information is now available for 3,4-PCD from
Pseudomonas putida, whose X-ray crystal structure has been solved with and without
bound substrate (Ohlendorf er al., 1988; Ohlendorf er al., 1994; Orville, Elango et al.,
1997, Orville et al., 1997).

The catechol-1,2-dioxygenases have been divided into Type I and Type 1I
enzymes (Dorn and Knackmuss, 1978). Type I are chromosomal enzymes
characterised by their narrow substrate range and relatively high specificity for
catechol. Type II are plasmid-mediated enzymes induced when the bacteria are grown
on media containing halogenated aromatic compounds. They are relatively non-
specific with a wider substrate range, catalysing faster breakdown of chloro and
methyl substituted catechols but with lower catalytic efficiency for catechol than
Type 1. The protocatechuate-3,4-dioxygenase enzymes are chromosomally encoded
proteins which display a narrow substrate specificity, but will metabolise halogenated
catechols albeit with extremely reduced catalytic efficiency (Walsh and Ballou,

1983).
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1.5.1.2. Extradiol catechol dioxygenases

The extradiol dioxygenases catalyse the transformation of catechols into 2-
hydroxymuconaldehyde acids by direct incorporation of both atoms of dioxygen into
the substrate. In contrast to the intradiol dioxygenases, ring fission occurs adjacent to
the two hydroxyl groups of the catechol. Enzymes cleaving substituted catechols can
be subdivided into the proximal and distal extradiol dioxygenases to distinguish the
position of ring cleavage in relation to the substitituent group (Bugg and Winfield,
1998). Protocatechuate-2,3-dioxygenase (2,3-PCD) and protocatechuate-4,5-
dioxygenase (4,5-PCD) provide examples of proximal and distal dioxygenases

respectively (Scheme 6).

Distal Extradiol

/@EOH Cleavage
R N, OH

Proximal Extradiol

Cleavage
N OH
| CoH
R —O0

Scheme 6: The two modes of cleavage by extradiol dioxygenases

The crystal structures of 2,3-dihydroxybiphenyl-1,2-dioxygenase (BphC)
from Pseudomonas cepacia 1L.B400 and Pseudomonas sp. KKS102 have been solved
(Han et al., 1995; Senda er al., 1996). There is no apparent relationship to the
intradiol family of dioxygenases and comparison of the two reveal completely

different structures.
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1.5.2. Subsequent enzymatic steps in oxidative cleavage pathways

1.5.2. 1. Enzymatic steps following intradiol cleavage

The products of intradiol (or ortho) cleavage are cis,cis-muconic acids. The

ortho-cleavage pathway for catechol in Pseudomonas putida is illustrated in Scheme

7.
CO,
lo-
.O2C o iscfn{(;?ase isomerase 0
NG 0 — || =0
1 18

H,C—CO, COx
+ _— 0
CO, O.-
.Ozc/\/ 2 C 2
19

Scheme 7: Catechol ortho-cleavage pathway

The intradiol cleavage product 11 is cyclised enzymatically by muconate
cycloisomerase to give muconolactone 17, which is then converted by a A-isomerase
enzyme into the unsaturated lactone 18, which is hydrolytically cleaved to give 3-
oxoadipic acid (f-ketoadipate, 19). 3-oxodipic acid is subsequently cleaved to give
acetic acid and succinic acid, which can be utilised for growth via the tricarboxylic

acid (TCA) cycle (Bugg and Winfield, 1998).

1.5.2.2. Enzymatic steps following extradiol cleavage

There are two strategies used for the further breakdown of extradiol ring
cleavage products, which have been illustrated in Scheme 3 for the catechol meta-
cleavage pathway of Pseudomonas putida. The ring fission product can be oxidised
by a NAD"-dependent dehydrogenase to give 2-hydroxymuconic acid 14. This dienol
is a substrate for oxalocrotonate tautomerase, which catalyses the interconversion of

2-oxohex-3-ene-1,6-dioic  acid and 2-oxohex-4-ene-1,6-dioic  acid via the
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intermediacy of 2-hydroxymuconic acid 14 (Whitman et al., 1991). The tautomerised
product is then a substrate for decarboxylation via the enzyme 4-oxalocrotonate

decarboxylase, to give 2-hydroxypentadienoic acid 15, as shown in Scheme 8.

OH 4-oxalocrotonate o)
taut
'OQC \M avomerase '02C \/\)J\
COZ" CO2
14
4-oxalocrotonate
tautomerase
0] 4-oxalocrotonate OH
decarboxylase H

.OQCN WKCO ‘

K CO, \ 2

H H H
CO, 15

Scheme 8: Reaction of oxalocrotonate tautomerase and oxalocrotonate decarboxylase

The alternative strategy for meta-cleavage is via direct hydrolytic cleavage of
a dienol ring fission product by a mechanistically unusual family of C-C bond
hydrolases. This is followed by a series of enzymatically catalysed hydration and
aldol-cleavage reactions to furnish the primary metabolites succinate, pyruvate and

acetaldehyde (Bugg and Winfield, 1998).

1.6. The catabolic pathwayv of phenvlpropionic acid

Most early knowledge of bacterial aromatic catabolism stemmed from
investigations with the genus Pseudomonas. Enteric organisms had also been studied
on occasions, but the ability of Escherichia coli to degrade certain aromatics was not
realised until a strain of this organism was grown with 3- and 4-hydroxyphenylacetic
acids (Cooper and Skinner, 1980). It is now known that many laboratory strains and
clinical isolates of E. coli can grow with various aromatic acids. In particular, E. coli
K12 can grow with 3-phenylpropionic acid or 3-(3-hydroxyphenyl)propionic acid as
sources of carbon (Burlingame and Chapman, 1983), and the degradation of these
compounds has been studied extensively.

Phenylpropanocid compounds are widely available in natural environments,

and they can originate from putrefaction of proteins in soil or as breakdown products
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of several constituents of plants, such as lignin, various oils, and resins (Andreoni,
1986; Bamnes, 1997; Dagley, 1965; Ferrandez, 1997). Microbial catabolism of
phenylpropanoid compounds plays an important role not only in the natural
degradative cycle of these aromatic molecules but also in their practical applications
such as wine-making, aging and storage (Cavin, 1997). In particular, degradation of
cinnamic acid, 3-phenylpropionic acid, and their hydroxylated derivatives, has been
reported in several bacteria, including Acinetobacter sp. (Dagley, 1965),
Pseudomonas sp. (Blakey and Simpson, 1984; Andreoni, 1986; Strickland, 1973),
Arthobacter sp. (Strickland, 1973), E. coli (Cooper and Skinner, 1980; Burlingame,
1983), Rhodococcus globelerus (Bames, 1997), Achromobacter (Dagley, 1965),
Alcaligenes eutrophus (Kabisch and Fortnagel, 1990) and Conomonas testosteroni
(Arai et al., 1999).

Since the early 1980s at least six aromatic acids have been shown to be
degraded by E. coli including 3-phenylpropionic acid (or hydroxycinnamic acid,
HCA) and 3-(3-hydroxyphenyl)propionic acid (or m-hydroxyphenylpropionic acid,
MHP). E. coli living in the animal gut encounters phenylpropionic acid and its
derivatives as a result of the action of intestinal microflora on plant constituents, the
amino acids phenylalanine and tyrosine, and some of their metabolites (Burlingame
and Chapman, 1983).

The phenylpropionate degradative pathway is known to be a meta-cleavage
pathway, where the C-C bond to be broken is situated adjacent to the two hydroxyl
groups, and the product of ring fission degraded by the hydrolytic route (Scheme 9).
A total of eight enzymes are reported to be included, making this one of the longest

catabolic sequences described for E. coli (Burlingame et al., 1986).
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Scheme 9: The phenylpropionate catabolic pathway of E. coli

The catabolic metabolite 2,3-dihydroxyphenylpropionic acid (DHP, 23) can
be formed by two separate routes. Biochemical studies and the isolation and
characterisation of mutants defective in the catabolism of 3-phenylpropionic acid and
3-(3-hydroxyphenyl)propionic acid revealed that in E. coli the aerobic degradation of
these compounds proceeds by two initially separate routes that converge into DHP
(Bugg, 1993; Burlingame and Chapman, 1983; Burlingame ef al., 1986).

3-phenylpropionic acid (PP, 21) can be dihydroxylated by the dioxygenase
enzyme HcaA to afford the cis-dihydrodiol (22), which is subsequently oxidised by
the dehydrogenase enzyme HcaB to yield DHP. The alternative branch involves the
monohydroxylation of 3-(3-hydroxyphenyl)propionic acid (3HPP, 20) by the
flavoprotein monooxygenase, MhpA, directly producing DHP. The benzene nucleus
of DHP can then be cleaved by the dioxygenase MhpB, to produce the dienol ring
fission product (RFP) 2-hydroxy-6-oxo-nona-2,4-diene-1,9-dioic acid 24. Subsequent
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degradation of 24 is initiated by the hydrolase enzyme MhpC which furnishes
succinic acid (25) and the common intermediate 2-hydroxypenta-2,4-dienoic acid
(HPD, 15). This intermediate, which is common to many mera-cleavage pathways, is
then hydrated by MhpD to afford 4-hydroxy-2-ketopentanoic acid (HKP, 26) prior to
a reverse aldol cleavage reaction catalysed by MhpE. Products of this reaction are
pyruvic acid (27) and acetaldehyde 28.

Recent studies on the genetics of the phenylpropionic acid pathway have
highlighted the presence of one further open reading frame associated with the
phenylpropionate catabolic operon (Ferrandez er al., 1997). This gene has been
sequenced and by comparison with homologous sequences it has been proposed that
the protein encoded by this gene is acetaldehyde dehydrogenase (acylating), MhpF.
The reaction it is thought to catalyse is the conversion of 28 to acetyl-CoA 29.

Enzyme assays and respirometry have shown that the syntheses of enzymes
required to convert the two initial growth substrates, PP and 3HPP, into DHP are
inducible and under separate control (Burlingame and Chapman, 1983; Burlingame et
al., 1986).

The complete nucleotide sequence of the gene cluster encoding the 3HPP
catabolic pathway of E. coli K12 has been reported (Ferrandez er al., 1997). Sequence
analysis revealed the existence of eight genes that map at minute 8 of the
chromosome, between the lac and hemB regions. Six enzyme-encoding genes account
for a flavin-type monooxygenase (mhpA), the extradiol deoxygenase (mhpB), and the
meta-cleavage pathway (mhpCDFE). The order of these catabolic genes, with the sole
exception of mhpF, parallels that of the enzymatic steps of the pathway. Enzymes that
catalyse the early reactions of the pathway, MhpA and MhpB, showed the lowest
level of sequence similarity to analogous enzymes of other aromatic catabolic
pathways. However, the genes mhpCDFE present the same organisation and appear
to be homologous to the Pseudomonas xyIFJQK, dmpDEFG, and nahNLOM genes,
from the toluene-xylene, phenol and naphthalene catabolic pathways respectively
(Platt et al., 1995; Williams and Sayers, 1994). As these three meta-cleavage
pathways have been shown to share a common ancestry (Williams and Sayers, 1994),
the mhpCDFE genes represent the first example of this type of catabolic module
outside of the genus Pseudomonas. Interestingly, while the three Pseudomonas meta-
cleavage pathways are plasmid encoded, the E. coli mhp pathway is located in a

chromosomal region.
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The hca cluster encoding the dioxygenolytic pathway for initial catabolism of
PP in E. coli K12 has also been identified, cloned and sequenced (Diaz er al., 1998).
This cluster maps at minute 57.5 of the chromosome and is composed of five
catabolic genes arranged as a putative operon (hcaAIA2CBD). Sequence comparisons
revealed that while hcaAIA2CD genes encode the four subunits of the 3-
phenypropioniate dioxygenase, the hcaB gene encodes for the corresponding cis-
dihydrodiol dehydrogenase.

The HcaA1A2CD and HcaB enzymes are not only able to oxidise PP to DHP
but also cinnamic acid (CI) to its corresponding 2,3-dihydroxy derivative. Further
catabolism of DHP requires the mhp-encoded meta-fission pathway for the
mineralisation of 3HPP (Ferrandez er al., 1997).

The hca cluster maps at min 57.5 of the E. coli chromosome and therefore far
from min 8, where the mhp cluster responsible for DHP degradation is located.
Interestingly, the third aromatic catabolic pathway characterised so far in E. coli at
the molecular level, the Apa cluster for 4-hydroxyphenylacetate degradation, was
shown to map at minute 98 (Prieto et al., 1996). Thus, while in some Pseudomonas
and Acinetobacter species a supraoperonic clustering of the aromatic catabolic genes
has been observed in a limited region of the chromosome (Eaton, 1996; Eaton, 1997,
Williams and Shaw, 1997), in E. coli the aromatic catabolic clusters are dispersed
throughout the genome.

It is known that E. coli K12 is also able to grow with 3-hydroxycinnamic acid
(BHCI) as the sole carbon and energy source (Burlingame and Chapman, 1983). Since
growth with 3HCI induces the synthesis of enzymes MhpA and MhpB, responsible
for initial attack upon 3HPP, it was suggested that the same enzymes are used for
catabolising these two compounds. Expression in Salmonella typhimurium of the mhp
genes alone or in combination with the hca cluster allowed the growth of the
recombinant bacteria in 3HCI and CI, respectively. Thus, the convergent mhp- and
hca-encoded pathways are also functional in S. typhimurium, and they are responsible
for the catabolism of different phenylpropanoid compounds (3HPP, 3HCI, PP and CI)

widely available in nature (Diaz ef al., 1998).
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1.7. 2-hydroxy-6-oxo-nona-2.4-diene-1.9-dioic acid 5.6-hvdrolase (MhpC)

Hydrolytic cleavage of a carbon-carbon bond adjacent to a carbonyl is a rare
class of reaction in chemistry and biochemistry. There are a small number of enzyme-
catalysed reactions which involve hydrolytic C-C cleavage, including kynureninase
from Pseudomonas fluorescens (Philips and Dua, 1991) and dioxo acid hydrolase
from beef liver (Hsiang et al., 1972). In the case of the bacterial meta-cleavage
pathways for the degradation of aromatic compounds, ring fission products
containing a d-keto dienol are formed by oxidative cleavage of catechol substrates
(Bugg and Winfield, 1998). These ring fission products are then substrates for

hydrolytic C-C cleavage by a family of hydrolase enzymes, as illustrated in Figure 1.

I |

” ‘ C-C hydrolase
—C——C— > —C—O0OH + H—C—

| |

Figure 1: Reaction catalysed by C-C bond hvydrolases

Detailed studies of the reaction catalysed by MhpC on the phenylpropionate
catabolic pathway of E. coli have provided some insight into the catalytic mechanism
(Lam and Bugg, 1997; Lam and Bugg, 1994; Henderson and Bugg, 1997). Extradiol
cleavage of 2,3-dihydroxyphenylpropionate by dioxygenase MhpB gives the stable
dienol 2-hydroxy-6-oxonona-2,4-diene-1,9-dioic acid, which has been found to exist

in the trans,transoid conformation, as shown in Scheme 10 (Lam and Bugg, 1994).
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Scheme 10: Mechanistic and stereochemical course of reaction for MhpC

Hydrolytic cleavage of the C5-C6 bond is catalysed by hydrolase MhpC, a
29kDa homodimeric protein requiring no cofactors for activity. Isotope labelling
experiments have demonstrated that MhpC inserts one atom of B0 from H,'"®0 into
the first product succinic acid (Sanovisin er al., 1995), and inserts a ’H atom from
H,0 into the Hsg position of the second product 2-hydroxypentadienoic acid (Lam
and Bugg, 1997).
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The catalytic mechanism of the MhpC-catalysed reaction has been examined
by stopped flow pre-steady-state kinetics (Henderson and Bugg, 1997). The
disappearance of substrate at 394nm at pH5.0 proceeds at a rate constant, k, of 10 s,
whereas the appearance of product 2-hydroxypentadienoic acid at 270nm proceeds at
a rate constant, k, of 3 s, indicating the existence of a kinetically competent
intermediate. Evidence from “H isotope exchange is consistent with an initial
ketonisation of the ring fission product (RFP) to give a keto-intermediate (RFPK),
formed by protonation of the dienol at C-5 (Lam and Bugg, 1997). The overall
stereochemical course of the reaction, as shown in scheme 10, is consistent either
with protonation at the C-5 pro-R position, followed by fragmentation onto the si-face
of the 3,4-double bond; or protonation at the C-5 pro-S position, followed by
fragmentation onto the re-face of the 3,4-double bond (Bugg and Winfield, 1998).
The keto-intermediate contains an o/f-unsaturated ketone functional group, which
serves as an electron sink for a carbanion arising from C-C cleavage. Mechanistic
proposals for the C-C cleavage step have involved attack upon the C-6 carbonyl of
either water or an active site nucleophile, as illustrated in scheme 10, giving rise in
the latter case to a subsequent acyl enzyme intermediate (Lam and Bugg, 1997; Lam
and Bugg, 1994; Henderson and Bugg, 1997).

The third gene of the mhp cluster, mhpC, encodes a protein of 31,937 Da
whose deduced amino acid sequence shows significant identity to that of hydrolases
cleaving carbon-carbon bonds of the meta-cleavage products of aromatic compounds
(Ferrandez et al., 1997). It shows 50% identity with gene products for BphD and
BphD_LB from the biphenyl pathways of Pseudomonas sp. strains KKS102 (Kikuchi
et al., 1994) and LB400 (Hofer et al., 1994), respectively. Also, 35% identity with
XylF, from the toluene-xylene pathway of P. putida mt-2 (Harayana and Rekik,
1993); 34% identity with TodF and DmpD from the toluene pathway of P. putida F1
(Wong et al., 1995) and the phenol-dimethylphenol pathway of Pseudomonas sp.
strain CF600 (Shingler et al., 1992), respectively; and 27% identity with CmtE from
the p-cumate pathway of P. putida F1 (Eaton, 1996). Hence, the MhpC protein was
ascribed to the 2-hydroxy-6-oxonona-2.4-diene-1,9-dicate hydrolase of the 3HPP
pathway (Ferrandez ez al., 1997).

The enzyme MhpC also hydrolyses the 3-methylcatechol ring fission product,

the natural substrate of the XylF hydrolase. Sequence alignments between MhpC and
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isofunctional enzymes from the mera-cleavage biphenyl (BphD), xylene (XylF),
toluene (TodF), phenol (DmpD), and p-cumate (CmtE) biodegradative pathways
strongly suggest that MhpC is a serine hydrolase that belongs to the o/f-hydrolase
fold family (Diaz and Timmis, 1995). These comparisons also point to residues S114,
D239, and H267 as the putative catalytic triad of MhpC (Ferrandez et al., 1997). The
sequence GNSMGG around the potential active-site serine of MhpC fits very well in
the nucleophilic motif present in all members of the o/B-hydrolase fold family (Ollis
et al., 1992). Moreover, the conserved dipeptide HG at the NH, terminus of the
MhpC molecule can be tentatively assigned as the central dipeptide that characterises
the oxyanion hole in the o/B-fold hydrolases (Diaz and Timmis, 1995).

Extensive sequence similarity has also been detected between the C-C
hydrolases and the sequences of P. putida atropinesterase, Moraxella sp. lipase 3,
Pseudomonas sp. KWI-56 esterase V, and Lactobacillus delbrueckii proline
iminopeptidase (Hofer ef al., 1993; Diaz and Timmis, 1995). The conserved sequence
motif G-X-S-X-G observed at the position of the suspected serine nucleophile, is also

found in the serine proteases, as in Figure 2.

MhpC — C-C hydrolase from E. coli phenylpropicnate catabolic pathway

BphD - C-C hydrolase from Pseudormonas sp. KKS102 biphenyl catabolic pathway
BphD — C-C hydrolase from Pseudomonas sp. LB400 biphenyl catabolic pathway

BphD ~ C-C hydrolase from Comomonas testosteroni TK102 biphenyl catabolic pathway
BphD — C-C hydrolase from P. putida KF715 bipheny! catabolic pathway

BphD — C-C hydrolase from Rhodococcus sp. RHAT biphenyl catabolic pathway

BpdF — C-C hydrolase from Rhodococcus sp. M5 biphenyl catabolic pathway

DmpD - C-C hydrolase from Pseudormonas sp. CF600 phenol catabolic pathway

XylF — C-C hydrolase from P. putida xylene catabolic pathway

TodF — C-C hydrolase from P. putida F1 toluene catabolic pathway
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Bph-rp — Bipheny! hydrolase related protein from a human breast carcinoma

TPES — Atropinesterase from P. putida
CTRA ~ Chymotrypsinogen A from Bos taurus (Bovine)
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Figure 2: Sequence alignment showing the homologous ‘nucleophile elbow’ motif

around the proposed catalytic serine residue.

There is a large body of biochemical and crystallographic evidence collected
for members of the o/B-hydrolase fold family to suggest that the active site serine
group acts as a nucleophile (Schrag and Cygler, 1997), although acyl enzyme
intermediates have only been characterised using unnatural substrates such as p-

nitrophenylacetate (Chapus er al., 1976).
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In the C-C hydrolase family, catalytic activity of P. putida XylF was lost upon
treatment with phenylmethylsulfonyl fluoride (PMSF) or di-isopropylfluorophosphate
(DIFP), both active-site-serine specific reagents (Diaz and Timmis, 1995).
Furthermore, serine-to-alanine site-directed mutants in this position of P. putida XylF
or Conomonas testosteroni BphD were found to be devoid of catalytic activity (Diaz
and Timmis, 1995; Ahmad er al., 1995). Thus, the available biochemical evidence
heavily favours a mechanism involving an active site serine nucleophile.

However, no stable acyl enzyme intermediate (X=Nu-Enz) could be detected
in the MhpC reaction cycle by stopped flow kinetics (Henderson and Bugg, 1997),
even at pH4.0, under which conditions the serine proteases accumulate an acyl-
enzyme intermediate (Figure 3) at their active site (Schrag and Cygler, 1997; Chapus
et al., 1976).

0,0 CO,H ‘0,C
—_—
O Enz-Ser (o) 0,C
Ser-Enz —=
p |
oxe (e} [

-0, “OH

Figure 3: Proposed mechanism for MhpC, illustratinge the involvement
of an acyl-enzyme intermediate.

Attempts to trap the putative acyl-enzyme intermediate using hydroxylamine
failed to give any hydroxamic acid product (Lam and Bugg, 1997). Synthesis of p-
nitrophenylsuccinate as an alternative substrate for pre-steady-state kinetics revealed
that this compound was not a substrate for MhpC (Lam and Bugg, 1997).

Despite the implication of an active site serine residue in the o/B-hydrolase
fold family, attempts to verify a putative acyl-enzyme intermediate by radiochemical
trapping methods using a "(C-labelled substrate yielded a stoichiometry of <1%
covalent intermediate, which could be accounted for by non-enzymatic processes
(Fleming et al., 2000). In contrast, incorporation of 5-6% of two atoms of B0 from

H,'*0 into succinic acid was observed using the natural substrate, consistent with the
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reversible formation of a gem-diol intermediate (Fleming ez al., 2000). Furthermore,
time-dependent incorporation of *O from H,'®0 into the carbonyl group of a non-
hydrolysable analogue 4-ketonona-1,9-dioic acid (KNDA, Figure 4), was observed in

the presence of MhpC, consistent with enzyme-catalysed attack of water at the ketone

carbonyl (Fleming er al., 2000).

CO, CO,
OH-._
o - OH
‘0.,C 0,0

Figure 4: Proposed reaction of substrate analogue KNDA with MhpC to
form a gem-diol intermediate

Therefore, these latest results favour a catalytic mechanism involving base-
catalysed attack of water (Figure 5) as seen for the aspartic proteases (Veerapandian,

1992), rather than nucleophilic attack of an active site serine.
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Figure 5: Proposed general base mechanism for the MhpC catalysed reaction

1.7.1. Research Aims

The primary purpose of this research is to help understand the catalytic

mechanism of E. coli MhpC. Firstly, to determine if MhpC is a member of the o/B-
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hydrolase fold family by solving its three-dimensional structure using X-ray
crystallography; and secondly, once the structure has been found, to conduct a more
detailed investigation of the mechanism of action of this C-C hydrolase, and discover
whether the active site nucleophile is the postulated serine residue or an activated
water molecule. It is hoped that by determining the mechanism of action of this
unusual class of enzyme, mutant enzymes capable of novel biotransformations could
be produced and also that it would contribute to the understanding of the

biodegradation of environmental pollutants.

1.8. The o/B hvdrolase fold superfamily

The o/B hydrolase fold family of proteins is an important, diverse, widespread
group of enzymes, where all the members are related by divergent evolution and yet
where — unlike the serine proteases — the level of divergence is extremely high and
the structural similarity between related proteins is often very low. The fold is
common to several hydrolytic enzymes of widely differing phylogenetic origin and
catalytic function.

The core of each enzyme is similar: an o/f sheet, not barrel, of eight B-sheets
connected by o-helices. They all have a catalytic triad, the elements of which are
borne on loops and are the most structurally conserved feature of this family. Only
the histidine in the nucleophile-histidine-acid catalytic triad is completely conserved.

In the early 1990’s, five apparently unrelated hydrolases turned out to have
the same protein fold, named the o/ hydrolase fold (Ollis ef al., 1992). The enzymes
whose structures were compared were acetylcholinesterase (AchE) from Torpedo
californica (Sussman et al., 1991), carboxypeptidase II (CPW) from wheat — a
member of a large family of serine carboxypeptidases (Thomas et al., 1990),
dienelactone hydrolase (DLH) from Pseudomonas sp. B13 (Pathak and Ollis, 1990),
haloalkane dehalogenase (HAL) from Xanthobacter autotrophicus (Francken et al.,
1991), and lipase (GLP) from Geotrichum candidum (Selvrag et al., 1991). The only
features in common were a few aspects of structure and reaction: the sequences were
unrelated; they did not operate on similar substrates; nor did they use the same

nucleophile (Table 1).
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Oligomer

Protein Subunit Modifications Source Substrate
structure

Mol Deduence

Wi (arr?ino

(kDa) acids)
Acetylcholine . Fish: .
esterase (ACHE) 60 537 Dimer Glycosylated Torpedo Acetylcholine
Carboxypeptidase L ) .
11 (CPW) 60 423 Dimer Glycosylated  Plant: wheat  Peptide
Dienelactone Bacterium: .
hydrolase (DLH) 25 236 Monomer None Pseudomonas Dienelactone
Dehalogenase Bacterium: 1,2-
(HAL) 3 310 Monomer  None Xanthobacter  dichloroethane

. Fungus: .

Lipase (GLP) 60 544 Monomer Glycosylated Geotrichum Triacylglycerol

Table 1: Comparison of the five proteins first discovered to possess the /B hydrolase

fold. showing the differences in their physical properties and sources. Source: Ollis

et al.. 1992.

The o/f hydrolase fold can be said to have the most plastic of protein folds,

tolerating large insertions into a single-domain protein, so that domain size can vary

from as little as 197 residues in Fusarium solani cutinase (FsCUT) to 582 residues in

mouse acetylcholinesterase (mACE) as shown in Figure 6 (Heikinheimo ez al., 1999).

There have been upward of 48 o/B hydrolase fold structures solved thus far, with

more being discovered constantly (Cousin ef al., 1998).
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Figure 6: Topological diagrams of the canonical, minimal and variations of the o/

hydrolase fold. The minimal fold is indicated in black, the canonical fold in dark
grey, and extensions to the core beyond the canonical fold are shown in light grey.
Strands are shown by arrows and helices by rectangles. Filled rectangles are below

the plane of the B sheet (on the convex surface); open rectangles are above (on the

concave surface). Source: Heikinheimo et al., 1999.
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1.8.1. Features of an o/B hvdrolase fold protein

1.8.1.1. The canonical structure

The canonical o/f hydrolase fold is an eight-stranded mostly parallel o/
structure with strand P2 antiparallel to the rest, and the connection of the strands
being +1,+2, -1x, +2x, +1x, +1x (strand order 12435678; Figure 7). The substrate-
binding crevice is at the cross-over connection on strand B5; and, as is typical of the
active sites in o/ proteins, the nucleophile is also located at the strand cross-over
point of the parallel 3-sheet (Branden, 1980).

The sheet is highly twisted and bent so that it forms a half-barrel with the first
and the last strands at almost 90° to one another (Ollis ef al., 1992; Heikinheimo ef
al.,, 1999). In the canonical protein, of which Pseudomonas fluorescens
carboxylesterase (PfCES) is an example (Kim et al., 1997), the strands are connected
by o-helices A to F. The first and last helices (0tA and oF) pack onto the convex face
of the half-barrel, whereas helices aB-oE pack onto the concave surface (Figure 7).
The structurally conserved helices occur immediately before the structurally
conserved B-strand; the model being a-turn-f, not B-turn-o. Insertions occur after one
or more of the B-strands B3, B4, 6 and B7. Insertions following B8 are also common,
but can occur before or after oF. The substrate-binding domains are often made of
several insertions and form a cap on top of the active site. Many, but not all, of the
o/f hydrolase fold enzymes have a left-handed cross-over following strand B8

(Heikinheimo ef al., 1999).
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Figure 7: Structure of Pseudomonas fluorescens carboxyl esterase (PfCES), which is

an example of a canonical o/f hydrolase fold protein. The model is shown from two

orientations: perpendicular to (top) and parallel with (bottom) the B-sheet.

1.8.1.2. Enzymatic properties of the o/3 hydrolase fold proteins

The catalytic triad — nucleophile, acid and a histidine — forms the basis of the
enzymatic properties of the o/ hydrolases. Unlike the other protease families the
nature of the nucleophile varies: it can be serine, cysteine or aspartate. However, it is
always the central residue in an extremely sharp, y-like (Matthews, 1972), turn
between strand B5 and helix oC. The strand-nucleophile-helix feature — the

‘nucleophile elbow’ — is the most conserved structure within the o/f hydrolase fold

(Ollis et al., 1992).
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The potential steric problems expected to arise at the nucleophile elbow are

avoided by having residues with small side-chains at four key positions:

(i) Nu -2 (on strand B5);

(i) Nu +2 (on helix oC);

(iii)  Nu +3 (on helix aC) to avoid steric overlap with sheet 4; and

(iv)  The residue immediately following sheet 6: its side-chain points towards

helix C and so must be small.

One, and usually both, of the residues at Nu -2 and Nu +2 must be glycine.
Consequently, the sequence around the nucleophile is Sm-X-Nu-X-Sm-Sm (where
Sm = small residue); this is different from G-X-Nu-G-G, the pattern seen in the
trypsin-like proteases (Brenner, 1988).

The second member of the triad, which can be either Asp or Glu, is on a loop
following strand B7. The o/B hydrolase fold family includes the only example of
enzymes in which glutamate is utilised as the acid in the triad. While the sequence of
the aspartatic acid turn varies, the local structure — from the end of strand B7 to two
residues past the acid — is almost identical. At the end of strand seven, two reverse
turns occur in the space of seven amino acids with the acid as the joining residue: last
residue of the first turn and first residue of the second turn. An hydrogen bond forms
between the Asp side-chain oxygen distal to the His and the backbone nitrogen of the
residue two amino acids towards the C-terminus from the Asp. Thus, the second
reverse turn stabilises the position of the Asp side-chain, a role fulfilled by Ser214 in
the serine proteases (Meyer ef al., 1988).

The loop bearing the Glu and the loop bearing the Asp in other o/f hydrolase
fold enzymes are quite similar. In the glutamic peptides, the Glu occupies the same
position as the Asp does: it is the fourth residue in a reverse turn. However, in both
types of ‘acid turn’, the peptide is structurally conserved only as far as the acid and
the residues which form hydrogen bonds to the acid residue side-chain. The Glu side-
chain distal to the His appears to form a hydrogen bond with the backbone nitrogen of
the residue three amino acids before it in the sequence (Ollis e al., 1992).

The structure of the peptide containing the catalytic triad histidine in o/B
hydrolase fold enzymes is highly conserved despite the fact that their topologies in
this region may be completely different. The His residue, which lies at the end of

strand B8, comprises a turn, one amino acid and then the histidine which is the first
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residue in a reverse turn, but the structural conservation only extends up to the
histidine. In some peptides of the o/f} hydrolase fold family, extended loops bring the
histidine to a position appropriate for forming the triad, and similar to that in the other

proteins (Ollis er al., 1992).

1.8.1.3. Active site design

The twist of the central B-sheet allows short pieces of peptides to bring the
triad residues together to form a catalytically active enzyme and creates good
geometry for the ‘oxyanion hole’ (Henderson, 1970); the oxyanion residues usually
being located on strands B5 and B3 (Heikinheimo et al., 1999).

In the o/ hydrolase fold family the catalytic triad residues always occur in
the same order in the primary sequence: nucleophile, acid, histidine; this order is
different from that observed in any other proteins containing catalytic triads. The
catalytic triad residues in all the 0/B hydrolase fold enzymes have similar topological
and three-dimensional positions despite the lack of sequence homology. The parallel
B-sheet has the normal left-handed twist (Richardson, 1976) found in o/f proteins,
which means that the very short loops beyond the ends of strand 35 (nucleophile), B7
(acid) and B8 (histidine) are sufficient to position these residues correctly to form a
catalytic triad (Ollis ef al., 1992).

The nucleophile and histidine of a catalytic triad must stand proud of the rest
of the active site surface. This is not easy to achieve with the serine side-chain,
because it is so short. Placing the nucleophile on an extremely sharp turn, as occurs in
the o/f hydrolase fold, achieves this effectively and allows easy access on one side
by His and on the other by substrate (Ollis er al., 1992). The sharp turn in the peptides
also optimally positions the nucleophile at the end of helix oC so that the helix dipole
can help stabilise both the tetrahedral intermediate in the catalytic process and the
ionised form of the nucleophile.

In o/B hydrolase fold enzymes, the twist of the sheet imposes a ‘handedness’
on the catalytic triad, which is approximately a mirror-image of that seen in the serine
proteases. It is known that the triad residues of chymotrypsin and papain have the
opposite handedness (Garavito et al., 1977), and therefore the handedness of papain

and the enzymes of the o/ hydrolase fold is the same (Ollis ef al., 1992). Therefore,
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the stereochemistry of attack will also be the mirror-image of that seen in the serine

protease and subtilisin families.

Finally, the candidate for the oxyanion hole occurs in a similar place in most
enzymes in a turn between strand 3 and helix alA. The backbone amides of residues
in this loop and of the amides of the residues immediately following the nucleophile
(B5) point into a small cavity between the loop and the nucleophile. Consequently,
this cavity, like the oxyanion hole in chymotrypsin, appears to be well designed to
stabilise the tetrahedral intermediate. This is another example of the way in which the
o/ hydrolase fold active site is a ‘mirror-image’ of that of the serine proteases. Thus,
the role played by amide nitrogen of the active site serine in the serine proteases
(Garavito et al., 1977) is played by the amide nitrogen of the residue following the
nucleophile (first residue in aC) in the o/f hydrolase fold enzymes (Ollis er al.,

1992).

1.8.2. Structural relationships of the o/f hydrolase fold proteins

The o/ hydrolase superfamily can be arranged into families, as illustrated in
Figure 6, that are clearly related by sequence identity over the whole molecule
(siblings), groups of families with only partial sequence identity (cousins), and
extended groupings where the sequences only match around the nucleophile elbow, if
at all (distant relatives).

Before the structures of AChE and GLP were determined, sequence
comparisons suggested that the two enzymes had similar structures (Selvrag et al.,
1991; Shimada et al., 1990; Slabas er al, 1990), but comparing the sequence of
AchE/GLP with DLH, HAL or CPW gave no indication of similarity. Furthermore,
when structural alignments were used as a basis for sequence comparisons, there was
no significant sequence similarity except around the nucleophile (Ollis et al., 1992).
Although it was impossible to predict the similarity of these enzymes based on their

sequences, they were clearly members of a large class of similar proteins.
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1.8.2.1, Siblings

The family of large esterases (LES) are siblings, with ~30% sequence identity
across most, or all, of the molecule. The LES family includes acetylcholinesterases
(eg. Torpedo californica ACE, TcACE [Rawes et al., 1997]), fungal lipases (eg.
Geotrichum candidum FLP2, GcFLP2 [Schrag and Cygler, 1993]) and the bovine
bile-salt-activated cholesterol esterases (bBACE){Chen et «l., 1998]. This family
includes the largest o/ hydrolases and large insertions follow 1, f6 and B7. Except
in bBACE, the triad acid is glutamate,

Even here precise distinctions have been made; some have grouped the fungal
type B lipases (FLP2s) with the acetylcholinesterases {ACEs) because of the high
sequence identity (eg. 30% between TcACE and GcFLP2), because they have very
similar structures, and because almost all have the same unusual Ser-His-Glu catalytic
triad (Heikinheimo et al., 1999). However, others have grouped all the fungal lipases
together separate from ACE, presumably by catalytic function and origin (Murzin et
al., 1995).

Nonetheless, despite the high sequence identity ACEs and FLP2s have
significant differences in substrate preference and binding affinity: ACE has been
optimised for the diffusion-controlled catalysis of a small substrate, whereas the same
structures in FLLP2 form the lid that achieves interfacial activation (Heikinheimo ef

al., 1999).

1.8.2.2. Cousins

The haloperoxidase (HAL) family includes a wide variety of different
enzymes, such as haloalkane dehalogenases (eg. Xanthobacter autotrophicus HAL,
XaHAL [Verschueren et al, 1993]), epoxide hydrolases from Agrobacterium
radiobacter (ArEHY) and mouse (mEHY), bacterial bromo- and chloroperoxidases,
proline iminopeptidase from Xanthomonas campestris, and thioesterase from Vibrio
harveyi. Bacillus subtilis Brefeldin A esterase (BsBES; Wei et al., 1999) is also
included in this family, aithough it lacks aD.

Members of this family demonstrate poor conservation at the nucleophile

elbow; however, the similarity between EHYs and HAL provide an example of
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cousins. Prior studies had found a low level of sequence similarity between HAL and
an epoxide hydrolase (Jansen et al., 1989). Epoxide hydrolases are generally involved
in the detoxification of harmful aromatic compounds in mammals, and the structures
of two EHYs have been solved: ArEHY (Nordini er al., 1999) and mEHY. The
sequence identity between ArEHY and XaHAL is 24%, which made it hard to
construct an accurate model of either cousin from sequence alignment alone. As in
HAL, there is an o-helical insertion between strands f6 and B7 in EHYs, which
partially caps the active site cavity and contributes to the hydrophobic binding pocket.
The catalytic residues are Asp333™°-His523-Asp495 (mEHY) and Aspl07™°-
His275-Asp246 (ArEHY), where the last residue of the triad is least important. Also,
the N-terminal domain of mEHY (not present in ArEHY) has a six-stranded all-
parallel o/f} structure that is a vestigial haloacid dehalogenase (Heikinheimo et al.,
1999). Two different domains, both involved in haloalkane degradation, were thus
fused into a single gene to form mEHY, with the haloacid dehalogenase becoming
non-functional.

The dienelactone hydrolase (DLH) family includes porcine proline
oligopeptidase (pPOP; Fulop er al., 1998), Pseudomonas sp. B13 dienelactone
hydrolase (P13DLH; Pathak and Ollis, 1990) and Pseudomonas fluorescens
carboxylesterase (PfCES; Kim et al, 1997). Candida antarctica lipase (CaFLP3;
Uppenberg et al., 1995) is also a member of this family although it lacks oE instead
of oD. This family also provides another example of a cousin-type relationship of the
0/B hydrolase fold, ie. the relationship between pPOP, which degrades short peptides,
and P13DLH. The C-terminal domain of pPOP, like mEHY, is a canonical o/
hydrolase fold with structural similarity to PI3DLH; the sequence identity from the
structural alignment being 22% (Heikinheimo et al., 1999). However, the N-terminal
domain of pPOP is an unusual seven-bladed B-propellor domain, the function of
which is to prevent all except small peptides from reaching the active site. PI3DLH,

on the other hand, uses two short peptides to bind its relatively small substrate.

1.8.2.3. Distant relatives

Some other lipases have structures similar to the o/f3 hydrolase fold, and thus

are deemed to be distant relatives of the o/B hydrolase fold class of enzymes.
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Rhizomucor miehei lipase (MLIP; Brady et ai., 1990) has a slightly different topology
compared to other o/ hydrolase fold enzymes: ignoring strand one of its nine-
stranded sheet, it is +1,+1, (+1x)s, +1, while the o/p hydrolase fold is +1, +2, -1x,
+2x, (+1x);. Although it is clear that the topologies are somewhat different, its
catalytic triad is on the same strands as the o/p hydrolase folds: serine after strand
five, aspartate after strand seven, and histidine after strand eight. The protein has a
nucleophile elbow and the catalytic triad has the same hand as that of the o/
hydrolase fold enzymes (Brady et al., 1990).

The topology of the first domain of human pancreatic lipase (hLIP) is even
more like that of the o/p hydrolase fold enzymes: ignoring the first two strands, it is —
1, +3, -1x, +2x, (+1x)3, +1x, which differs from the o/f hydrolase fold only in the
connection of the first two strands (Winkler et al., 1990). The pancreatic lipase (PLP)
family includes the human (Egloff et al., 1995) and other mammalian PLPs; however,
the catalytic triad residues are organised differently than in the canonical o/f
hydrolase fold. The active site Ser and His are in the expected places, but the acid
residue follows B6, not seven. Also, the PLP family members have a large C-terminal
domain.

The serine carboxypeptidase (SCP) family includes serine carboxypeptidases
from, for example, wheat (wSCP; Bullock et al., 1996), the yeast kex1 protein and
human protective protein. Two additional strands are present between oE and B8.
They are also examples of distant relatives as members of this family, such as
carboxypeptidase A (CBPA; Rees ef al., 1983), show some similarity to enzymes of
the o/B hydrolase fold. The topology of the mixed sheet in CBPA is +1, +2, +1x, +2x,
+2, +1x, -2, so the topology of the first five strands is the same as the o/} hydrolase
fold enzymes, but the strands in its sheet all tend to be much shorter. Nevertheless,
certain features of the active site of CBPA are similar to the o/f hydrolase fold. The
metal ion is bound by residues located on loops at the C-termini of strands three and
five; equivalent loops in the o/ hydrolase fold form the oxyanion pocket and hold
the nucleophile.

The structure of BSBES (Wei er al., 1999), which hydrolyses a macrocyclic
fungal toxin, is distantly related by sequence to the important human hormone-
sensitive lipase (hHSL), which performs the rate-limiting step of hydrolysing fat

stored in adipocytes. The fold of BsBES (and by inference the unsolved structure of
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hHSL) is closest to that of the HAL family. The catalytic triad of BsBES is Ser202-
His338-Asp308, and so led to the identity of the catalytic triad of hHSL as Ser423-
His733-Asp703 (Heikinheimo et al., 1999).

Other enzymes have even greater differences in topology to the canonical o/f3
hydrolase fold, and classifying these has thus been harder still. One such enzyme is
FsCUT, the structure of which has been determined (Longhi et al., 1997), whose
function is closely related to that of lipases and so should have evolved from the large
esterase (LES) family. FsCUT, however, lacks B1, B2, B8 and oFE of the canonical
fold. Also, the catalytic His is located in a loop-like structure that replaces the omitted
oE and B8 and that is followed by a bent and distorted oF. FsCUT does, though, have
some o/P hydrolase fold features: the nucleophile elbow on strand B5, the inverted
geometry of attack as compared to the serine proteases, and the correct core topology.
FsCUT had previously been grouped with flavodoxin (Murzin ef al., 1995) which
also has a three-layered o/P/a fold with strand order 21345. However, as there is no
mechanistic relationship between FsCUT and flavodoxin, the cutinases have been
grouped together as the CUT family, which contains the smallest members of the o/f3
hydrolase fold (Heikinheimo er al., 1999).

Sequence comparisons can be used to identify additional hydrolase domain
proteins whose structures have not yet been determined. A search of sequence
databases revealed sequence similarity between HAL and two C-C hydrolases, 2-
hydroxymuconic semialdehyde hydrolase (XylF; Nordland and Shingler, 1990) and
2-hydroxy-6-oxo0-6-phenyl-hexa-2,4-dienoate hydrolase (BphD; Kimbara er al.,
1989), that are involved in catabolic degradation pathways of aromatic compounds
(cf. chapter 1.5.). These three enzymes are most similar over the first half of the o/
hydrolase fold (strands B2 to 6). Thus, though these two proteins may have had o/f
hydrolase folds after strand seven, it was not proven until their structures were solved
and they were shown to be proteins of the o/f hydrolase fold superfamily (Horn er
al., 1991; Mitsui et al., 1997).

1.8.2.4. Summary

There seem to be four requirements to distinguish o/f hydrolase fold proteins

from others:
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(1) the sequence order of the catalytic triad is nucleophile-acid-histidine, with
the nucleophile on canonical strand B5;

(ii) there is a nucleophile elbow at the top of canonical strand (5, with a
sequence pattern that is often G-X-Nuc-X-G;

(iii)  the structure starts at strand B3 and is at least five strands long including
the cross-over connection at the nucleophile (strands 43567; figure 6b);
and,

(iv)  a long loop at the end of strand B7 allows the side-chains of the triad
residues to hydrogen bond.

Of the last three features, at least two are present in all o/f} hydrolase fold
enzymes (Heikinheimo et al., 1999).

A distinguishing feature of the o/p hydrolase fold is its ability to be modified
while retaining catalytic function. Attached to this hydrolytic domain are different
substrate-binding loops with sizes that vary from simple tums to 80-residue
insertions. However, these loops are integrated into the single-domain structure,
rather than added on as complete domains.

Among the five classes of o/p hydrolases that include lipases (Figure 6),
many different kinds of changes are seen: the fold of bacterial lipases starts at strand
B3; Candida Antarctica lipase (CaFLP3) starts at strand 32; LES family lipases have
the complete canonical fold; and the PLPs contain eight B-strands with an additional
strand before the separate C-terminal domain. This is consistent with the idea that the
minimal fold (and possibly the evolutionary ancestor) started from strand B3
(Heikinheimo et al., 1999), but not with the idea that the o/f hydrolase fold is a two-
domain protein (Cygler and Doctor, 1993).

Unlike most superfamilies, where the size of the fold varies over a rather
narrow range, the fold of this family ranges widely (from 197 to 583 residues).

It seems clear that the o/B hydrolase fold enzymes have diverged from a
common ancestor and that they have evolved to preserve the positions of key catalytic
components. They share a similarity in their central catalytic domains, have similar
core topology, a conserved sequence order for catalytic triad residues, and conserved
loops for the catalytic triad and oxyanion hole. Their three-dimensional structure
similarity is also remarkable given the lack of sequence similarity between many of

the proteins.

40



There is no global similarity between the o/p hydrolase fold enzymes and the
other enzymes that have catalytic triads: the serine proteases, subtilisins and the
cysteine proteases. Thus, there are now four different examples of the catalytic triad
which are related by convergent, not divergent, evolution possibly reflecting how
central hydrolysis is to biochemical pathways, and how few solutions are possible, at
the level of individual amino acid side-chain chemistry, to the problem of hydrolysing

esters and amides (Ollis et al., 1992).

1.9. Serine proteases

Proteolytic enzymes dependent on a serine residue for catalytic activity are
widespread and very numerous. Serine proteases are found in viruses, bacteria, and
eukaryotes, and they include exopeptidases, endopeptidases, oligopeptidases, and

omega peptidases (Table 2).

Table 2
A Selection of Serine Proteases
Enzyme Source Function
Trypsin Pancreas Digestion of proteins
Chymotrypsin Pancreas Digestion of proteins
Elastase Pancreas Digestion of proteins
Thrombin Vertebrate serum Blood clotting
Plasmin Vertebrate serum Dissolution of blood clots
Kallikrein Blood and tissues Control of blood flow
Complement C1 Serum Cell lysis in the immune response
Acrosomal protease Sperm acrosome Penetration of ovum
Lysosomal protease Animal cells Cell protein turnover
Cocoonase Moth larvae Dissolution of cocoon after metamorphosis
a-lytic protease Bacillus sorangium Possibly digestion
Proteases A and B Streptomyces griseus Possibly digestion
Subtilisin Bacillus subtilis Possibly digestion

Source: Stroud (1974).

The serine proteases are the most thoroughly understood family of enzymes as
a result of their extensive examination over a 40-year period by kinetic, chemical, and
physical techniques (Voet and Voet, 1995).

Interest in this family has been maintained in part by an increasing recognition
of their involvement in a host of physiological processes. In addition to the biological

role played by digestive enzymes such as trypsin, serine proteases also function

41



broadly as regulators through the proteolytic activation of precursor proteins
(Neurath, 1984; Van de Ven er al., 1993). An example of this regulation being the
processing of trypsinogen by enteropeptidase to produce active trypsin (Huker and
Bode, 1978). Another reason for the continued interest in serine proteases has been
their emergence as one of the major paradigms for the understanding of enzymic rate

enhancements and of structure-activity relationships (Perona and Craik, 1995).

1.9.1. Families of serine proteases

Over 20 families of serine proteases have been recognised, and most of these
can be grouped together into about six clans (Table 3), based on three-dimensional

studies and some less direct evidence (Rawlings and Barrett, 1994).

Table 3
Clans and Families of Serine Proteases”
Clan Family Representative enzyme Known catalytic residues
SA S1 Chymotrypsin e H-----D --S
“ 52 o-Lytic endopeptidase H---D S
“ S3 Sindbis virus core endopeptidase =~ - H---D S
“ S5 Lysyl endopeptidase ~ «-eme- H------ D S
“ S6 IgA-specific serine endopeptidase S
“ S30 Tobacco etch virus 35kDa H-D---S
endopeptidase
“ S7 Yellow fever virus NS3 endopeptidase ~ ---HD--S
¢ 529 Hepatitis C virus NS3 endopeptidase S
“ 531 Cattle diarrhea virus p80 endopeptidase S -
* $32 Equine arteritis virus putative
endopeptidase
SB S8 Subtilisin -==-D----H Semmenn
SC S9 Prolyl oligopeptidase --S---DH
“ S10 Carboxypeptidase C S D----H
“ 528 Lysosomal Pro-X carboxypeptidase
B S15 Lactococcus X-Pro-peptidase — D

“The arrangement of catalytic residues in the representative enzymes is illustrated diagrammatically by
use of lines of normalised length to depict the polypeptide chains, although in reality the chains vary
considerably in length.

In the early 1990’s it was thought that all of the known serine protease
enzymes fell into one of two distinct structural classes: the chymotrypsin-like and
subtilisin-like clans (Matthews, 1977). However, the crystal structure of wheat serine

carboxypeptidase II (Liao and Remington, 1990; Liao er al., 1992) revealed the
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conservation of the essential features of the catalytic apparatus within a third distinct
protein fold. This homodimeric protein possesses the o/f hydrolase fold found also in
a number of other enzymes that share hydrolytic activity as their only common
feature (cf. chapter 1.8.; Ollis et al., 1992). The structure for Escherichia D-Ala-D-
Ala peptidase has shown that this clan is also unrelated to the other three with known
structures.

The three serine protease clans, SA, SB, and SC, are distinguished by the
absence of any conserved secondary and tertiary motifs, but in each case, the catalytic
serine, histidine, and aspartate residues maintain an identical geometric orientation
(Figure 8). To a lesser extent, adjacent groups that stabilise the transition state are
also similarly arranged (Wright et al., 1969; Robertus et al., 1972; Liao et al., 1992).
Thus, it appears that nature has arrived at the same biochemical mechanism by
separate avenues: the chymotrypsin, subtilisin, and serine carboxypeptidase clans of
serine proteases are a classic example of convergent enzyme evolution (Matthews et
al., 1977; Liao et al., 1992). The resemblance of serine carboxypeptidase to other
members of the o/f hydrolase fold family also indicates the operation of divergent

evolution within this structural framework (Ollis et al., 1992).

Figure 8: Diversity of structural motifs in which the common catalytic apparatus of

serine protease is embedded. Shown are ribbon diagrams of chymotrypsin, subtilisin

BPN’, and wheat serine carboxypeptidase (left to right).

However, the catalytic mechanisms of clans SE (Escherichia D-Ala-D-Ala
peptidase A) and SF (repressor LexA) are already known to be very different, and

there is little doubt that some of the other families of serine proteases also will prove
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to have distinctive mechanisms of action, without the ‘classic’ Ser-His-Asp triad
(Rawlings and Barrett, 1994).

The arrangements of the catalytic residues in the linear sequences of members
of the various families commonly reflect their relationships at the clan level (Table 2).

The presence of several glycine residues in the vicinity of the catalytic serine
residue, to form the motif Gly-X-Ser-X-Gly, led to the expectation that this would be
found in all serine proteases (Brenner, 1988). However, although most families do
show conserved glycine residues near the essential serine, this is not generally the
case for all serine proteases (Table 4), and the exact positions are variable (Rawlings

and Barrett, 1994).

Clan Family

SA S1 --G-SG----
S2 --G-SG----
S3 --G-SG----
S5 --G-SG----
S6 --G-5G----
S30 --G-SG----
S7 --G-SG----
S29 --G-SGG---
S31 --G-SG----

SB S8 --G-S -----

SC 59 --G-5-GG--
S10 --G-S--G--
S15 --G-S-- G--

Table 4: Glycine residues totally conserved in the vicinity of the catalytic serine

residues in members of various families of serine proteases. The codes for clans and

families are as in Table 3.

1.9.1. 1. Chymotrypsin clan (SA)

In the chymotrypsin clan of serine proteases, comprising some ten families of
endopeptidases, the three-dimensional structures of chymotrypsin (S1), o-lytic
endopeptidase (S2), Sindbis virus core endopeptidase (S3), and Achromobacter lysyl
endopeptidase (S5), are known to be similar. The order of catalytic residues in the

polypeptide chain in clan SA is His-Asp-Ser.
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The members of the chymotrypsin family (EC 3.4.21) are almost entirely
confined to animals and are inherently secreted proteins, either directly (eg.
proenzymes of coagulation factors in the liver) or packaged in vesicles for regulated
secretion (eg. chymotrypsin in the pancreas). They may also be retained in leucocyte
granules (eg. elastase, chymase, or granzymes in polymorphonuclear leucocytes, mast
cells, or cytotoxic lymphocytes, respectively).

There are about 200 complete amino acid sequences known, more than for
any other known family of serine protease. Most are monomers, but granzyme A is a
disulfide-bonded homodimer and tryptase a homotetramer (Rawlings and Barrett,
1994).

The essential catalytic unit of these proteases is a polypeptide chain of about
220 amino acid residues. However, many members of the family have N-terminal
extensions, with the catalytic unit almost invariably forming the C-terminal domain
(Rawlings and Barrett, 1994).

Proteolytic cleavage at the N-terminus of the catalytic domain of a proenzyme
in the chymotrypsin family forms a new N-terminal amino acid residue with a
hydrophobic side-chain. The new terminal o-amino group forms a salt bridge with
Asp194, which leads to the assembly of the functional catalytic site (Huber and Bode,
1978). The N-terminal residue is commonly Ile, but may be Leu, Val or Met, and the
salivary plasminogen activator from the vampire bat contains Ser in this position
(Kratzschmar, 1991).

The fact that members of family S1 occur in both eukaryotes and prokaryotes
has been the subject of considerable debate. The Actinomycete trypsins have
sequences too similar to eukaryotic trypsins to be consistent with divergence 3500
million years ago, which is when the common ancestor of prokaryotes and eukaryotes
is generally thought to have lived. Instead, it is thought that 1300 million years ago, at
the time that mitochondria were introduced into eukaryotes, a horizontal gene transfer

occurred from the protomitochondrion to the eukaryote host (Young er al., 1978).

1.9.1.2. Subtilisin clan (SB)

The subtilisin family (S8) is the second largest family of serine proteases so

far identified; and is extremely widespread, members having been found in
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eubacteria, archaebacteria, eukaryotes, and viruses. The majority of these enzymes
are endopeptidases (Rawlings and Barrett, 1994).

Crystallographic structures have been determined for several members of the
family, and these show a catalytic triad composed of the same residues as in proteases
of the chymotrypsin clan. However, these occur in a different order in the sequence
(Asp-His-Ser), and the three-dimensional structures of these molecules bear no
resemblance to that of chymotrypsin, so that it is clear that subtilisin and
chymotrypsin are not evolutionarily related.

A distinct subfamily, termed the kexin subfamily, comprises proprotein-
processing endopeptidases kexin, furin, and related enzymes, from yeast and animals,
that preferentially cleave C-terminally to paired basic amino acids. The members of
this subfamily can be identified by the subtly different motifs around the active site
residues. The kexin subfamily have Asp in place of Ser or Thr in position 139, Arg in
place of His in position 172, and Ala in place of Met in position 324 (Brenner et al.,
1994; Nakayama, 1994, Seidah & Chretien, 1994).

In subtilisins, the oxyanion hole is formed by the active site Ser and Asn262
{Brenner et al., 1994).

Some members of the subtilisin family have a requirement for thiol activation,
such as endopeptidases R, T, and K from the yeast Tritirachium as well as members
of the kexin subfamily. This thiol dependence is attributable to Cys173 near the
active-site histidine (Jany et al., 1986). However, all but one of the bacterial
subtilisins has no Cys residues whatsoever.

The sole viral member of family S8 is a 56-kDa protease from the herpes virus
1 that infects the channel catfish (Davison, 1992). Herpes viruses are related to
baculoviruses, both of which groups encode proteins homologous to mammalian
endopeptidases.

The subtilisin family contains some mosaic proteins. The secreted
endopeptidase from Vibrio alginolyticus (Deane et al., 1989) and Xanthomonas
campestris contains homologous C-terminal domains similar to some found in
metalloproteases (Rawlings and Barrett, 1994).

Family S8 contains several enzymes with N- or C-terminal extensions that
show no relationship to other proteins. The kexin subfamily includes endopeptidases

with a variety of C-terminal extensions (Seidah & Chretien, 1994).
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1.9.1.3. Carboxypeptidase clan (SC)

Tertiary structures available for enzymes of the carboxypeptidase C family
(S10) are of the o/f hydrolase fold type (Ollis et al., 1992), also seen for a wide
variety of other enzymes including acetylcholinesterase, lipases and Xanthomonas
haloalkane dehalogenase. The sequence of Neisseria prolyl aminopeptidase (family
S33) shows it to be homologous to the haloalkane dehalogenase, so it has been
assumed that families S10 and S33 have similar tertiary folds and linear arrangements
of catalytic residues (Ser-Asp-His) and form a clan (Rawlings and Barrett, 1994).

The distinctive Ser-Asp-His arrangement of catalytic residues is also found in
family S9 (prolyl oligopeptidase), which raises the possibility that family S9 is also a
member of clan SC (Polgar, 1992).

The proteases of family S9 differ biologically from those of families S10 in
that the homologues of prolyl oligopeptidase are either cytosolic or integral
membrane proteins, whereas the carboxypeptidases are secreted or lysosomal
enzymes.

The active site Ser, Asp, and His residues have been identified in family S9
(David et al., 1993), and in all known members of the family these residues are within
about 130 residues of the C-terminus. The N-terminal parts of these molecules are
more or less variable, with the membrane-bound members of this family containing
membrane-spanning domains near the N-terminus.

The carboxypeptidase C family (EC 3.4.16) includes carboxypeptidases that
are unusual among serine-dependent enzymes in that they are maximally active at
acidic pH. The family appears to be restricted to eukaryotes, with enzymes known
from protozoa, fungi, plants, and animals (Rawlings and Barrett, 1994). The fungal
and plant enzymes can be divided into variants of carboxypeptidase C (EC 3.4.16.5),
with a preference for a hydrophobic amino acid, and those of carboxypeptidase D (EC
3.4.16.6), which releases a C-terminal arginine or lysine (Remington & Breddam,
1994).

In all the proteases, the residue preceding the catalytic Ser is a Glu residue
that is believed to be responsible for the acidic pH optimum of the enzymes
(Remington & Breddam, 1994). The differences in substrate specificity between

carboxypeptidase C and D have been attributed to two residues that are Glu in
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carboxypeptidase D but are both hydrophobic in character (Phe, Leu, or Met) in
carboxypeptidase C (Remington & Breddam, 1994).

The crystal structures of several members of family S10 have been determined
(Remington & Breddam, 1994), with the fold of these proteins bearing no relation to
those of chymotrypsin, subtilisin, or D-Ala-D-Ala proteases. However, the tertiary
structures of serine carboxypeptidases do strongly suggest a distant relationship to a
variety of non-protease enzymes.

The non-protease enzymes that show no amino acid sequence similarity to
carboxypeptidase C, but are thought to be distant relatives because of their similar
tertiary  structures, include cholinesterases, haloalkane dehalogenases, and
dienelactone hydrolases in the o/f hydrolase fold superfamily (cf. chapter 1.8; Ollis
et al., 1992; Cygler et al., 1993).

Prolyl aminopeptidase (family S33) is a 35kDa protease from Nisseria
gonorrhoea that selectively hydrolyses N-terminal Pro residues (Albertson and
Koomey, 1993). The amino acid sequence shows no relationship to that known for
any other protease, but is homologous to those of Pseudomonas 2-hydroxymuconic
semialdehyde hydrolase (XylF), Xanthobacter haloalkane dehalogenase (XaHAL),
and human and rat epoxide hydrolases (EHYs) (Rawlings and Barrett, 1994). These
enzymes, in turn, are known to be structurally related to acetylcholinesterase and
carboxypeptidase C (family S8) (Ollis er al., 1992). Most of the o/f hydrolase fold
enzymes have Ser at the active site, and prolyl aminopeptidase also has Ser at this

position.

1.9.2. Catalytic mechanism of the serine proteases

The vast majority of early studies on the serine proteases focused on the

elucidation of the chemical and kinetic mechanisms of catalysis.

1.9.2.1. Ester hydrolysis as a kinetic model

The chemical mechanisms of ester and amide hydrolysis are almost identical;

thus, it was not surprising when it was found that chymotrypsin can act as an esterase
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as well as a protease. In fact, the study of chymotrypsin’s esterase activity has led to
important insights concerning this enzymes catalytic mechanism.

Kinetic measurements of the chymotrypsin-catalysed hydrolysis of p-
nitrophenylacetate (Hartley et al., 1954) indicated that the reaction occurs in two
phases:

(i) the ‘burst phase’, in which the highly coloured p-nitrophenylate anion is
rapidly formed in amounts stoichiometric with the quantity of enzyme
present;

(ii) the ‘steady state phase’, in which p-nitrophenylate is generated at a

reduced but constant rate that is independent of substrate concentration.

These observations have been interpreted in terms of a two-stage reaction
sequence in which the enzyme (1) rapidly reacts with the p-nitrophenylacetate to
release the p-nitrophenylate anion forming a covalent acyl-enzyme intermediate that

(2) is slowly hydrolysed to release acetate (Figure 9).

0O 0] O
l fast I slow Il
H,c——0 NO, ~ HyC—C—Enzyme —>—C H,C——0
+

HO  Hf

- +
O NO,
Enzyme Enzyme

Figure 9: Chymotrypsin-catalysed hvdrolysis of p-nitrophenylacetate

Chymotrypsin-catalysed amide hydrolysis has been shown to follow a
reaction pathway similar to that of ester hydrolysis but with the first step of the
reaction, enzyme acylation, being rate determining rather than the deacylation step

(Voet and Voet, 1995).

1.9.2.2. ldentification of the catalytic residues

Chymotrypsins catalytically important groups have been identified by

chemical labelling studies.
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The presence of an active site serine residue in serine proteases was
discovered by their reaction with diisopropylphosphofluoridate (DIPF), which
irreversibly inactivates the enzyme (Figure 10). Other Ser residues, including those
on the same protein, do not react with DIPF. DIPF reacts only with Ser195 of

chymotrypsin, thereby demonstrating that this residue is catalytically important.

CIJH(CH3)2 CIDH(CH3)2
0 0

(Active Ser)—CH,OH + F—IT’:O ——  (Active Ser)—CH;-O—“lIDZO + HF
0 0

CH(CH,), CH(CH,),

Figure 10: Reaction of chymotrypsin with diisopropyiphosphofluoridate (DIPF)

The use of DIPF as an enzyme inactivating agent came about through the
discovery that organophosphorus compounds are potent nerve toxins. The
neurotoxicity of DIPF arises from its ability to inactivate acetylcholinesterase, a
serine esterase that catalyses the hydrolysis of acetylcholine, a neurotransmitter.

A second catalytically important residue was discovered through affinity
labelling, when a substrate analogue bearing a reactive group specifically binds at the
enzymes active site, where it reacts to form a stable covalent bond with a nearby
susceptible group. In the case of chymotrypsin, a phenylalanine analogue, tosyl-L-
phenylalaninechloromethylketone  (TPCK),  specifically  binds, and the
chlorophenylketone group, a strong alkylating agent, reacts only with His57, thereby

inactivating the enzyme (Figure 11).

Chymotrypsin
Chymotrypsin
l CH,

C, _H HCI N
~ O CH 0
NY .~ 012 4 /N
/ ¥ CI—CH;—C—CH—NH—$ CH, N
N I )
\/ 0] (]:Hz
6=0
R

Figure 11: The reaction of TPCK with His57 of chymotrypsin
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The TPCK reaction is inhibited by PB-phenylpropionate, a competitive
inhibitor of chymotrypsin that presumably competes with TPCK for its enzymatic
binding site. Moreover, the TPCK reaction does not occur in 8M urea, a denaturing
agent, or with DIP-chymotrypsin, in which the active site is blocked. These
observations established that His57 is also an essential active site residue of

chymotrypsin.

1.9.2.3. The catalytic mechanism

Hydrolysis of ester and amide bonds proceeds by an identical acyl transfer
mechanism in all enzymes of the subtilisin and chymotrypsin families (Figure 12).
Michaelis complex formation is followed by attack on the carbonyl carbon atom of
the scissile bond by the eponymous serine of the catalytic triad, which is enhanced in
nucleophilicity by the presence of an adjacent histidine functioning as a general base
catalyst. Proton donation by the histidine to the newly formed alcohol or amine group
then results in dissociation of the first product and concomitant formation of a
covalent acyl-enzyme complex. The deacylation reaction occurs via the same
mechanistic steps, with the attacking nucleophile provided by a water molecule that
approaches from the just-vacated leaving group side. Each step proceeds through a
tetrahedral intermediate, which resembles the high-energy transition state for both

reactions.

51



H,C
2 \C\- H\N AN leS/ N
—
0 \::_-.N ,_\ o O \'*‘N\3 /CH2
/R — H O R
H—0O R'\r:\[ (‘) y
R' R / Nl
\ / H 0]
Substrate N—C
polypeptide Vi i\
H Ko . .
Tetrahedral intermediate
Michaelis complex
N2 < oz, P
H (‘3 /O ? Ser | y 0 CH, Ser
~ —
2 C ANV L\ \1?5/ H,0 ch\c\_ LNPEN QQF/
O — .
N CH, ‘_‘%— o) \=pn. CH,
N ) s O
H R - : R
\O,\ L RINH, New N-terminusof R\ |/
s C\\"‘ cleaved polypeptide /N C\\
H 0 chain H o
1 Acyl-enzyme intermediate
57 57
N2, o N2, A
S
H clz 9 ’ Ser HC £ ’ 105
2YN AT — H 195 2N — H
C\ N \{/ C\ N
O EN:) /CH2 D — (@] \::.N /CH2
H"\? R H—O
. y
/O—C\’" New C-terminus + /R
H o~ of cleaved polypeptide .
chain /O A
H (@]

Tetrahedral intermediate .
Active enzyme

Figure 12: Mechanism of serine proteases

This mechanism is capable of accelerating the rate of peptide bond hydrolysis

by a factor of more than 10° relative to the uncatalysed reaction (Kahne and Still,

1988).



A third member of the catalytic machinery is the conserved aspartate residue,
which aids the formation of the imidazolium ion by the polarising effect of its
unsolvated carboxylate ion which is hydrogen bonded to the histidine.

Extensive structural evidence obtained from X-ray crystallographic and NMR
investigations has provided conclusive corroboration of the essential features of this
mechanism (Steitz and Shulman, 1982). The investigations have been favoured by the
availability of good ground-state and transition-state substrate analogues, which have
been used to obtain high-resolution images of these interactions. The scissile bond of
the substrate is bound directly adjacent to the Ser-His catalytic couple in all
complexes studied. A strong hydrogen bond between these two amino acids,
necessary to subsequent proton transfer, is formed only after substrate is bound
(Perona and Craik, 1994). A binding site for the oxyanion of the intermediate is
formed by the Gly193 and Ser195 backbone amide nitrogens in the chymotrypsin-like
enzymes, by one amide nitrogen and the Asnl55 side chain in the subtilisin family,
and by the backbone amides of Tyr147 and Gly53 in the serine carboxypeptidases
(Liao et al., 1992).

Mutational analysis of both subtilisin and trypsin has confirmed the essential
roles of Ser195 and His57 in providing rate acceleration (Carter and Wells, 1987,
1988; Corey and Craik, 1992). Studies have also shown that enzyme variants
providing an alternative general base were ineffective, further underscoring the
importance of the native catalytic triad geometry (Corey and Craik, 1992). The
mutational data are in agreement with early chemical modification experiments,
which also indicated that Ser195 and His 57 play crucial roles in catalysis (cf. chapter
1.9.2.2.; Dixon et al., 1956; Shaw et al., 1965).

Considerable controversy originally surrounded the role of the conserved
buried aspartate residue, first described in the crystal structure of chymotrypsin (Blow
et al., 1969). Mutation of this residue confirmed its essential role, because all variants
of trypsin and subtilisin in which the aspartate is absent are decreased in catalytic
efficiency by at least a factor of 10* (Corey and Craik, 1992).

The early suggestion that the Asp-polarised His57 side-chain directly abstracts
a proton from the Ser195, thereby converting it’s weakly nucleophilic ~CH,OH group
to a highly nucleophilic alkoxide ion ~CH,0", is largely unsupported by the bulk of
the experimental (Bachovchin and Roberts, 1978; Markley, 1979; Kossiakoff and

Spencer, 1981) as well as theoretical (Warshel er al., 1989) evidence. In this two
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proton transfer model, the anionic charge of Asp102 was thought to be transferred,
via a tautomeric shift of His57, to Ser195. The catalytic triad was therefore originally

named the ‘charge relay system” (Figure 13).

Asp Asp His
102 102 57
N7 & o .
O — HC =0 N -
\OV;H-";‘/\\-—N
\H._v./__: /s

Figure 13: The “charge relay system”.

Instead, one role of the conserved Asp appears to be stabilisation of the
tautomer and rotamer of the catalytic His (Craik et al., 1987). In addition, because the
His imidazole ring acquires a proton in the transition state, the Asp carboxylate can
provide compensation for the developing positive charge. This role is similar to that
of the hydrogen bond donor groups in the oxyanion hole, which compensate the
developing negative charge on the substrate carboxyl oxygen atom (Warshel er al.,
1989).

Comparative analysis of the structures of chymotrypsin, subtilisin, and serine
carboxypeptidase shows that the precise geometric orientation of the Asp is not
conserved relative to the Ser-His catalytic dyad (Liao et al., 1992). It appears that the
Asp can occupy virtually any position relative to the Ser-His dyad (Perona and Craik,
1994). Therefore, it may be more accurate to regard the operation of the serine
protease catalytic machinery as two dyads — Ser/His and His/Asp — that operate in

concert, rather than as a single catalytic triad (Liao ef al., 1992).

1.10. Carbon-carbon bond hydrolases

Hydrolases catalyse the hydrolysis of various bonds, such as carbon-carbon
(C-C), carbon-oxygen (ester) and carbon-nitrogen (amide) bonds. Some have very
wide specificity, while others will only hydrolyse one specific substrate. There are
very few hydrolases known that act solely on C-C bonds; and these mostly catalyse

the hydrolysis of 3-oxo-carboxylic acids (or B-ketoacids; hence, they are also known
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as B-ketolases). There are a number of enzymes reported to fall into this category, but
at present only ten have been classified by the International Union of Biochemistry

and Molecular Biology IUBMB), as shown in Box 1 (Webb, 1992).

Box 1
C-C bond EC
Substrate hydrolase aumber
o} O
Ho\n)k/U\OH Oxaloacetase 3.7.11
O
(0] O O
HOW/\/U\/U\/U\ OH Fumarylacetoacetase 3.7.1.2
[¢]
0 NH,
OH
g Kynureninase 3.7.1.3
NH,
HO o o
Phioretin
hydrolase 3.7.1.4
O o}
T 0 Acetopyruvate hydrolase
yruv. Yy
R/U\/tkn/ OH (Acylpyruvate hydrolase) 3.7.1.5(6)
0]
0 0 o} O
/U\/U\/U\/U\ B-diketone hydrolase 3.71.7
Q 0 2,6-dioxo-6-phenylhexa-3-
OH  enoate hydrolase
R/u\‘/\/u\ﬂ/ (2-hydroxymuconate- 3.7.1.8(9)
o] semialdehyde hydrolase)
9 o
| Cyclohexane-1,3-dione
M hydrolase 3.7.1.10

These enzymes hydrolyse C-C bonds in pathways that metabolise the

aromatic compounds biphenyl, phloretin, phenylalanine, tyrosine, tryptophan and
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toluene. Carbon-carbon bond hydrolases also act on oxaloacetate and related
acylpyruvates in microbial metabolism (Lenz er al., 1976).

B-ketolases hydrolyse carbon-carbon bonds of 1,3-dioxo compounds. These
enzymes are frequently encountered in intermediary metabolism and also hydrolyse
1,5-dioxovinylogous analogues (Pokorny et al, 1997). They are very common
enzymes in microbial metabolism and in the liver, where they were first described in
the hydrolysis of 2,4-dioxoalkanoates and acetoacetone (Meister and Greenstein,
1948).

Natural products derived from the various polyketide and chorismate enzymic
routes of biosynthesis may represent the most diverse group of natural compounds in
terms of their chemical structure and biological function (Pokorny et al., 1997).
Catabolic reaction sequences, found mostly in microorganisms, use enzymes to
reverse these biosynthetic processes by hydrolysis as an essential part of the carbon
cycle (cf. chapter 1.2).

The provision of 1,3-dioxo compounds (and their vinylogous 1,5-dioxo and 3-
amino-1-oxo analogues) by enzymes (Box 1) is an essential feature for easy C-C
bond cleavage, and is readily achieved by decarboxylases, aldolases and some
transferases (Abeles er al., 1992; Stryer, 1994).

B-ketolases are involved in diverse reaction pathways; for instance, they can
cleave branched-chain B-diketones, as in the thymol catabolic pathway of
Pseudomonas putida (Chamberlain and Dagley, 1968). However, when y-diketones
(1,4-diketones) are formed, as in camphor metabolism by Pseudomonas and
Mpycobacteria, then Baeyer-Villiger lactone forming enzymes are responsible for the
C-C bond cleavage. Thus, metabolic pathways that yield 1,4-diketones do not include

C-C bond hydrolysis reactions (Pokorny et al., 1997).

1.10.1. Reactions of carbon-carbon bond hydrolases

Oxaloacetase (EC 3.7.1.1) from Aspergillus niger catalyses the hydrolysis of

oxaloacetate to oxalic acid and acetic acid (Hayaishi et al.,1956):
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Chymotrypsin (EC 3.4.21.1), although a serine protease (cf. chapter 1.9), will
also catalyse the hydrolysis of a carbon-carbon bond in ethyl 5-(p-hydroxyphenyl)-3-
ketovalerate to give 3-(p-hydroxyphenyl)propionate and ethyl acetate (Doherty,
1955). In an analogous manner, trypsin (EC 3.4.21.4) cleaves ethyl 5-(p-
aminophenyl)-3-ketovalerate (Roget and Calvet, 1962), illustrating that reactions
catalysed by C-C bond hydrolases are in some respects similar to the hydrolysis of an
ester (Hsiang et al., 1972).

L-kynurenine hydrolase (EC 3.7.1.3) catalyses the formation of anthranilate

and alanine from L-kynurenine (Longenecka and Snell, 1955):

O NH, 0

OH Kynureninase OH

NH
OH

5 +
NH, NH, 0

In a bacterial system, the pathway for the degradation of gentisic acid includes
the enzyme fumarylpyruvate hydrolase, an example of an acylpyruvate hydrolase (EC
3.7.1.6), which hydrolyses fumarylpyruvic acid to fumarate and pyruvate (Lack,

1961):

Fumarylpyruvate o 0

hydrolase OH
HO
Ho\ﬂ/\)j\/u\n/OH NOH +

O O 0O O

The metabolic pathway for the degradation of tyrosine and phenylalanine, in
mammalian systems, utilises the enzyme fumarylacetoacetate fumarylhydrolase (EC
3.7.1.2) to hydrolyse fumarylacetoacetate to fumaric acid and acetoacetic acid

(Ravdin and Crandall, 1951):
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This 2,4-diketo acid hydrolase has been shown to be identical to a B-ketolase isolated
from rat liver (Meister and Greenstein, 1948) and purified to homogeneity (Brock and
Williamson, 1968), as well as a protein partially purified from beef liver that
hydrolyses triacetic acid to acetoacetic acid and acetic acid (Connors and Stotz, 1949;
Hsiang et al., 1972).

Loss of the fumarylacetoacetate hydrolase (FAH) activity required for
phenylalanine and tyrosine degradation is lethal to humans (Lindblad et al., 1977
Tanguay et al., 1996). Several compounds that accumulate upstream of FAH are toxic
alkylating agents (Jorquera and Tanguay, 1997) that can induce apoptosis (Endo and
Matsuda, 1997). Thus, FAH deficiency causes the fatal metabolic disease hereditary
tyrosinemia type I (HT1), an autosomal recessive disorder that leads to liver failure,
liver cirrhosis, liver cancer, renal tubular damage and neurological crises (Lindblad et
al., 1977; Tanguay et al., 1996).

The reaction catalysed by the diketo acid hydrolase (FAH) is similar to the
hydrolysis of an ester, an idea reinforced by the ability of chymotrypsin to catalyse
the hydrolysis of a C-C bond (Doherty, 1955). As many esterases contain either a
catalytically essential thiol group (cysteine proteases) or serine residue (serine
proteases) in their active sites, a study of sulfhydryl-specific and serine-specific
inhibitors on FAH was conducted (Hsiang er al, 1972). Thiol-specific inhibitors,
such as hydroxymercuribenzoate, were shown to inhibit the enzyme, with the
exception of iodoacetate; whereas, serine-specific inhibitors, such as DIPF and
phenylmethylsulfonyl fluoride (PMSF), had no inhibitory effect whatsoever. Thus, a
serine esterase type activity for FAH seemed unlikely, and the presence of an active-
site cysteine more likely (Nagainis er al., 1981). However, the crystal structure of
FAH has recently been determined using the multiwavelength anomalous diffraction
(MAD) method (Timm et al, 1999). The FAH structure was resolved at 1.9A

resolution and the active site was shown to contain no cysteine residues.
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FAH represents the first structure of a hydrolase that acts specifically on C-C
bonds and also defines a new class of metalloenzymes characterised by a unique o/f
fold. Therefore, FAH is structurally distinct from other C-C bond hydrolases, such as
2-hydroxymuconic semialdehyde hydrolase (XylF; EC 3.7.1.9) and 2,6-dioxo-6-
phenylhexa-3-enaote (BphD; EC 3.7.1.8), known to be members of the o/ hydrolase
fold family (Nandhagopal et al., 1997; Diaz and Timmis, 1995).

Crystal structures of FAH and FAH complexed with its physiological
products, fumarate and acetoacetate, have been determined (Timm et al., 1999). The
FAH structure consists of a 120-residue N-terminal domain of unknown function and
a 300-residue C-terminal domain defined by a novel B-sandwich roll structure that
forms an active site in close proximity to the dimer interface (topology shown in

Figure 14).

<
<
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<

Figure 14: A topology diagram of the novel FAH B-strand arrangement. 3 strands are

numbered according to their sequential occurrence in the polypeptide chain. Sheets A,

B and C are respectively coloured in purple, green and red. o helices are represented

by blue rectangles.
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The FAH active site occurs in a solvent-filled cavity that is complementary in
shape and charge to the fumarylacetoacetate substrate (Timm et al., 1999). The base
of the active site is formed by a metal ion coordinated by four side-chain carboxyl
groups at the edge of the B-roll, whereas the sides are formed by helices and turns
located above the B-roll. The product acetoacetate binds to FAH by providing two
oxygen ligands to a Ca®* ion present in the metal ion binding site. Fumarate binding
involves an Arg and two Tyr side-chains near the entrance to the active site. These
structural observations, along with the finding that a D233V substitution causes HT1
(St. Louis and Tanguay, 1997), led to a proposed mechanism involving active site
His133 (as part of a Gluw/His dyad) as a general base catalyst in the direct activation of
a nucleophilic water molecule (Timm er al., 1999).

The side-chains of Arg237, GIn240, and Lys253 are proposed to stabilise the
formation of a tetrahedral alkoxy transition state intermediate, and the metal ion is
proposed to function in binding substrate and stabilising an acetoacetate carbanion
leaving group. The formation of a carbanion intermediate also accompanies the C-C
bond hydrolysis catalysed by kynureninase during tryptophan degradation (Bild and
Morris, 1984).

Studies on FAH with  the  phosphinoyl compound  4-
(hydroxmethylphosphinoyl)-3-oxo-butanoic acid (HMPOBA), an FAH inhibitor,
demonstrate the potential for this class of molecule to effectively inhibit a hydrolase
that acts on C-C bonds (Bateman et al., 2001). Phosphorus-containing compounds
have previously been characterised as noncovalent inhibitors and transition state
analogues of other hydrolases, including aspartyl- and metalloproteases (Phillips et
al., 1992; Fraser et al., 1992). The FAH:HMPOBA complex shares many features
with the proposed mechanism of FAH (Timm et al, 1999), with the HMPOBA
acetoacetyl group interacting directly with Ca®* present in the catalytic metal binding
site, and the tetrahedral phosphinoyl group occupying the position predicted for the
alkoxy intermediate (Bateman er al., 2001).

Despite the FAH structure being clearly different from the o/p hydrolase fold
canonical structure, FAH does share features in common with the Ser-His-Asp
catalytic triad (Timm ef al., 1999). The distances and angles made between the
proposed FAH nucleophilic water, the His133 imidazole N atoms and the Glu364

carboxyl O atoms are very similar to those of the serine protease catalytic triad.
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1.10.2. Uses of carbon-carbon bond hydrolases in organic synthesis

Since the mid-1980s the synthesis of homochiral substances by enzymatic
transformations has become very important and more widespread (Tramper et al.,
1985). This field of study has been dominated by hydrolytic enzymes, including
lipases, esterases, amidases, glucosidases and nucleases, to give enantiomerically
pure compounds not easily obtainable by conventional organic synthesis. This is due
to enzymes regio- and stereoselectivities which are useful for kinetic resolutions and
asymmetric synthesis (Porter and Clark, 1985). Hydrolases have now become
essential reagents for many specific carbon-heteroatom bond fissions and fusions in
chemistry, and are very widely available as they are produced by all free-living
organisms. Thus, many of the carbon-heteroatom hydrolases are available
commercially and under appropriate reaction conditions, such as low water activity,
can catalyse synthetic and transfer reactions.

In contrast to carbon-heteroatom bond cleavage, C-C bond hydrolytic
cleavage (analogous to a retro-Claisen condensation with carboxylate anions) is
considered a relatively rare enzymatic reaction type, and has been little studied
(Pokomy et al., 1997).

In mode of action, B-ketolases may not differ much from the carbon-
heteroatom hydrolases (Box 2). The methylene carbon situated between two adjacent
carbonyls assumes the equivalent of a carbanion structure, and this resembles the
oxygen and nitrogen in esters, anhydrides and amides by providing an electron pair

for the formation of the methyl ketone and carboxylate products:

O @) 0 O

R1M R2 R1/U\OH R2

B-ketolases are not available commercially, and therefore, unlike carbon-

heteroatom hydrolases, have not been used in organic synthesis despite their
potential. Nevertheless, the B-ketolase group of enzymes, and their vinylogous
counterparts, are possibly as widespread as other hydrolases, and could conceivably

be useful for the production of polyketides (Pokorny et al., 1997).
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Box 2
Substrate type Products Enzymes (generic)
0 Q + R Proteases
. —R2 /U\ - Peptidases
R ' H R OH  H,N Amidases
O 0
H R2 /U\ + R2
ar” to” R OH HO™
0 0
: 2 R2 Lipases
A Ps " R’/U\OH T Esterases
o) 0 o] 0
. M PG
R + 0 R2 R OH HO R2
R3 R4 R3 R4
J\:\ /k /L + J\ Glycosidases
R'O” 0O Rz R'0 OH HO R2
) OH
: o R2 R2 Epoxide
Rt Rt hydrolases
OH
O O O 0
/U\‘\/U\ ‘/[k + /U\ B-Ketolases
R! '- R2 R OH R2

Natural products are an important class of compounds derived from
polyketide biosynthetic pathways. These biosynthetic reactions, catalysed by
synthetases using thioester substrates, are driven towards synthesis by concomitant

decarboxylation of the donor malonyl thioester and its addition to the growing [-

ketide chain:

o) o O o) 0O

+ /U\/U\ —_— /U\/U\ + CoASH + CO,
HO SCoA R SCoA

R SCoA
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The variety of products formed is dependent on chain elongation with aceto-units,
similar in principle to the C-C bond formation in fatty acid biosynthesis (Pokorny et
al., 1997).

The specificities of the enzymes involved allow stereospecific modifications
of the growing B-oxochain. The incorporation of branched chains, by using
alternative thioester precursors, at precise positions in the extension process, gives
stereochemically discrete asymmetric centres. Reductases then provide secondary
alcohols. Aromatase enzymes and other cyclases catalyse the formation of ring
structures from these aliphatic polyketides, leading to many compounds of biological
and pharmaceutical interest, such as antibiotics, feed additives and anticancer agents

(McDaniel er al., 1995), as shown in Figure 15.

Averme ctins
(st pparasitic)

Me ,  Rapeomycin :
{imumunosuppressant) {ant Rurnour)

Figure 15: Polvketide derived metabolites (Simpson, 1995).
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CHAPTER 2

METHODS AND MATERIALS

2.1, Crystallographic methods

2.1.1. Brief introduction to Crystallography

X-ray crystallography is an experimental technique in which a detailed picture
of a molecule can be obtained by the interpretation of the diffraction of X-rays from
many identical molecules in an ordered array, like a crystal. Many thousands of
protein and nucleic-acid structures have been obtained by this method.

Visible light cannot produce an image of individual atoms in protein
molecules, in which bonded atoms are about 1.5A apart, whereas X-rays are of the
correct wavelength and so are diffracted by even the smallest molecules. X-ray
analysis of proteins seldom resolves the hydrogen atoms; however, their positions can
be deduced based on the assumption that bond lengths, bond angles, and
conformational angles are like those in small organic molecules (Rhodes, 2000).

Although individual atoms do diffract X-rays, it is not possible to produce a
focused image of a molecule as, firstly, X-rays cannot be focused by lenses, and
secondly, a single molecule is a very weak scatterer of X-rays. The first problem is
overcome by measuring the directions and intensities of the diffracted X-rays, and
then using a computer to simulate an image-reconstructing lens. The second problem
is met by analysing diffraction from crystals, rather than individual molecules, as
most X-rays will pass through a single molecule without being diffracted producing
diffracted beams too weak to detect. A crystal of a protein contains many ordered
molecules in identical orientations, so each molecule diffracts identically, and the
diffracted beams augment each other to produce strong, detectable X-ray beams.

Therefore, the use of X-ray crystallography to determine a protein’s structure
involves the growing of high-quality crystals of the purified protein, measuring the
directions and intensities of X-ray beams diffracted from the crystals, and using a
computer to simulate the effects of an objective lens and thus produce an image of the

crystal contents. Finally, that image must be interpreted by the building of a
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molecular model, using computer graphics, that is consistent with the image (Figure

16).
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Figure 16: An overview of protein structure determination by X-ray crystallograph

(Source: Louie, 1996).

2.1.2. Crystals and unit cells

Crystals are an orderly three-dimensional array of molecules, held together by
non-covalent interactions. The smallest and simplest volume element that is
completely representative of a whole crystal is the unit cell. The whole crystal,

therefore, is an efficiently packed array of many unit cells stacked beside and on top
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of one another. Figure 17a shows such a crystalline array of molecules. The array of
points at the corners of unit cells is called the lattice. From crystallography, we obtain
an image of the electron clouds that surround the molecules in the average unit cell in
the crystal. This image should then allow the location of all atoms in the unit cell,
these atoms then being given a set of three-dimensional Cartesian coordinates, x, y,
and z. One of the vertices (a lattice point or any other convenient point) is used as the
origin of the unit cell’s coordinate system and is assigned the coordinates x=0, y=0,

and z=0, usually written (0,0,0). See Figure 17b.
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Figure 17: a) Six unit cells in a crystalline lattice. Each unit cell contains two

molecules of alanine (hydrogen atoms not shown) in different orientations; b) One

unit cell from 17a. The position of an atom in the unit cell can be specified by a set of

spatial coordinates x, y, z (Rhodes, 2000).

2.1.3. Practically producing crystals

Protein crystals are generally grown by slow, controlled precipitation from
aqueous solution under conditions that do not denature the protein. One commonly
used technique is vapour diffusion, in which the protein/precipitant solution is
allowed to equilibrate in a closed container with a larger aqueous reservoir whose
precipitant concentration is optimal for producing crystals (Blundell & Johnson,
1976). 1t is generally impossible to grow protein crystals as large as 1mm in their
shortest dimension. In addition, larger crystals tend to be twinned, where two or more
crystals have grown into each other at different orientations, and therefore unusable.
A crystal of at least 0.2mm in the shortest dimension is normally required for
successful crystallography. Protein crystals are usually harvested, examined, and
mounted for crystallography within their mother liquor, the solution in which they

formed (Rhodes, 2000).
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The derivative crystals needed for phase determination and for studying
protein-ligand interactions can be obtained by two methods — co-crystallising protein
and ligand, or soaking preformed crystals in mother liquor solutions containing
ligand.

Many variables influence the formation of macromolecular crystals, such as
protein purity, pH, and temperature, as well as more subtle ones like vibration and

sound, convection, source and age of the protein, and the presence of ligands.

2.1.4. Lattices: Real and Reciprocal Space

A diffraction pattern consists of reflections (spots) in an orderly array (Figure
18). There is a simple inverse relationship between the spacing of unit cells in the
crystalline lattice, called the real lattice, and the spacing of reflections in a diffraction
pattern, which because of its inverse relationship to the real lattice, is called the
reciprocal lattice. Because the real lattice spacing is inversely proportional to the
spacing of the reflections, then the unit cell dimensions, in Angstroms, can be
calculated from the spacings of the reciprocal lattice. This is the basic relationship
which connects the submicroscopic dimensions of the crystal to the macroscopic

dimensions of the diffraction pattern (Rhodes, 2000).
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Figure 18: Diffraction pattern from a crystal of the MoFe (molybdenum-iron) protein

of the enzyme nitrogenase from Clostridium pasteurianum. The reflections lie in a

regular pattern, but their intensities (darkness of spots) are highly variable (Rhodes,

2000).

Each reflection can be assigned three coordinates or indices in the imaginary
three-dimensional space of the diffraction pattern, called reciprocal space. The
position of an individual reflection in the reciprocal space of the diffraction pattern is
designated by the symbols %, k, and I. The central reflection is taken as the origin in
reciprocal space and assigned the coordinates (4, &, [) = (0, O, 0), usually written ikl =
000. The other reflections are assigned whole-number coordinates counted from this
origin. Thus, the parameters which can be measured and analysed from an X-ray
diffraction pattern are the position 4kl and the intensity 7, of each reflection. The
position of a reflection is related to the angle by which the diffracted beam diverges
from the source beam. For a unit cell of known dimensions, the angle of divergence
uniquely specifies the indices of a reflection.

The dimensions of a unit cell are designated by six numbers: the lengths of
three unique edges a, b, and ¢; and three unique angles a, 8, and y (Figure 19a). There

are seven different types of cells, depending on the relationship between their unique
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cell edges and their unique angles, such as triclinic, orthorhombic and monoclinic. If
the unit cell contents are symmetrical, then the reciprocal lattice is also symmetrical
and certain sets of reflections are equivalent. Therefore, awareness of unit cell
symmetry can greatly reduce the magnitude of data collection, as only one member of
each set of equivalent reflections needs to be measured. The symmetry of a unit cell is
described by its space group, which is represented by a symbol, such as P2,2,2, in
which a capital letter indicates the lattice type and other symbols represent symmetry

operations that can be carried out on the unit cell without changing its appearance.
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Figure 19: (a) General (triclinic) unit cell, with edges a, b, ¢ and angles o (b)) P

(primitive lattice), I (body-centred or internal lattice), and F (face-centred lattice) unit

cells (Rhodes, 2000).

There are exactly 230 possible space groups. There are three lattice types: primitive
lattices containing a lattice point at each corner of the unit cell; body-centred lattices,
with an additional lattice point in the centre of the cell; and face-centred lattices, with
additional lattice points on the centre of each face (Figure 19b). An example of a
symmetry operation is rotation of an object about an axis, with the axis itself
becoming a symmetry element. Protein molecules are inherently asymmetric, being
composed of chiral amino acid residues coiled into larger chiral structures such as

helices or twisted sheets. If one protein molecule occupies a unit cell, then the cell
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itself is chiral, and there are no symmetry elements. However, in most cases, the unit
cell contains several identical molecules or complexes in an arrangement that
produces symmetry elements. In the unit cell, the largest aggregate of molecules that
possesses no symmetry elements, but can be juxtaposed on other identical entities by
symmetry operations, is called the asymmetric unit. In the simplest case, the
asymmetric unit is a single protein molecule. The simplest symmetry operations
needed to describe unit cell symmetry are translation, rotation, and reflection.
Combinations of these operations can produce more complex elements, such as screw
axes which are rotations and translations combined. Certain symmetry elements in the
unit cell announce themselves in the diffraction pattern by causing specific reflections
to be missing (intensity of zero). These patterns of missing reflections are called
systematic absences, and they allow the determination of the space group of a crystal
by looking at a few crucial planes of reflections (Rhodes, 2000).

Summarising briefly, in crystallography there are two different coordinate
systems. The first system is the unit cell (real space), where an atom’s position is
described by its coordinates x, y, and z. A vertex of the unit cell, or any other
convenient position, is taken as the origin, with coordinates x, y, z = (0, 0, 0).
Coordinates in real space designate real spatial positions within the unit cell and are
given in Angstroms or nanometers, or in fractions of unit cell dimensions. The second
system is the three-dimensional diffraction pattern (reciprocal space), where a
reflection’s position is described by its indices Akl. The central reflection is taken as
the origin with the index 000. The position of a reflection is designated by counting
reflections from 000, so the indices %, k, and [ are integers. Distances in reciprocal
space, measured in reciprocal ;\Angstroms or reciprocal nanometers, are used to judge

the potential resolution that the diffraction data can yield.

2.1.5. The Mathematics: Finding electron density from reflected waves

Each reflection is produced by a beam of electromagnetic radiation, so the
lens-simulating computer programs have to treat the reflections as waves and
recombine them to produce an image of the molecules in the unit cell. As the
reflections result from the complicated diffraction of molecules in the unit cell then
the resulting wave will be complicated also. Waves can be described by three

constants - the amplitude F, the frequency A, and the phase a. Even the most
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complicated waves can be described with this same simplicity using a sum called a
Fourier series, where each simple sine or cosine function in the sum is called a
Fourier term. A method called Fourier synthesis is used to compute the sine and
cosine terms that describe a complex wave (Rhodes, 2000).

Each diffracted X-ray that produces a recorded reflection can also be
described as the sum of the contributions of all scatterers in the unit cell. The sum that
describes a diffracted ray is called a structure-factor equation. The computed sum for
the reflection hkl is called the structure factor Fpy. The structure-factor equation
implies that each reflection is the result of diffractive contributions from all atoms in
the unit cell. That is, every atom in the unit cell contributes to every reflection in the
diffraction pattern. The structure factor is a wave created by the superposition of
many individual waves, each resulting from diffraction by an individual atom
(Rhodes, 2000).

When a crystal is exposed to an X-ray beam the actual diffractors of the X-
rays are the clouds of electrons in the molecules of the crystal. Diffraction therefore
reveals the distribution of electrons, or the electron density, of the molecules, which
in turn reflects the molecules shape. Because protein molecules are ordered, and
because in a crystal they are in an ordered array, the electron density in a crystal can
be described by a periodic function. The surface features and overall shape of all
molecules in the unit cell, as described by the electron density, is therefore a three-
dimensional periodic function. This function can be shortened to p (x, y, z), which
specifies a value p for electron density at every position x, y, z in the unit cell. An
electron-density map is a graph of this function, which is basically a drawing of a
surface along which there is constant electron density (a contour map). This map is
therefore a basic image of the molecules in the unit cell, and the goal of

crystallography (Figure 20).

71



Figure 20: (a) Small section of molecular image (electron density map) displayed on

computer graphics terminal; (b) Image (a) is interpreted by building a molecular

model within the image. Computer graphics programs allow parts of the model to be

added and their conformations adjusted to fit the image (Rhodes, 2000).

A mathematical operation called the Fourier transform is used to solve the
structure-factor equations for the desired function p (x, y, z). The Fourier transform
describes precisely the mathematical relationship between an object and its diffraction
pattern. Alternatively it could be said that the Fourier transform is the lens-simulating
operation that a computer performs to produce an image of molecules (or more
precisely, of electron clouds) in the crystal. This view of p (x, y, z) as the Fourier
transform of the structure factors implies that the measurement of just three
parameters - amplitude, frequency, and phase - of each reflection will give the
function p (x, y, z) and hence enable the production of electron-density maps (Rhodes,
2000).

A structure factor describes one diffracted X-ray, which produces one

reflection received at the detector. A structure factor Fj can be written as a Fourier
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series in which each term gives the contribution of one atom to the reflection 2kl The
phase of a wave is implicit in the exponential formulation of a structure factor and
depends only upon the atomic coordinates of the atom. All atoms on a set of
equivalent, parallel lattice planes diffract in phase with each other. Each diffracted ray
is a complicated wave, the sum of diffractive contributions from all atoms in the unit
cell. For a unit cell containing » atoms, the structure factor Fy is the sum of all the
atomic fuy values for individual atoms. Thus, the structure factor for Fyy can be

written as follows:

"
. 2mi(hx;+ky +iz ;)
Ezkl - ije 1)
j=1

In words, the structure factor that describes reflection hkl is a Fourier series in
which each term is the contribution of one atom, treated as a simple sphere of electron
density. So the contribution of each atom j to Fj;; depends on what element it is,
which determines f;, the amplitude of the contribution, and its position in the unit cell
(%, i, z;), which establishes the phase of its contribution.

Alternatively, Fpy can be written as the sum of contributions from each
volume element of electron density in the unit cell. The electron density of a volume
element centred at (x, y, z) is, roughly, the average value of p(x, y, z) in that region.

This can be written:

Fiu = J'p('xa Vs Z)ezm(hx+ky+12)dv @)

where the integral over V, the unit cell volume, is shorthand for the integral over all
values of x, y, and z in the unit cell. Basically, Fy, is the Fourier transform of p(x,y,z),
or more precisely, Fyy is the transform of p(x,y,7) on the set of real-lattice planes
(hkl). All of the Fyus together compose the transform of p(x,y,z) on all sets of
equivalent, parallel planes throughout the unit cell. Importantly, because the Fourier
transform operation is reversible, the electron density is in turn the transform of the

structure factors, as follows:
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where V is the volume of the unit cell. Since Fjy, is a periodic function, it possesses
amplitude, frequency, and phase. It is a diffracted X-ray, so its frequency is that of the
X-ray source. The amplitude of Fy,y is proportional to the square root of the reflection
intensity Jny, so structure amplitudes are directly obtainable from measured reflection
intensities. But the phase of Fj, is not directly obtainable from a single measurement
of the reflection intensity. In order to compute p(x,y,z) from the structure factors the
phase of each diffracted ray must be obtained, as well as the intensity of each
reflection. This is the so-called phase problem, and the phases can be obtained,

normally, by using one of three crystallographic techniques.

2.1.6. Solving the Phase Problem

The most demanding element of macromolecular crystallography is the phase
problem, which is that of determining the phase angle for each reflection. There are a
number of common methods for overcoming this obstacle, including isomorphous
replacement (the heavy atom method), anomalous scattering (also called anomalous
dispersion), and molecular replacement. Each of these techniques yields estimates of
phases, which must be improved before an interpretable electron density map is

obtained.

2.1.6.1. Isomorphous Replacement

Each atom in the unit cell contributes to every reflection in the diffraction
pattern. A specific atom contributes to some reflections strongly and to some weakly
or not at all. If one or a very small number of atoms are added to identical sites in all
unit cells then it would be expected to see changes in the diffraction pattern, as a
result of the additional contribution of the added atom. The slight perturbation in the
diffraction pattern caused by an added atom can be used to obtain initial estimates of
phases (Rhodes, 2000). In order for these perturbations to be large enough to

measure, the added atom must be a strong diffractor, which means it must be an
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element of high atomic number, a heavy atom such as mercury or gold (Hendrickson
& Ogata, 1997). Heavy atom derivatives are prepared most commonliy by soaking
crystals of the protein in solutions of heavy ions, for instance ions or ionic complexes
of Hg, Pt, or Au. In many cases, such ions bind to one or few specific sites on the
protein without perturbing its conformation or crystal packing. Unit cell dimensions
are quite sensitive to such disturbances, so heavy atom derivatives whose unit cell
dimensions are the same as native crystals are probably isomorphous (hence
isomorphous replacement). To be useful heavy atom derivatives must cause
measurable changes in a modest number of reflection intensities, as this is the means
by which the phase estimates are made. Also, the derivative crystal must diffract to a
reasonably high resolution, although not as high as that needed for the native data.
Because derivatives must be isomorphous with native crystals, the strategy is the

same as that for collecting native data (Rhodes, 2000).

2.1.6.2. Anomalous Dispersion

A second means of obtaining phases from heavy atom derivatives takes
advantage of the heavy atom’s capacity to absorb X-rays of specified wavelength. As
a result of this absorption symmetry related reflections are not equal in intensity and
this inequality is called anomalous scattering or anomalous dispersion (Rhodes,
2000). An element exhibits anomalous scattering when the X-ray wavelength is near
the elements absorption edge. Absorption edges for the light atoms in the unit cell are
not near the wavelength of X-rays used in crystallography, so carbon, nitrogen, and
oxygen do not contribute appreciably to anomalous scattering. However, absorption
edges of heavy atoms are in this range, and if X-rays of varying wavelength are
available, such as at synchrotrons, then X-ray data can be collected under conditions
that maximise anomalous scattering by the heavy atom. When the X-ray wavelength
is near the heavy atom absorption edge, a fraction of the radiation is absorbed by the
heavy atom and re-emitted with altered phase. These differences can be used to
establish the phase of a reflection in the heavy atom derivative data, thus establishing
the phase of the corresponding reflection in the native data. Three developments -
variable-wavelength synchrotron X-rays, cryocrystallography, and the production of
proteins containing selenomethionine instead of the normal sulphur-containing

methionine - have allowed rapid progress in maximising the information obtainable
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from anomalous dispersion (Ogata, 1998). Proteins lacking functional heavy atoms,
such as iron in a globin, can be expressed in E. coli containing exclusively
selenomethionine. The selenium atoms then serve as heavy atoms. Data sets at
different wavelengths, taken at the heavy atoms absorption maximum, the edge, and
at wavelengths distant from the maximum, from a single crystal can contain sufficient
phasing information to solve a structure. This method is called multiwavelength

anomalous dispersion, or MAD, phasing (Walsh et. al., 1999).

2.1.6.3. Molecular Replacement

The phases from structure factors of a known protein can sometimes be used
as initial estimates of phases for a new protein. If this is the case, then it may be
possible to determine the structure of the new protein from a single native data set. In
this method, known as molecular replacement, the known protein is the phasing
model and the initial phases are calculated by placing a model of the known protein in
the same unit cell as the new protein (Rhodes, 2000). For instance, if a new protein
shares significant sequence homology with a known protein then this suggests that
it’s structure may be similar. Therefore, the known protein might be used as the
phasing model for the new protein. Also, having once learnt the structure of a protein
it then becomes possible to study protein/ligand complexes of this molecule by using
the ligand-free protein as a phasing model for the protein-ligand complex. That is, of
course, if the protein/ligand complex is similar in structure to the free protein. If the
new crystals and those of the model are isomorphous, the model phases can be used
directly as estimates of the desired phases. If not, then the known protein must be
superimposed onto the new protein to create the best phasing model. By
superimposing the search model with the target protein in its unit cell, the phases
from the correctly orientated and positioned model can be calculated, and used as
initial estimates for the target protein. The method involves determining the position
and orientation of the search model in the unit cell with respect to the target protein
(Figure 21).

If X represents the matrix of position vectors of the search model and X’ the

matrix of position vectors of the target, the transformation between them can be

described by:
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X’ =[C]X +¢ ()

where [C] is a matrix that rotates co-ordinates X into the new orientation and t is a
vector defining the translation. The rotation matrix consists of three parameters
usually defined as Eulerian angles o, B and vy, while the translation vector (t) is
defined by three translational parameters (ty, ty, t,).

It is possible to search for all six parameters at the same time but this is time-
consuming even for the fastest computers. A solution was found by splitting the six
parameter search into two parts, using Patterson map comparisons to find the best
orientation of the model protein, the rotation function, and then again to find the best

position of the model protein, the translation function (Rossman & Blow, 1962).
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Figure 21: Diagram illustrating the molecular replacement method by superimposing

the known structure (X) on the target structure (X°) in its unit cell. The transformation

of X to X’ is described by X' =[C]X+t where [C] is a rotation matrix that rotates co-

ordinates X into a new orientation and t is the translation vector defining the position.

The success of the procedure depends on determining 3 orientational parameters

(rotation function) and 3 translational parameters (translation function). (Mohammed

2001)

2.1.7. Patterson-based Molecular Replacement

Traditional molecular replacement methods are based on the Patterson

function, as this can be computed without phase information. The Patterson-based
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method is useful as it can be used to make the six-dimensional problem into two
three-dimensional problems, thus making the solution easier and quicker to obtain.
The orientation (three parameters) is determined first, followed by the translation
(also three parameters).

The Patterson map is a vector map, with peaks at the positions of vectors
between atoms in the unit cell. The vectors in a Patterson map can be divided into two
categories. Intramolecular vectors, from one atom in the molecule to another atom in
the same molecule, depend only on the orientation of the molecule, and not on its
position in the cell, so these can be exploited in the rotation function. Intermolecular
vectors depend both on the orientation of the molecule and on its position so, once the

orientation is known, these can be exploited in the translation function (Read, 2000).

2.1.7.1. Rotation function

The Patterson function does not depend on any choice of origin in the
molecule. The origin of the Patterson function is the point where vectors of zero
length are found. It is this feature that allows it to be used to search for a rotation,
independently of any translations that may have occurred. On average, the
intramolecular vectors will be shorter than the intermolecular vectors, so the rotation
function can be computed using only the part of the Patterson map near the origin.

The rotation function is commonly defined as a product function. When the
model Patterson is rotated and superimposed on the observed Pat<ns1:XMLFault xmlns:ns1="http://cxf.apache.org/bindings/xformat"><ns1:faultstring xmlns:ns1="http://cxf.apache.org/bindings/xformat">java.lang.OutOfMemoryError: Java heap space</ns1:faultstring></ns1:XMLFault>